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Introduction

1 Introduction

Neuroscience is defined as ’'the scientific study of the nervous system and the brain’
(Cambridge Dictionary?'). This term highlights the neuron as the pivotal element for brain
function, but the knowledge about the importance of other cell types is continuously
increasing. These other cell types comprise endothelial cells forming the blood brain
barrier and glial cells that are involved in a plethora of important brain functions. Glia cells
in the central nervous system (CNS) can be divided into microglia as the main immune
cell in the CNS, oligodendrocytes that wrap around axons in order to form myelin sheets,
NG2-cells as an oligodendrocyte precursor and astrocytes (Jakel and Dimou, 2017). From
being considered as merely ‘Nervenkitt’ (‘nerve glue’) in the 19™ century (Virchow, 1859),
astrocytes emerged to be active contributors to brain function (Sofroniew and Vinters,
2010). A common model structure in neurophysiology to examine such functions is the

hippocampus.

1.1 The hippocampus

The hippocampus is one of the most extensively studied brain regions since it is involved
in many physiological and pathophysiological conditions. The human hippocampus is
located in the temporal lobe and comprises a highly organized and layered structure
(Figure 1). Since this structure is largely conserved between human and rodents, it is
commonly used as a model structure to study hippocampus-dependent brain functions
(Andersen et al., 2007).

As summarized in ‘The Hippocampus Book’ by Per Anderson et al. (2007), the
hippocampus is subdivided into three Cornu Ammonis (CA) regions, CA1-3. This
denomination originates from the shape of the hippocampus that resembles not only the
seahorse (‘Hippocampus’, Latin) but also the coiled ram's horn of the Egyptian deity Amun
(‘Cornu Ammonis’). The hippocampus and the adjacent brain regions of the dentate gyrus
(DG), the subiculum and the entorhinal cortex (EC) form the hippocampal formation.
These regions are interconnected by a mainly unidirectional neuronal pathway. This
trisynaptic circuit comprises neuronal input from the EC to granule cells in the DG, which
then project their axons (‘mossy fibers’) to the pyramidal cells in the CA3 region. The CA3
pyramidal cells are interconnected but also send their axons (‘Schaffer collaterals’, SC) to
CA1 pyramidal neurons that, in turn, project back to the EC. In addition, the CA3 and CAl
pyramidal neurons also receive direct input from the EC. The hippocampal CA sub

regions are organized in different layers.

hitps://dictionary.cambridge.org/dictionary/english/neuroscience (5.6.2020)
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The most prominent layer comprises the cell bodies of the excitatory pyramidal neurons
predominantly and is called stratum (str.) pyramidale. The basal and apical dendrites of
the pyramidal neurons can be found in the adjacent str. oriens and radiatum, respectively.
The str. radiatum contains interconnections between CA3 neurons and connections
between CA3 and CA1 neurons (‘Schaffer collaterals’). Most of the corresponding CA3/1
synapses are formed on the apical dendrites of the pyramidal neurons in the str. radiatum,
but some can also be found on the basal dendrites. The apical pyramidal neuron
dendrites extend towards str. lacunosum moleculare where afferents from the EC and
other brain regions terminate (Andersen et al., 2007; Deng et al., 2010; Ishizuka et al.,
1995). While the cell body of excitatory pyramidal neurons are tightly packed in the str.
pyramidale, several types of inhibitory interneurons can be found throughout the different
layers (Freund and Buzsaki, 1996). Astrocytes are also numerously found throughout the
hippocampus, but their density can differ between the layers (Ogata and Kosaka, 2002).

Str. radiatum

Str. lacunosum- £
molecule /’/\/'37,/;‘

Figure 1 Morphology and cytoarchitecture of the hippocampus. A) An early drawing of the hippocampus
from Santiago Ramén y Cajal from 1911 already showed the main components of the hippocampal
morphology (Andersen et al., 2007). B) Neuronal circuitry in the hippocampus. Granule cells (red) in the
dentate gyrus (DG) project their axons (‘Mossy fibers’, MV) to the dendrites of pyramidal neurons in the CA3
region (blue), which send their axons (‘Schaffer collaterals’, SC) via the str. radiatum to the dendrites of the
CA1 pyramidal neurons (purple). CA1 pyramidal neurons then project their axons to the entorhinal cortex.
Adapted from Deng et al., 2010. C) Drawing of a CA1 pyramidal neuron depicting the location of its cell body
and dendrites in respect to the layered structure of the CA1 region. The neurons receive synaptic input mainly
on its dendrites that extend from the soma located in the str. pyramidale into the str. oriens (basal dendrites)
and the str. radiatum/lacunosum moleculare (apical dendrites). Scale bar, 100 pm. Adapted from Ishizuka et
al, 1995.
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1.2 Synaptic transmission and neuronal excitability

Neuronal activation largely depends on changes of the neuronal membrane potential that
is set by the intra- and extracellular ion concentrations and their respective membrane
conductance. During resting conditions, the neuronal membrane is predominantly
permeable for K* ions via open K channels. Consequently, the negative resting
membrane potential is mainly determined by the equilibrium potential for K*. Changes of
the membrane conductance of particular ions by, for instance, activation of
neurotransmitter receptors during synaptic transmission can evoke ion fluxes across the
membrane, an altered membrane potential and potentially neuronal activation.

Synaptic transmission consists of the activation of a presynaptic terminal, the release of
neurotransmitters and the subsequent activation of the postsynaptic terminal. Presynaptic
terminals respond to a depolarization by opening of voltage-gated Ca?" channels and
subsequent release of neurotransmitters into the synaptic cleft. An example of an
excitatory neurotransmitter is glutamate, which can bind to ionotropic glutamate receptors,
such as a-amino-3-hydroxy-5-methyl-4-isoxazolepropionic acid receptors (AMPARs) and
N-methyl-D-aspartate receptors (NMDARS) on the postsynaptic terminals. This can result
in an opening of these receptors, the influx of cations (excitatory postsynaptic current,
EPSC) and, subsequently, in a depolarization of the postsynaptic neurons (excitatory
postsynaptic potential, EPSP) (Kandel et al., 2013). In contrast to glutamate, the release
of the inhibitory neurotransmitter y-aminobutyric acid (GABA) by interneurons activates
ionotropic GABAA receptors (GABAARS), causes an influx of negatively charged CI" ions
(inhibitory postsynaptic current, IPSC) and hyperpolarizes the postsynaptic membrane
potential (Kandel et al., 2013; Pelkey et al., 2017). Taken together, the integration of
excitatory and inhibitory synaptic inputs can change the neuronal membrane potential.
When the membrane potential depolarizes and reaches the opening-threshold for voltage-
gated Na® channels, Na* ions enter the neurons and lead to action potential firing.
Subsequently, voltage-gated K* channels open that lead to an efflux of K* ions and a
repolarization of the membrane potential. Consequently, the extracellular K* concentration
increases. Since an elevated extracellular K* concentration renders the K* equilibrium
potential less negative (see also chapter 1.4.1), extracellular K* has to be efficiently
cleared. Otherwise, the repolarization of the neuronal membrane potential would be less
efficient and promote prolonged membrane depolarization. In turn, an excitatory synaptic
input that previously evoked a sub-threshold depolarization can reach the opening-
threshold for voltage-gated Na* channels and, in turn, lead to neuronal activation (Kandel
et al., 2013). In addition to extracellular K*, also excessive extracellular glutamate
accumulations can increase neuronal excitability by the increased activation of glutamate

receptors. When glutamate is present at the synapses at higher concentrations and/or for
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longer periods, the postsynaptic depolarization is larger and the neuronal activation is
more likely. Both extracellular K* and glutamate levels are controlled by astrocytes via

diverse mechanism in order to limit neuronal hyperexcitability.

1.3 Astrocytes and their network

Astrocytes can be categorized into protoplasmic and fibrous astrocytes. This was already
described by the Spanish neuroscientist Santiago Ramon y Cajal in 1909 (Ramén y Cajal,
1909). Fibrous astrocytes are found in the white matter and exhibit several long fiber-like
processes, whereas protoplasmic astrocytes in the grey matter show several major
branches with numerous fine processes. Protoplasmic astrocytes exhibit relatively small
somata, several main branches that extensively ramify into fine and fuzzy processes.
(Ramoén y Cajal, 1909; Sofroniew and Vinters, 2010). These processes are in close
contact with synapses (Ventura and Harris, 1999; Witcher et al., 2007). Each astrocyte
occupies an individual territory with only a limited overlap at their boundaries to the
adjacent astrocytes. (Figure 2A) (Bushong et al., 2002; Halassa et al., 2007a; Ogata and
Kosaka, 2002).

Figure 2 Morphology and organization of astrocytes in the hippocampus. A) Two adjacent astrocytes

were visualized by dye-injections (green, Alexa Fluor 488; red, Alexa Fluor 594) and show the typical
spongiform morphology in non-overlapping territories. The arrows indicate main astrocytic branches that
further ramify into fine processes and protrusions. Scale bar, 15 um. Taken from Bushong et al. (2002). B)
Electron microscopy of the hippocampus reveals astrocyte protrusions (blue), presynaptic terminals (green)
and postsynaptic densities (red) in close vicinity to each other, but only a subset of synapses (arrows) is
directly contacted by an astrocyte, as indicated by the arrowheads. Scale bar, 1 um. Taken from Ventura and
Harris (1999).
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The shape of these territories is not uniform throughout the CNS but can vary between
different brain regions. For instance, astrocytes in the CA1l str. radiatum of the
hippocampus exhibit elongated territories along pyramidal cell dendrites, whereas
astrocytes in the CA1 str. lacunosum moleculare show no such polar orientation (Anders
et al., 2014; Nixdorf-Bergweiler et al., 1994; Wallraff et al., 2006). The area occupied by
astrocytes in the CA1l str. radiatum is gradually increasing during development but
reaches levels between ~2000-3500 um?in adult rodents. This corresponds to a maximal
spatial extent of roughly 50-100 um (Nixdorf-Bergweiler et al., 1994; Ogata and Kosaka,
2002).

Astrocytes form large networks via gap junction channels (Figure 3) that allow intercellular
trafficking of ions, metabolites and water with a cut-off selectivity of 1-1.2 kDa. These
channels are formed by two hemichannels (‘connexons’) on adjacent astrocytes that are
composed of six transmembrane proteins (‘connexins’, Cxs) (Giaume et al., 2010; Nagy
and Dermietzel, 2000). The expression profile of Cx isoforms changes during
development, but Cx30 and 43 were found to represent the main astrocytic connexins in
adulthood (Dahl et al., 1996; Dermietzel et al., 1989; Nagy and Dermietzel, 2000). The
first indication for this extensive coupling was reported by Kuffler and colleagues for the
optic nerve of amphibians by simultaneous electrophysiological recordings in two adjacent
glial cells. In this study, a current injection into one cell produced a membrane
depolarization in the adjacent cell indicating electrical coupling (Kuffler et al., 1966). Since
then, the knowledge about the astrocyte network has been continuously increasing.
Nowadays, a commonly used technique to investigate the astrocyte network is its
visualization with fluorescent dyes. This techniqgue employs a fluorescent dye (< 1-1.2
kDa) injected into a single astrocyte, the dye diffusion through the gap junction channels
and the subsequent labeling of coupled cells (Anders et al., 2014). In addition to the gap
junction channels that couple adjacent astrocytes, also reflexive (or autocellular) gap
junctions are found, i.e. gap junctions channel between processes of the same astrocyte
(Genoud et al., 2015; Giaume et al., 2010). The importance of the astrocyte gap junction
coupling for several brain functions became increasingly clear during the last decades
(Giaume et al., 2010; Pannasch and Rouach, 2013). For instance, astrocytes were shown
to supply neurons with metabolites from the blood stream via their gap junction coupled
network and thus sustain the neuron’s activity (Rouach et al., 2008). Moreover, there is
abundant evidence to support the important role of the astrocyte network for shaping
synaptic transmission. Genetic deletion of Cx30 and 43 specifically from astrocytes was
shown to facilitate synaptic transmission and plasticity (Pannasch et al.,, 2011) and
modulate neuronal network activity (Chever et al., 2016; Pannasch et al., 2012). However,

the mechanism underlying these effects and the specific role of the different connexins
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are difficult to identify. In contrast to the facilitated transmission in hippocampal slices with
Cx30 and 43-deficient astrocytes (Pannasch et al., 2011), synaptic transmission was
attenuated and neuronal glutamate release was decreased when only Cx43 was absent in
astrocytes (Chever et al., 2014a). Moreover, the specific deletion of Cx30 from astrocytes
resulted in an altered astrocytic morphology and an unusual invasion of their fine
processes into the synaptic cleft which was accompanied by increased glutamate uptake
and attenuated synaptic transmission (Ghézali et al., 2018; Pannasch et al., 2014). Taken
together, the gap junction-mediated astrocyte network was shown to affect neuronal
function by various mechanisms, but the differentiation between the pure function as a
channel and the channel-independent functions, such as cellular adhesion, remains
difficult.

Astrocyte network

Cytoplasm

Gap junction channels

Plasma membrane

Cytoplasm

Figure 3 Formation of the astrocyte network via gap junction channels. Astrocytes express on their
plasma membrane (blue) gap junction channels (red) that allow the intercellular trafficking of ions and small
molecules between adjacent astrocytes. In addition, reflexive gap junction channels also couple to processes
of the same astrocyte. These channels are formed by two opposing hemichannels, which are composed from

six transmembrane proteins (‘Connexins’). Adapted from Giaume et al. (2010).

1.4 Extracellular ions and neurotransmitter homeostasis

Astrocytes are known to contribute to the clearance of extracellular ions and
neurotransmitters. In particular the homeostasis of extracellular K* and glutamate are
known to be tightly controlled by astrocytes since both can drastically impact on neuronal

functions.
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1.4.1 Uptake of extracellular K*

Astrocytes contribute to the homeostasis of extracellular K*, whose concentration
inevitably rises nearby electrically active neurons. This is of particular importance since
the extracellular K* concentration ([K']o) affects neuronal functions, such as the
membrane potential, and, in turn, neuronal excitability. According to the Goldman
Equation, which describes the membrane potential on the basis of the intra- and
extracellular ion concentrations and their particular membrane conductances, increasing
the extracellular K* concentration leads to a depolarization of the membrane potential
shifting it more closely to the threshold for opening of voltage-gated ion channels (Kandel
et al.,, 2013). This was already shown by early studies that revealed facilitated action
potential firing and synaptic transmission by increasing the extracellular K* concentration
by several millimolar (mM) (Balestrino et al., 1986; Hablitz and Heinemann, 1987; Hablitz
and Lundervold, 1981; Rausche et al., 1990; Voskuyl and ter Keurs, 1981). During resting
conditions, the basal extracellular K* concentration is approximately 3 mM (Bradbury and
Kleeman, 1967; Rasmussen et al., 2019). Since neurons open K" channels after their
activation in order to repolarize the membrane potential, the extracellular K* concentration
can drastically increase (Kandel et al., 2013). The amount of released K* can, of course,
vary and it depends on the extent of neuronal activity. For instance, visual stimulation
evoked transient extracellular K* elevations (‘K™ transients’) of 5-200 uM in the visual
cortex of anesthetized cats (Connors et al., 1979) and innoxious stimulation by moving a
brush over the skin of a cat resulted in extracellular K* elevations up to 0.4 mM in their
spinal cord (Heinemann et al., 1990). A more recent study showed that running onset in
freely moving mice was accompanied by extracellular K* elevations of around 0.6-1 mM in
the visual and motor cortex (Rasmussen et al., 2019). Higher extracellular K*
concentrations of around 10 mM were observed in the cortex of cats during prolonged
electrical stimulations and seizure activity (Heinemann and Lux, 1977; Moody et al.,
1974). The involvement of astrocytes in the clearance of those extracellular K* elevations
was already postulated in the 1960s (Hertz, 1965) and confirmed in further studies that
showed intracellular K* accumulation via passive and active uptake mechanisms (Ballanyi
et al.,, 1987; Coles and Orkand, 1983). Astrocytes are well suited for this purpose by
expressing various K* channels, cotransports and pumps (Kofuji and Newman, 2004;
Seifert et al., 2016; Walz, 2000). The predominant K* channel of astrocytes is the inward-
rectifier potassium channels 4.1 (Kir4.1) with an enriched expression at synapses and at
their blood vessel-contacting endfeet (Higashi et al., 2001; Nagelhus et al., 2004). In
addition, astrocytes also express Ca?*- and voltage-dependent K* channels and passive
two-pore K* channels (Seifert et al., 2009, 2016). Thus, astrocytes exhibit a large K*

conductance, a passive current pattern and a low membrane potential, which is largely
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determined by the transmembrane K* concentration gradient (Djukic et al., 2007,
Savtchenko et al., 2018; Seifert et al., 2009). Since the astrocytic membrane potential (V)
is mainly determined by the large membrane conductance for K* (gx), it is close to the K*
equilibrium potential (Ex). The equilibrium potential of an ion is the membrane potential at
which no net flow of the particular ion occurs over the membrane and is described by the
Nernst equation:

RT [K*],

Ex =—X
K=o g

This potential depends on the universal gas constant (R), the temperature in Kelvin (T),
the number of valence electrons (z), the Faraday constant (F) and the intra- ([K*]) and
extracellular ion concentration ([K*]o). Since the basal extracellular K* concentration is
relatively low compared to the astrocytic cytoplasm, the equilibrium potential for K* is
negative. Deviations of the membrane potential from the equilibrium potential for K* will
lead to a K* current (I) either into (Ex > Vi) or out of (Ex < Vi) the astrocyte (Kandel et
al., 2013):

Iy = gg (Vim — Eg)

During resting conditions, the astrocytic membrane potential is slightly less negative
compared to the K* equilibrium potential since K* is constantly transported into the
cytoplasm by pumps and transporters in the membrane (see below). Consequently, a
constant efflux of K*is mediated via the open K* channels. Conversely, elevations of the
extracellular K* concentration lead to an influx of K (or reduced K* efflux) and a
corresponding depolarization of the astrocytic membrane potential until the new
equilibrium potential for K* is reached (Larsen and MacAulay, 2014). Additionally, active
uptake of extracellular K* is mediated by the Na*/K*-ATPase (D’Ambrosio et al., 2002;
Jauch et al., 2002; Ransom et al., 2000; Xiong and Stringer, 2000) that is also expressed
by astrocytes (Karus et al., 2015; Larsen et al., 2014). It expels three Na*ions from the
cytoplasm in exchange for two K* ions in an ATP-dependent manner (Kandel et al., 2013).
Astrocytes also express the Na*/K*/2Cl-cotransporter 1 (NKCC1) (Blaesse et al., 2009)
that was shown to mediate intracellular K* accumulation in astrocytes when exposed to
high extracellular K* concentrations (Walz and Hertz, 1984). However, inhibition of
NKCC1 had no effect on extracellular K* transients evoked by neuronal activity (Larsen et
al., 2014; Xiong and Stringer, 2000).

In summary, astrocytes possess several mechanisms to clear K* from the extracellular
space (ECS) which have been termed ‘K* net uptake’. This comprises the uptake of

extracellular K*, the transient intracellular K* storage and the subsequent release after
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normalization of the extracellular K* concentration (Kofuji and Newman, 2004; Walz,
2000). A second mechanism that was proposed to contribute to extracellular K* clearance

is ‘spatial K* buffering’.

1.4.2 Concept of spatial K* buffering

This concept was originally proposed by Richard Orkand in 1966 (Orkand et al., 1966)
and proposes the distribution of K* through a coupled glial network. However, it took
another 20 years and several more studies until this concept was finally elaborated. First
indications for a glia-mediated distribution of K* came from work performed on amphibian
Muller cells, specialized glial cells that span across the retina and contact the vitreous
humor with their endfeet. They display a high membrane conductance for K* at their
endfeet (Newman, 1984), which enables them to redistribute extracellular K* through a
single cell by a mechanism termed ‘K" siphoning’. Evidence for this mechanism was
obtained from dissociated Miuller cells that spatially redistributed extracellular K* more
efficiently than simple extracellular diffusion (Newman et al., 1984) as well as from Muller
cells in the intact retina that mediated K* elevations in the vitreous humor after light

stimulation (Karwoski et al., 1989).

-50 mv Ex>V, Ex<Vp,
K* influx K+ efflux
-70 mVv
E———————
-90mV
Distance

Figure 4 The concept of spatial K* buffering. The local increase of the extracellular K* concentration results
in a K* concentration gradient in the ECS as indicated by the red intensity gradient (top panel). At those sites,
the difference between the equilibrium potential for K* (Ex, red) and the astrocytic membrane potential (Vm,
blue) drives K* to enter the astrocyte. The resulting depolarization then spreads passively through the gap
junction coupled network via a K* current that renders Vi, more negative than Ex and, in turn, leads to a
constant K* influx. At sites with a lower extracellular K* concentration, V., exceeds Ex and K* is released into
the ECS. As a result, K* is redistributed from sites of elevated extracellular K* concentrations to sites that
exhibit lower extracellular K* levels. Adapted from Orkand (1986).
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Since coupled glial cells can be considered as one elongated cell, their network was then
proposed by Richard Orkand to contribute to the clearance of extracellular K* via the
spatial redistribution of K* (Figure 4): At sites with an increased extracellular K*
concentration, K* enters the astrocyte driven by the difference between the local K*
equilibrium potential and the membrane potential. The gap junction channels between
adjacent astrocytes but also between processes of the same astrocyte (reflexive gap
junction channels) connect astrocytic domains exposed to elevated extracellular K*
concentrations (‘active domains’) to those exposed to lower extracellular K*
concentrations (‘resting domains’). Thus, gap junction coupling facilitates intracellular K*
diffusion and electrically couples active astrocytic domains and those at rest. As a
consequence, K* is redistributed between these domains via a K* current within the
cytosol of a single astrocyte and the gap junction coupled network. This renders the local
astrocytic membrane potential at the active domain more negative relative to the K*
equilibrium potential and, thus, enables a steady local K™ influx. At sites with a lower
extracellular K* concentration, the membrane potential exceeds the K* equilibrium
potential which then results in a K* efflux. Overall, this mechanism allows the gap junction
coupled astrocytes to distribute K* through their network without a net K* accumulation
and, in turn, facilitate K* clearance (Orkand, 1986). However, the functional significance of
astrocyte gap junction coupling for K* clearance remains unclear.

In addition to the extracellular K* concentration gradient, a further requirement for the
concept of spatial K* buffering is the high astrocytic membrane K* conductance in order to
mediate the passive in- and efflux of K* (Larsen and MacAulay, 2014; Orkand, 1986).
Indeed, pharmacological inhibition or genetic deletion of Kir4.1 from astrocytes resulted in
augmented artificially evoked extracellular K* transients (Jauch et al., 2002; Larsen et al.,
2014), slowed recovery rates of extracellular K* transients (Chever et al., 2010; Haj-
Yasein et al.,, 2011) and increased basal K* concentrations (D’Ambrosio et al., 2002).
However, this provides no clear insight into the involvement of astrocytic gap junction
channels in K* clearance because inhibition of Kir4.1 channels would also impair spatial
K* buffering if K* were to be redistributed independently of gap junction channels within
one astrocyte territory, comparable to the Miller cell in the retina (Karwoski et al., 1989;
Newman et al., 1984).

Other studies investigated the contribution of the gap junction coupled astrocyte network
to K* clearance by a genetic deletion of Cx30 and 43 in astrocytes and found augmented
stimulus-evoked K* transients and slowed astrocytic K* uptake currents (Pannasch et al.,
2011; Wallraff et al., 2006). Although this points towards an impaired K* clearance when
the astrocyte network is disrupted, developmental alteration, such as an altered astrocyte

morphology, induced by the genetic deletion of Cx30 (Ghézali et al., 2018; Pannasch et
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al., 2014) cannot be excluded to have mediated the observed effects. Interestingly, the
astrocyte specific deletion of the Tscl gene (a model for tuberos sclerosis complex)
resulted in reduced astrocyte gap junction coupling and was associated with augmented
extracellular K* transients (Xu et al., 2009). In contrast, attenuated extracellular K*
transients, facilitated recovery and increased astrocytic gap junction coupling was found in
hippocampal slices with an astrocyte specific deletion of the water channel aquaporin 4
(Strohschein et al., 2011). Again, these experiments do not rule out that the observed
effects on the K* transients were influenced by side effects of the gene deletion. For
instance, an increased extracellular space was found in mice deficient for the aquaporin
(Yao et al.,, 2008). This could account for the observed attenuated extracellular K*
transients since the volume in which the K* was released was larger. Furthermore, the
astrocyte specific deletion of the Tscl gene was reported to alter the number of astrocytes
and the neuronal organization (Uhlmann et al., 2002) and thereby could have affected the
observed attenuated extracellular K* transients observed by Xu et al. (2009).

Other studies used pharmacological agents in order to acutely inhibit gap junction
coupling and observed an increased basal K* concentration in the cortex of anesthetized
mice (Bazzigaluppi et al., 2017). However, these gap junction inhibitors are not specific for
astrocytic gap junction channels, but also inhibit neuronal gap junction channels (Zsiros
and Maccaferri, 2005). As a consequence, altered extracellular K* concentration could
also be a result of an altered neuronal activity and activity-dependent K* release.
Moreover, inhibition of astrocytic coupling might impair the supply of metabolites (Rouach
et al., 2008) and thus could affect K* homeostasis indirectly by modulating the energy-
dependent Na*/K*-ATPase activity. Furthermore, changes of neuronal activity, for instance
via hemichannel inhibition (Chever et al., 2014b), could also underlie the altered
extracellular K* homeostasis independently from an impaired astrocytic coupling. These
studies provide important knowledge about the K* homeostasis in various conditions but
do not allow drawing direct conclusions on the channel function of astrocyte gap junctions
for K* clearance.

In summary, astrocytes contribute to the clearance of extracellular K* by various
mechanisms. Active uptake of extracellular K™ is mediated by the energy-dependent
activity of the Na*/K*-ATPase or by the cotransport with Na*via the NKCC1. On the other
hand, passive K* influx into the astrocyte is be mediated by K* channels (e.g. Kir 4.1
channels) when the equilibrium potential for K* is less negative compared to the
membrane potential. Spatial redistribution of K* inside an astrocyte or their network has
been proposed to facilitate this passive K* influx by limiting the K*-induced membrane
depolarization (Orkand, 1986). However, at least three different scenarios for intracellular

K* redistribution are conceivable. First, active astrocytic domains that are exposed to an
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increased extracellular K* concentration are efficiently connected to those at rest without
gap junction channels. As a consequence, an intracellular K* redistribution would limit
local depolarization and facilitate passive K* uptake independently of gap junction
coupling. Second, reflexive gap junction channels connect active and resting astrocytic
domains within the same astrocyte territory. The resulting increased complexity might
facilitate intracellular K* redistribution, limit the local depolarization and promote the K*
uptake. Third, gap junction channels between adjacent astrocytes would also connect
active and resting astrocytic domains and thus limit local depolarization by the same
mechanism. Conversely, acute uncoupling of the astrocytic gap junction channels would
be expected to facilitate K*-induced depolarizations and impair K* uptake. In turn, this
would lead to augmented extracellular K* accumulation. Interestingly, acute inhibition of
Kir4.1 channels, the mediator of the high astrocytic K* conductance (Djukic et al., 2007;
Seifert et al., 2009) and spatial K* buffering (Larsen and MacAulay, 2014) has led to
increased peak amplitudes of extracellular K* transients (Jauch et al., 2002; Larsen et al.,
2014). Consequently, acute inhibition of gap junction channels is expected to have a

similar effect if involved in spatial K* buffering.

1.4.3 Extracellular glutamate clearance

Glutamate is the predominant excitatory neurotransmitter in the brain (Danbolt, 2001;
Rose et al., 2018) and mediates excitatory synaptic transmission via activating AMPARS
and NMDARs in the synaptic cleft (Kandel et al., 2013). However, synaptically-released
glutamate can also escape the synaptic cleft (‘spill-over’) and act on extrasynaptic
glutamate receptors or even on neighboring synapses (Asztely et al., 1997; Kullmann et
al., 1996; Rose et al., 2018). This can have critical consequences since the activation of
extrasynaptic NMDARs can induce excitotoxicity, i.e. the induction of cell death (Zhou et
al.,, 2015). Furthermore, it was shown that glutamate can spill-over to neighboring
synapses and facilitate synaptic cross-talk by the activation of NMDARs (Asztely et al.,
1997). Thus, there is need for an efficient control of the extracellular glutamate levels. For
this purpose, astrocytes express high-affinity glutamate transporters that were shown to
remove the majority of synaptically released glutamate from the ECS. The predominant
glutamate transporters in rodent hippocampal astrocytes are the glutamate/aspartate
transporter (GLAST) and the glutamate transporter-1 (GLT-1) that mediate glutamate
uptake via a Na* cotransport and the export of K* (Levy et al., 1998; Nicholls and Attwell,
1990; Rose et al., 2018; Stallcup et al., 1979). For instance, it was revealed that glutamate
spill-over and the concomitant activation of extrasynaptic NMDARs was facilitated when

glutamate transporters were acutely inhibited (Asztely et al., 1997). Astrocyte processes
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are typically not found in the synaptic cleft (Kikuchi et al., 2020; Medvedev et al., 2014;
Ventura and Harris, 1999; Witcher et al., 2007) and thus do not interfere with the
activation glutamate receptors in the cleft. Instead, they have been suggested to limit the
spread of glutamate out of the cleft in order to prevent the activation of extrasynaptic
receptors (Zheng et al., 2008). The importance of astrocytic synapse coverage was further
revealed by a study that found a facilitated activation of presynaptic mGluRs and a
concomitant increased neurotransmitter release when astrocytic synapse coverage was
reduced (Oliet et al., 2001). In addition to the facilitated activation of extrasynaptic
MGIuRs (Oliet et al., 2001; Zheng et al., 2008) and NMDARs (Asztely et al., 1997) during
impaired glutamate clearance, the activation of AMPARS on adjacent synapses can also
not be excluded (Rose et al., 2018). Taken together, spatial arrangement of the astrocytic
synapse coverage is an important factor for the regulation of synaptic glutamate signaling.
Interestingly, the surface expression of GLT-1 on cultured astrocytes was shown to be
regulated by intracellular Ca?* signaling (Stenovec et al., 2008). Additionally, GLT-1 was
shown to be highly motile in the membrane of hippocampal astrocytes and the inhibition of
GLT-1 membrane diffusion prolonged EPSCs indicating an impaired glutamate clearance
(Murphy-Royal et al., 2015). In turn, glutamate clearance could not only be affected by an
altered synapse coverage but also by an distorted astrocytic Ca?* signaling or altered
membrane properties (Henneberger, 2017; Rose et al., 2018).

In summary, astrocytes possess efficient clearance mechanism to control the extracellular
concentration of glutamate and K*. However, the extracellular concentration of ions and
neurotransmitter depends not only on the efficiency of such clearance mechanisms or
their amount released by neurons. In fact, the structure and size of the extracellular space

also determines the extracellular ion and neurotransmitter concentration.

1.4.4 The extracellular space and extracellular homeostasis

In addition to the cellular structures, the brain comprises an extracellular space (ECS), the
space that separates cellular structures (Figure 5A). As reviewed by Eva Sykova and
Charles Nicholson, the ECS contains the extracellular fluid and macromolecules of the
extracellular matrix. Its structure can be described by its volume fraction that is defined as
the volume of the ECS relative to the volume of the brain tissue (Nicholson and Sykova,
1998; Sykovéa and Nicholson, 2008). The ECS structure is not uniform throughout brain
regions and development (Sykova and Nicholson, 2008). For instance, it was shown that
the ECS volume fraction in the rat corpus callosum and cortex decreased from more than
30% at postnatal day 3-4 to around 20% at postnatal day 21 (Lehmenkdihler et al., 1993;

Vofisek and Sykova, 1997). Further reductions of the ECS fraction were observed for the
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hippocampus when rats at the age of around 3 months were compared with rats at an age
of 2.5 years. (Sykova et al., 1998, 2002). These and other studies led to the conclusion
that the ECS fraction decreases throughout the entire postnatal life (Sykova and
Nicholson, 2008).

The extracellular ion and neurotransmitter homeostasis is controlled by various cellular, in
particular astrocytic, mechanisms. However, also the structure of the ECS is involved in
their homeostasis by determining the volume in which ions and neurotransmitter are
released and by shaping their diffusion. As a consequence, structural changes of the ECS
can have direct impact on the extracellular ionic concentrations and diffusion (Sykové and
Nicholson, 2008). In other words, the same number of ions or neurotransmitter released
either by cellular structures or artificially by a pipette will generate a high extracellular
concentration when the ECS is small and vice versa (Figure 6B).

TMA* source pipette

Large ECS fraction Small ECS fraction

Figure 5 The structure of the extracellular space (ECS). A) The ECS (red) separates cellular components
(grey), such as presynaptic terminals (S) and spines (P) as depicted in this electron microscopy picture of the
rat cortex. Scale bar, 1 um. Taken from Nicholson and Sykova (1998). B) Extracellular diffusion of molecules
and ions is shaped by the ECS structure. Application of an ion (e.g. TMAY) via a pipette into the ECS will result
in an extracellular concentration gradient of that particular ion (red intensity gradient). This concentration
gradient depends among other on the volume fraction of the ECS. Increases of cellular components (grey) by,
for instance cellular swelling, can reduce the ECS fraction (right part of the panel) and affect the extracellular

ion concentration. Adapted from Nicholson and Sykové (1998).

Interestingly, evoked reductions of the ECS fraction were shown to augment epileptiform
activity in the rat hippocampus. The authors attribute these observations to enhanced
extracellular K* or glutamate accumulation during neuronal activity due to the restricted
ECS and impaired diffusion (Kilb et al., 2006; Traynelis and Dingledine, 1989). On the

other hand, elevations of the extracellular K* concentration itself can also reduce the ECS
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fraction by inducing swelling of cellular structures, in particular astrocytes (Sykova et al.,
1999). Accordingly, ECS shrinkage can be observed during neuronal stimulation in
hippocampal slices (Larsen et al., 2014; Pannasch et al., 2011) and in the cortex of
anesthetized rat during seizure activity (Slais et al., 2008). Although the K* induced
cellular swelling is generally accepted to be mediated by a K* uptake accompanying water
influx, the exact mechanism underlying the cellular swelling remains not fully understood
(Larsen et al., 2014; MacAulay and Zeuthen, 2012).

In summary, there is evidence that the shrinkage of the ECS can impact neuronal function
by constraining the extracellular diffusion of ions and neuroactive substances and, in turn,

their homeostasis.

1.5 Gliotransmission

Apart from clearing ions and neurotransmitter from the ECS, astrocytes also release
neuroactive substances (‘gliotransmitter’) in order to directly modulate neuronal functions.
For that purpose, astrocytes processes are in close contact with synapses in order to

sense neuronal activity and respond with the release of gliotransmitter.

1.5.1 The tripartite synapse

A single hippocampal astrocyte territory is estimated to comprise more than 100000
synapses. Approximately more than half of their clefts are apposed by an astrocyte
protrusion (Figure 2B) (Bushong et al., 2002; Halassa et al., 2007a; Witcher et al., 2007).
However, this coverage can vary between synapse morphologies and the procedure of
preparation (Ventura and Harris, 1999; Witcher et al., 2007). The distance between
synapses and astrocyte protrusions can range from less than a hundred to a few hundred
nanometers as shown by an electron-microscopy study of the dentate gyrus (Medvedev et
al., 2014). However, this structural neuron-astrocyte interplay has been demonstrated to
be dynamic. In fact, astrocytes can approach and withdraw their fine processes from the
synapses within minutes in an activity-dependent manner (Bernardinelli et al., 2014;
Haber et al., 2006). This close contact and the observation that astrocytes respond to
neuronal activity with intracellular Ca?" elevations and the concomitant release of
neuroactive substances (‘gliotransmitter’) has led to the concept of the 'tripartite synapse’.
This concept describes the astrocytes in addition to the presynaptic and postsynaptic
terminal as the third active component of the synapse (Araque et al., 1999). Intracellular
Ca?" elevations of cultured astrocytes in response to extracellular glutamate were first
observed in the early nineties of the last century (Cornell-Bell and Finkbeiner, 1991;

15



Introduction

Cornell-Bell et al., 1990). Since then, the knowledge about astrocyte Ca®* signaling has
been remarkably increasing. For instance, astrocytes were shown to express a variety of
ion channels and neurotransmitter receptors that enable them to sense and integrate
neural activity into intracellular Ca®* elevations (Verkhratsky and Steinhauser, 2000). As
summarized by Bazargani and Attwell in 2016, extracellular Ca®* may enter the astrocytic
cytosol via activation of Ca?*-permeable ion channels. Additionally, the activation of
metabotropic neurotransmitter receptors (e.g. metabotropic receptors for glutamate
(mGIUR) or GABA (GABAgR)) was shown to trigger Ca?* release from internal stores via a
G-protein dependent signal transduction. Also, the reversal of the Na*/Ca?" exchanger
(NCX) by an intracellular accumulation of Na* can give rise to intracellular Ca®* elevations
(Bazargani and Attwell, 2016). Although the mechanism is still under debate, intracellular
Ca?" elevations in astrocytes were shown to be associated with the release of

gliotransmitters (Sahlender et al., 2014).

1.5.2 Impact on synaptic transmission

Many studies have revealed that glutamatergic synaptic transmission is modulated by
gliotransmitters (Halassa et al., 2007b; Perea and Araque, 2010). One of these
gliotransmitters that are released by astrocytes is glutamate. It was suggested that
glutamate released from astrocytes can activate NMDARs on several hippocampal
pyramidal neurons simultaneously and thereby might contribute to neuronal excitability
and synchronization (Angulo et al., 2004; Fellin et al., 2004). Furthermore, activation of
neuronal mMGIuRs by astrocytic glutamate can promote neurotransmitter release (Perea
and Araque, 2007). Moreover, astrocytes have been reported to release adenosine
triphosphate (ATP) that can facilitate synaptic transmission (Gordon et al., 2005).
Conversely, released ATP that is converted to adenosine (ATP/adenosine) was shown to
depress synaptic transmission and impair synaptic plasticity (Pascual et al., 2005).
Astrocytes also react to GABAergic transmission with intracellular Ca?" elevations
(Boddum et al., 2016; Egawa et al., 2013; Mariotti et al., 2016; Matos et al., 2018; Meier et
al., 2008; Perea et al., 2016; Ribak et al., 1996). Plenty of studies focused on the impact
of gliotransmission on inhibitory synaptic transmission (Losi et al., 2014; Mederos and
Perea, 2019; Roux and Buzséaki, 2015). For instance, an early study found that Ca*-
dependent glutamate release potentiated inhibitory synaptic input onto CA1l pyramidal
neurons (Kang et al., 1998). It was further shown that glutamate released from astrocytes
can also modulate inhibitory input onto interneurons (Liu et al., 2004a, 2004b). In addition,
ATP/adenosine release by astrocytes upregulated synaptic inhibition onto pyramidal

neurons (Matos et al., 2018) and attenuated excitatory transmission (Boddum et al.,
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2016). Furthermore, astrocytic ATP release potentiated interneuron activity and increased
inhibitory transmission onto pyramidal neurons (Bowser and Khakh, 2004). Taken
together, astrocytes can modulate inhibitory synaptic transmission by various
mechanisms. The contribution of a particular gliotransmitter and its potential target during
a specific (experimental) condition remains, however, elusive and hard to predict.

In summary, astrocytes are an essential regulator for both excitatory and inhibitory
synaptic transmission via several mechanisms, but the net effects of their modulation on

network activity are hard to predict.

1.5.3 Impact on synaptic plasticity

Synaptic transmission is not static but can undergo significant changes, i.e. the
strengthening or weakening of synaptic transmission (Bliss and Lgmo, 1973). Donald
Hebb postulated already in 1949 that the underlying mechanism of learning and memory
requires changes in synaptic strength (Hebb, 1949; Nicoll, 2017). Experimental evidence
for this concept originated more than 20 years later with the discovery of long-term
potentiation (LTP) in the hippocampus. It was observed that brief high-frequency
stimulations (HFS) of the perforant path fibers led to rapid and sustained increase of the
synaptic strength of granule cells in the dentate gyrus (Bliss and Lamo, 1973). Similar was
then also observed for CA1l pyramidal neurons after SC stimulation (Andersen et al.,
1977). l.e. the same presynaptic stimulus applied before the synaptic potentiation evoked
larger postsynaptic responses after potentiation. Although there are different mechanism
to induce LTP (Nicoll, 2017), potentiation of hippocampal CAl synapses was shown to
rely on the activation of the postsynaptic NMDARs (Collingridge et al., 1983). The NMDAR
requires for its activation in addition to glutamate binding, the binding of the coagonist D-
serine (Mothet et al., 2000; Priestley et al., 1995) or glycine (Johnson and Ascher, 1987)
and a membrane depolarization in order to release the Mg?* block, which prevents the
channel from opening during resting conditions (Mayer et al., 1984). A HFS can lead to a
membrane depolarization that is sufficient to relief the highly-voltage sensitive Mg?* block
of the NMDAR (Mayer et al., 1984). The activation of the NMDAR results in a Ca?* influx
(Ascher and Nowak, 1988; MacDermott et al., 1986; Schiller et al., 1998) that was shown
to mediate the induction of LTP (Lynch et al., 1983). The following expression of LTP
involves the activation of different Ca?*-dependent protein kinases (Herring and Nicoll,
2016; Malenka and Bear, 2004) that results, for instance, in an increase of the AMPAR
conductance (Soderling and Derkach, 2000), the insertion of additional AMPARSs (Isaac et
al., 1995; Liao et al., 1995; Shi et al., 1999) and finally in an increased synaptic strength.

Astrocytes were shown to provide and release the NMDAR coagonist D-serine (Mothet et
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al., 2005; Schell et al., 1995) in a Ca*-dependent manner and thereby control synaptic
plasticity (Henneberger et al., 2010; Panatier et al., 2006). In summary, astrocytes do not
only modulate synaptic transmission but also synaptic plasticity by the release of

gliotransmitter.

1.6 Astrocytes and epilepsy

In addition to their importance for physiological brain functions, malfunction of astrocytes
was found in many neurodegenerative diseases, such as epilepsy (Steinhauser et al.,
2015). Epilepsy is a neurological disorder and characterized by unpredictable abnormal
electrical brain activity that can cause body convulsions (‘seizures’) (Chang and
Lowenstein, 2003; Jefferys, 1990; Steinhduser et al., 2015). Approximately 0.5-1% of the
world’s population suffers from epilepsy (Sander and Shorvon, 1996). A common type of
epilepsy is the mesial temporal lobe epilepsy (MTLE) that is characterized by seizures
originating in the hippocampal formation (Andersen et al., 2007; King and Spencer, 1995).
MTLE is often associated with a hippocampal sclerosis that is characterized among others
by hippocampal neuronal loss and astrogliosis (Thom, 2014). In general, astrogliosis can
be observed in response to various brain injuries or other pathological conditions and
describes the malfunction of astrocytes. This is associated with several molecular and
cellular alterations, such as increased astrocyte proliferation and morphology changes
(Pekny and Pekna, 2014; Sofroniew and Vinters, 2010). Historically, research on epilepsy
focused on the role of neurons and resulted in the development of several anti-epileptic
drugs (Vossler et al., 2018). However, these drugs mainly focus on neuronal functions and
treat rather the symptoms than the underlying disorder (Bedner et al., 2015; Léscher and
Schmidt, 2011). On the other hand, more recent studies focused on the potential
involvement of astrocytes in the context of epilepsy due to their significant involvement in
many basic brain function (Seifert and Steinhauser, 2013; Seifert et al., 2006, 2010;
Steinhauser et al., 2015). Interestingly, astrocytes in resected hippocampi from patients
suffering from pharmacoresistant MTLE exhibited an abnormal morphology and a
complete lack of gap junction coupling as reported by Bedner and colleagues in 2015. In
the same study, a mouse model that reproduced the key features of human MTLE then
revealed that astrocyte uncoupling preceded neuronal death and the generation of
spontaneous seizures. This indicated that astrocyte dysfunction might cause the
generation of MTLE (Bedner et al., 2015). Several other studies focused on the molecular
and cellular mechanisms underlying a proepileptiform effect of astrocyte malfunction
(Steinhauser et al., 2015).

One of these mechanisms that is believed to underlie epileptic activity is an impaired
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extracellular K* clearance (Chapter 1.4.1 and 1.4.2). Indeed, the expression of the
predominant astrocytic K* channel Kir4.1 was found to be reduced in sclerotic hippocampi
from MTLE patients (Das et al.,, 2012; Heuser et al.,, 2012). This finding was further
corroborated by extracellular K* elevations that were augmented after acute inhibition of
Kir4.1 channels in non-sclerotic hippocampal slices from humans and rats, whereas this
was not the case in sclerotic tissue (Heinemann et al., 2000; Jauch et al., 2002; Kivi et al.,
2000). Furthermore, astrocyte uncoupling via the genetic deletion of Cx30 and 43 resulted
in slowed K* uptake and increased epileptiform activity which was explained by impaired
spatial K* buffering (Wallraff et al., 2006).

In addition, impaired glutamate clearance (Chapter 1.4.3) has been proposed to be
involved in the generation of epileptic activity (Demarque et al.,, 2004; During and
Spencer, 1993; Tanaka et al., 1997). Indications for that originated from a study by During
and Spencer in 1993 that investigated the concentration of glutamate in the hippocampus
of epilepsy patients via microdialysis. It turned out that the glutamate concentration before
seizure onset was higher in the epileptic hippocampus compared to the contralateral site
which points towards an impaired glutamate clearance in the epileptic hippocampus
(During and Spencer, 1993). Although the impact of an altered glutamate transporter
expression and function was investigated by several experimental approaches that led to
controversial results (Steinhauser et al., 2015), it is not unlikely that impaired glutamate
clearance contributes to epileptic activity. This is supported by the occurrence of
spontaneous seizures in mice with impaired glutamate clearance by the genetic deletion
of the glutamate transporter GLT-1 (Tanaka et al., 1997) or the direct infusion of a
pharmacological inhibitor for glutamate transporters (Demarque et al., 2004).

Another astrocytic mechanism that could be involved in the generation of epileptic activity
is the glutamate/GABA-glutamine cycle (Eid et al., 2004, 2008; Ortinski et al., 2010). This
cycle comprises the uptake of extracellular glutamate or GABA by astrocytes, the
conversion into glutamine by the enzyme glutamine synthetase (GS), the release of
glutamine back into the ECS and its uptake by neurons, where it is metabolized back to
glutamate or GABA (Bak et al., 2006). Since intracellular glutamate accumulations were
shown to slow down glutamate transporter currents (Otis and Jahr, 1998), impaired GS
activity could mediate such a glutamate accumulation and impair extracellular glutamate
clearance. Indeed, decreased levels of GS were found in hippocampi from MTLE patients
(Eid et al., 2004). Furthermore, the infusion of a pharmacological inhibitor of GS in the rat
hippocampus evoked recurrent seizures (Eid et al., 2008). On the other hand, impaired
inhibitory synaptic transmission could also underlie epileptic activity as suggested by
Ortinski and colleagues. Interestingly, virally-induced astrogliosis in mice hippocampi

reduced GS expression and inhibitory synaptic transmission onto CA1 pyramidal neurons
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while excitatory transmission was unaffected. It was argued that these findings originated
from an interrupted glutamine supply to neurons and consequently an impaired GABA
production (Ortinski et al., 2010).

Moreover, astrocytic Ca?* signaling and concomitant gliotransmission (Chapter 1.5) have
often been associated with epileptic activity (Carmignoto and Haydon, 2012;
Henneberger, 2017). Interestingly, the expression of astrocytic mGluRs that are known to
mediate astrocytic Ca?" signaling was increased in an epilepsy animal model (Aronica et
al., 2000; Ulas et al., 2000). In fact, it was shown that astrocytes respond with Ca?*
elevations during epileptiform activity (Fellin et al., 2006; Gomez-Gonzalo et al., 2010;
Tian et al., 2005). In addition, it was shown by Gomez-Gonzalo and colleagues that during
conditions of enhanced neuronal excitability in the entorhinal cortex, evoked astrocytic
Ca?* signaling was associated with NMDAR-mediated inward currents in EC neurons and
was able to promote ictal-like epileptiform discharges. Furthermore, the local subthreshold
application of NMDA alone failed to evoked ictal discharges in this study, but in
combination with the activation of astrocytes ictal-like discharges were evoked.
Conversely, inhibition of Ca?* signaling attenuated ictal-like epileptiform activity (Gémez-
Gonzalo et al., 2010). In addition, impairing the machinery for vesicular release in
astrocytes also reduced the frequency of seizures in vivo as well as epileptiform activity in
hippocampal slices (Clasadonte et al., 2013). The authors argued that these findings were
based on an impaired astrocytic glutamate release and the concomitant reduced
activation of extrasynaptic NMDARs that were previously indicated to favor synchronize
neuronal activity (Fellin et al., 2004). However, other gliotransmitters, such as D-serine
(Henneberger et al., 2010), could also underlie these observations. Taken together, there
are several indications that abnormal astrocytic Ca?* signaling and gliotransmission can
reduce the threshold for the generation of epileptiform activity via a positive feedback loop
that might integrate neuronal activity and enhance excitability (Steinhauser et al., 2015).
As already mentioned above, gliotransmission could also have an inhibitory effect by
reducing the inhibition on inhibitory interneurons via mGIuR activation (Liu et al., 2004b) or
by increasing inhibitory input on excitatory neurons via ATP/adenosine signaling (Matos et
al., 2018). Whether an impairment of these inhibitory effects could lead to neuronal
hyperexcitability and, thus, be involved in epileptic activity remains speculative since the
interactions of astrocytes and inhibitory interneurons during epilepsy are incompletely
understood. Taken together, astrocytes possess various mechanisms in order to modulate
neuronal functions. However, plenty of studies indicated that a malfunction of these

mechanisms is involved in epileptic activity.
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1.6.1 Proepileptiform astrocyte morphology changes

Astrocytes contact synapses with their fine peripheral processes (Ventura and Harris,
1999; Witcher et al., 2007), which enable them to modulate many neuronal functions
(Araque et al., 1999; Perea and Araque, 2010). Consequently, alterations of this spatial
relationship could impair the neuron-astrocyte signaling and act proepileptiform by, for
instance, amplifying, prolonging or disinhibiting neuronal activity (Henneberger, 2017).
Indeed, an abnormal astrocyte morphology was observed in the hippocampus of patients
suffering from MTLE (Bedner et al., 2015). In addition, loss of the nonoverlapping
astrocytic domain organization was observed in different mouse models of epilepsy
(Oberheim et al., 2008). However, these morphology changes represent rather long-term
alterations and provide no information about astrocyte morphology changes during the
onset of epileptiform activity. Since fine astrocytic processes are highly motile and show
structural plasticity in response to neuronal activity (Bernardinelli et al., 2014; Haber et al.,
2006), astrocyte morphology changes could rapidly occur during the onset of epileptiform
activity and facilitate neuronal excitability.

Previous unpublished work from our laboratory by Dr. S. Anders revealed that the
induction of epileptiform activity in acute hippocampal slices led to rapid astrocyte
morphology changes (Anders, 2016). The main results of this study originated from
experiments based on the penicillin-induced epilepsy model. This model utilizes the ability
of penicillin G to inhibit the GABAAR mediated CI flux (Tsuda et al., 1994) and the
corresponding disinhibition, which results in an increased neuronal excitability. The
proconvulsive action of penicillin was first observed during the Second World War with
patients that generated body convulsions upon intraventricular application of penicillin in
order to treat their head injuries (Walker et al., 1945). Based on these observations, the
penicillin-induced epilepsy model was established and allowed the induction epileptiform
activity in vivo by intraperitoneal injection (Chen et al., 1986) or direct application of
penicillin to the hippocampus (Dichter and Spencer, 1969) and in vitro by the perfusion of
hippocampal slices with a penicillin containing solution (Schwartzkroin and Prince, 1977).
In contrast to other epilepsy models, such as the kainate or pilocarpine epilepsy model
(Curia et al., 2008; Lévesque and Avoli, 2013; Turski et al., 1984) that induce epileptic
activity by the injection of the particular epileptogenic agent into a living animal, the acute
application of penicillin to hippocampal slices simplifies investigations by allowing direct
manipulation of the extracellular ion concentrations or the application of drugs
(Schwartzkroin and Prince, 1977). In the aforementioned work, Dr. S. Anders observed
that the acute application of penicillin to hippocampal slices obtained from rats and mice
led to the induction of epileptiform discharges, which were accompanied by a significant

shrinkage of the fine peripheral astrocytic processes in the CAL str. radiatum (Figure 6).
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Figure 6 Epileptiform activity induced astrocyte morphology changes of the fine and medium-large
processes. A) This image depicts a color- and brightness-coded example of an astrocyte. The initial
astrocytic volume fraction (a measure for the relative volume occupied by the astrocyte) is encoded by the
brightness. At its soma, the astrocyte occupies the entire volume and thus shows the brightest pixels. In
contrast, the fine astrocytic processes in the periphery do not occupy the entire volume of the territory and
thus show a lower brightness. The color encodes the relative change of the volume fraction in percent, i.e.,
greenish structures did not change their volume fraction, whereas structures depicted in red showed a
substantial reduction of their initial volume fraction. B) Quantification of the astrocyte morphology changes that
were induced by the application of penicillin and the concomitant epileptiform activity. It was shown that the
reduction of the volume fraction, i.e. the shrinkage of the astrocytic structures, was most prominent for the
structures with a low initial volume fraction such as fine and medium-large astrocyte processes. Reproduced
from Anders (2016).

These morphology changes occurred within minutes after the onset of the epileptiform
discharges and persisted after the penicilin was removed and inhibitory synaptic
transmission was restored. Importantly, the epileptiform discharges persisted as well after
the inhibitory synaptic transmission was restored. It was further shown that the astrocytic
morphology changes were presumably mediated by the reorganization of the actin
cytoskeleton since inhibition of the Rho associated protein kinase (ROCK) prevented the
morphology changes (Anders, 2016). Rho is among Rac and Cdc42 a small GTPase that
is involved in cytoskeletal reorganizations. Their down-stream effector is ROCK which
phosphorylates several substrates involved in cellular morphology (Amano et al., 2010).
For example, ROCK was shown to phosphorylate the LIM-kinase that in turn prevents
actin depolymerization by phosphorylating cofilin (Maekawa et al., 1999). Furthermore, it
was demonstrated that the inhibition of ROCK induced stellation of cultured astrocytes
(Holtje et al., 2005; Racchetti et al., 2012). Thus, Dr. Anders suggested that the Rho-

ROCK pathway was a key regulator for the astrocyte morphology changes. Interestingly,
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inhibition of the ROCK-pathway not only prevented the changes in the astrocyte
morphology, but it also reduced the frequency of epileptiform discharges. This indicates
that the alterations in the astrocytic morphology facilitated the persistence of the
epileptiform discharges by a proepileptiform mechanism. Although it was demonstrated
that the altered morphology was accompanied by a reduced intra- and intercellular
diffusion, the exact underlying mechanism that maintains the persistent epileptiform
discharges and the mechanistic link between morphology changes and epileptiform
activity remained unclear (Anders, 2016).
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2 Aim of the study

The view on astrocytes has changed dramatically in the last decades. Form being
considered as merely “nerve glue” in the early stages of neuroscience, astrocytes turned
out to be active elements of the brain that shape neuronal activity. Although the
involvement of astrocytes in many brain functions is continuously being unraveled, many
mechanisms are still under debate and need further investigation. Especially the role of
astrocytes in pathophysiological conditions, such as epilepsy, is of high interest since
astrocytes could be a new target for therapeutic approaches. Therefore, this study

answered the two following questions.

Does acute inhibition of gap junction channels and the disruption of the astrocyte

network impair extracellular K* clearance?

Gap junction coupling and the formation of an extensive network is a key feature of
astrocytes (Giaume et al., 2010; Nagy and Dermietzel, 2000). This network has been
proposed to facilitate extracellular K* clearance by a concept known as ‘spatial K*
buffering’. This concept comprises the spatial distribution of K* from sites with an elevated
extracellular K* concentration to sites with a lower extracellular K concentration via the
gap junction channels (Orkand, 1986). Indeed, a disruption of this network by an astrocyte
specific gene deletion of the gap junction channel-forming connexins was found to impair
extracellular K* clearance and affect neuronal excitability (Pannasch et al., 2011; Wallraff
et al., 2006; Xu et al., 2009). However, this genetic deletion was later shown to affect the
astrocyte morphology (Ghézali et al., 2018; Pannasch et al., 2014) which could have
altered K* clearance independently from gap junction channels. Another study revealed
impaired K* clearance after the pharmacological inhibition of gap junctions channels in
vivo (Bazzigaluppi et al., 2017). However, these pharmacological inhibitors are known to
be unspecific, e.g. they also block neuronal gap junctions, and have other side effects on
neurons (Rouach et al., 2003; Tovar et al., 2009). Therefore, the altered extracellular K*
concentration could have been caused by effects on neuronal activity-dependent K*
release and thus prevent a clear interpretation. The aim of this present study was to
elucidate if and under which conditions astrocytic gap junction coupling contributes to K*
clearance. In order to circumvent the experimental limitations of previous studies, a
pharmacological approach was employed in order to acutely disrupt the astrocyte network
and to avoid long-term developmental adaptions of astrocytes. Furthermore, the potential

side effects of the gap junction inhibitors on neuronal activity-dependent K* release were
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minimized in the majority of experiments by an iontophoretic K* application in the absence
of neuronal activity. Thus, this study provides new insights into the conditions in which gap

junction channels contribute to extracellular K* clearance.

Which mechanism underlies the proepileptiform effect of rapid astrocyte
morphology changes and uncoupling?

Previous work from our laboratory has demonstrated that the induction of epileptiform
activity leads to rapid morphology changes of astrocytes. These morphology changes
comprised the shrinkage of the fine peripheral astrocyte processes. Preventing the
morphology changes by inhibition of the ROCK-pathway resulted in an attenuation of the
epileptiform activity which indicates a proepileptiform effect of the morphology changes
(Anders, 2016). Since astrocytes locate their fine processes in close proximity to
synapses, they are able to regulate synaptic transmission via the clearance of glutamate,
K* or the Ca?*-dependent release of gliotransmitter (Perea and Araque, 2010; Rose et al.,
2018; Walz, 2000). Impairments of this tight interplay could, in turn, lead to neuronal
hyperexcitability and a reduced threshold for epileptiform activity (Henneberger, 2017).
The observed morphology changes after induction of epileptiform activity were
accompanied by an reduced intra- and intercellular diffusion (Anders, 2016).
Consequently, intracellular Ca?* signaling could be impaired which, in turn, might affect
gliotransmission that modulates inhibitory synaptic transmission. In addition, Na*-
dependent glutamate clearance could be impaired by increased intracellular Na*
accumulations (Karus et al., 2015) or by an impaired surface diffusion of glutamate
transporters (Henneberger, 2017; Murphy-Royal et al., 2015). Furthermore, a facilitated
activity-dependent ECS shrinkage was previously observed in hippocampal slices with
coupling-deficient astrocytes (Pannasch et al., 2011). In turn, the observed impaired intra-
and intercellular diffusivity in astrocytes after epileptiform activity could facilitate astrocytic
swelling and the shrinkage of the ECS. Consequently, the extracellular ion and
neurotransmitter homeostasis could be distorted and mediate the proepileptiform effect.
These scenarios could hypothetically underlie the observed proepileptiform effect of the
astrocytic morphology changes. Therefore, spontaneous inhibitory synaptic transmission
onto CAl pyramidal cells, the clearance of extracellular glutamate and K*, and the
structure of the ECS were investigated when epileptiform activity was induced and

compared to control conditions.
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3 Materials & Methods

3.1 Animals

All used animals in this study were handled according to the European Union and national
government regulations. Male Wistar rats and FVB (Friend leukemia virus B) mice were
purchased from Charles River (Sulzlfeld, Germany) and kept in the ‘Haus fir
experimentelle Tiermedizin’ of the University Hospital Bonn with a 12h/12h dark-light cycle
until they were used for experiments. The other transgenic mice (APP/PS1 and
CCL17KO) were obtained from the animal facilities of the ‘Deutsches Zentrum fir
Neurodegenerative Erkrankungen’ (DZNE) and the ‘Life & Medical Sciences-Institut’
(LIMES).

3.2 Drugs and chemicals

Table 1 Drugs and chemicals

Compound

Alexa Fluor 488 Hydrazide
Alexa Fluor 594 Hydrazide
Ascorbic acid

Atipamezol (Antisedan®)
ATP (disodium salt)
Bepanthen®

CacCl, 1M solution
Carbenoxolone

Carprofen (Rimady!®)
D-APV
di(Tris)-Phosphocreatine
Dichloromethane
Dimethylsulfoxid

Ethanol 99%

Fentanyl

Flumazenil

Gentamicin (Refobacin®)

Glucose

Supplier

Thermo Fisher Scientific, Waltham, US
Thermo Fisher Scientific, Waltham, US
AppliChem GmbH, Darmstadt, Germany
Orion Pharma GmbH, Hamburg, Germany
AppliChem GmbH, Darmstadt, Germany
Bayer AG, Leverkusen, Germany
Sigma Aldrich, St. Louis, US

Sigma Aldrich, St. Louis, US

Zoetis, New Jersey, US

Abcam, Cambridge, UK

Sigma Aldrich, St. Louis, US

Sigma Aldrich, St. Louis, US

Sigma Aldrich, St. Louis, US

AppliChem GmbH, Darmstadt, Germany
Rotexmedica, Trittau, Germany

Braun, Melsungen, Germany

Almirall, Barcelona, Spain

AppliChem GmbH, Darmstadt, Germany
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GTP (sodium salt)
HEPES

IE190

Isofluran (Forene®)
KCI

KOH

L-glutamic acid
LY341495
Meclofenamic acid
Medazolam
Medetomidin (Domitor®)
Methanosulfonic acid
MgClz (6xH20)
MgSO. (7x H20)
MRS2179

NacCl

NaH>PO4

NaHCOs

Naloxon

NaOH

NBQX (disodium salt)

Penicillin G (sodium salt)

Potassium ionophore | - cocktail A

Potassium ionophore | - cocktail B

QX314 chloride

Sodium pyruvate

Sucrose
Tetramethylammonium chloride
Texas Red Dextran
Trimethylchlorosilane

TTX citrate

Xylocain

Y27632 dihydrochloride

Sigma Aldrich, St. Louis, US

AppliChem GmbH, Darmstadt, Germany
WPI, Sarasota, USA

AbbVie, Mainz, Germany

AppliChem GmbH, Darmstadt, Germany
Sigma Aldrich, St. Louis, US

AppliChem GmbH, Darmstadt, Germany
Tocris, Bristol, UK

Sigma Aldrich, St. Louis, US
Rotexmedica, Trittau, Germany

Orion Pharma GmbH, Hamburg, Germany
Sigma Aldrich, St. Louis, US

AppliChem GmbH, Darmstadt, Germany
AppliChem GmbH, Darmstadt, Germany
Tocris, Bristol, UK

AppliChem GmbH, Darmstadt, Germany
AppliChem GmbH, Darmstadt, Germany
AppliChem GmbH, Darmstadt, Germany
Braun, Melsungen, Germany
AppliChem GmbH, Darmstadt, Germany
Abcam, Cambridge, UK

Sigma Aldrich, St. Louis, US

Sigma Aldrich, St. Louis, US

Sigma Aldrich, St. Louis, US

Tocris, Bristol, UK

AppliChem GmbH, Darmstadt, Germany
AppliChem GmbH, Darmstadt, Germany
Sigma Aldrich, St. Louis, US

Thermo Fisher Scientific, Waltham, US
Sigma Aldrich, St. Louis, US

Abcam, Cambridge, UK

Astra Zeneca, Wedel, Germany

Abcam, Cambridge, UK
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3.3 Preparation of acute brain slices

In order to anesthetize the animals, ~1 ml isoflurane was dropped onto a tissue in a glass
cylinder with a volume of 10 I. After the isoflurane vaporized, the animal was placed in the
glass cylinder until it fell asleep. The state of anesthesia was tested by gently pinching the
hind paws of the animal. When the animal showed no motor reaction upon the pinch, the
animal was considered as deeply anesthetized. Then, the rat or mouse was quickly
decapitated with a guillotine or a pair of scissors, respectively. The fur of the head was
then cut with a scalpel to expose the skull and the head was put in ice-cold slicing solution
(Table 2), which was bubbled with carbogen (95% O,/ 5% CO,) for 15 minutes before

use.

Table 2 Slicing solution

Concentration (mM) Osmolartiy MW
(mOsm/kg) (g/ml)
Sucrose 105.00 105.00 342.30
NacCl 60.00 120.00 58.44
KCI 2.50 50.00 74.56
MgCl2 6H20 7.00 21.00 203.30
NaH:PO4 1.25 2.50 119.98
Ascorbic acid 1.30 1.30 176.12
Sodium pyruvate 3.00 6.00 110.00
NaHCOs 26.00 52.00 84.01
Glucose 10.00 10.00 180.16

+ 0.5 mM CaCl, (1 M stock solution), osmolarity 300-310 mOsm/kg, pH 7.4

Next, the skull was cut with small scissors along the midline from posterior to anterior,
opened to the sides and the brain was removed. The brain was then cut with a steel blade
(Ted Pella Inc.,Redding, USA) in a petri-dish filled with ice-cold slicing solution. The
forebrain and cerebellum were removed, the two hemispheres were separated along the
midline and were cut on the dorsal and ventral site in order to create an even plane. The
two hemispheres were subsequently glued with their dorsal sides to a metal holder. The
metal holder was then inserted into the slicing chamber that was filled with constantly
carbogen-bubbled ice-cold slicing solution. A vibratome equipped with a ceramic blade
(Campden Instruments, Loughborough, UK) was used to cut the brain horizontally into

300 or 350 pm thick slices, which were stored in the slicing chamber until the slicing
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procedure was finished. Afterwards, the brain slices were stored in a beaker filled with
slicing solution in a water bath (Grant Instruments, Shepreth, UK) at 34°C for 15 minutes
on a net in a custom-made holder. Finally, the brain slices were transferred into a beaker
filled with carbogen-bubbled artificial cerebrospinal fluid (aCSF; Table 3) and stored at
room temperature for at least one hour before being used for experiments.

Table 3 Artificial cerebrospinal fluid (aCSF)

Concentration (mM) Osmolartiy MW
(mOsm/kg) (g/mol)
NacCl 131.00 262.00 58.44
KCI* 3.00 (4.00) 6.00 (8.00) 74.56
MgSQO4 7H.0 1.30 2.60 246.48
NaH2PO4 1.25 2.50 119.98
NaHCO3 21.00 42.00 84.01
Glucose 10.00 10.00 180.16

+ 2 mM CaCl; (1 M stock solution), osmolarity 297-303 mOsm/kg, pH 7.4

* [KCI] was increased to 4 mM in a subset of experiments

3.4 Electrophysiology

3.4.1 Electrophysiological setups

The electrophysiological setups were placed on a vibration isolated table in a Faraday
cage in order to minimize movements and electrical interference from the surroundings.
Electrophysiological recordings were performed either in a submersion-type recording
chamber (Figure 7) or in an interface-type recording chamber (Figure 8).

The submersion-type chamber was constantly supplied with carbogen-bubbled aCSF
solution at a rate of 3-5 ml/min via a perfusion system made of two separate 50 ml aCSF
reservoirs connected to the submersion-type chamber via a three-way valve and a silicon
tube. While entering the chamber, the temperature of aCSF was increased by a heater to
34°C and monitored using a sensor in the chamber (Warner Instruments, Hamden, USA).
At the opposing site of the chamber the aCSF was removed by a peristaltic pump and
returned to one of the reservoirs. In order to avoid movements of the brain slice during the
experiment, a “harp” (nylon-twines between a U-shaped platinum wire) was placed on top
of the brain slice. The submersion-type chamber was mounted below a microscope
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(Scientifica, Uckfield, UK or Olympus, Tokyo, Japan; Chapter 3.8.1) equipped with a
camera in order to display the light microscopy view on a monitor. Under visual control,
one manually and two electrically driven micromanipulators were used to position the
electrodes in the chamber under the objective. A concentric bipolar stimulation electrode
(CBARCY75; FHC, Bowdoin; USA) was attached to the manually driven micromanipulator
and connected to a stimulus isolator, which was used to set the stimulation intensity.
Depending on the conducted experiments, headstages with pipette holders for patch-
clamp recordings (Chapter 3.4.3 & 3.4.4), extracellular field recordings (Chapter 3.4.2),
extracellular ion-selective recordings (Chapter 3.6.3 & 3.6.4) and iontophoretic
applications (Chapter 3.5) were mounted onto the two electrically driven
micromanipulators. The signals from the patch-clamp, extracellular field and ion-selective
recordings were then cleared from 50 Hz electrical interferences (HumBug, Quest
Scientific Instruments, North Vancouver, CA) and digitalized with an analogue digital
converter (Digidata 1440A, Molecular Devices, San Jose, USA). The analogue digital
converter was also used to trigger the stimulus isolator (DS3, Digitimer Ltd., Welwyn
Garden City, UK) and to control the iontophoresis amplifier. Recordings and stimulations
were controlled by the software Clampex (Molecular Devices, San Jose, USA) and stored
on a computer for further analysis.

The interface-type recording chamber (custom-made by the lab of Prof. Dr Heinemann,
Charité-Universitatsmedizin Berlin, Germany) was equipped with a water reservoir, which
was heated to 34°C and constantly bubbled with carbogen. Two openings allowed
constant supply of the carbogen to the recording chamber and created a warm and humid
atmosphere. The aCSF was stored in a reservoir, constantly bubbled with carbogen and
supplied to the recording chamber via a silicon tube at a rate of 3-5 ml/min. The silicon
tube was partly guided through the water reservoir in order to warm up the aCSF before
entering the chamber. At the opposite side of the chamber, the aCSF was removed and
returned to the reservoir via a peristaltic pump. Under visual control by a binocular loupe,
a bipolar stimulation electrode and headstages with pipette holders for extracellular field
(Chapter 3.4.2) and K* recordings (Chapter 3.6.3) were positioned in the brain slice by
manually-driven micromanipulators. The recorded signals were then cleared from 50 Hz
electrical interferences (HumBug, Quest Scientific Instruments, North Vancouver, CA) and
digitalized with an analogue digital converter (USB-6221, National Instruments, Austin,
USA), which was connected to a computer. For electrical stimulation, the analogue digital
converter triggered a stimulus isolator (DS3, Digitimer Ltd., Welwyn Garden City, UK) that
set the stimulus intensity of the stimulation electrode (CBARC75; FHC, Bowdoin, USA).
The software WinWCP (V.4.8.9, Strathclyde Electrophysiology Software, Glasgow, UK)

was used to control the stimulations and to store the recordings for further analysis on the
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computer. At both experimental setups, pharmacological agents were added from a stock

solution directly to the perfusion system. Unless stated differently, all stock solutions were
prepared with distilled H>O.

Top view Side view
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Figure 7 The submersion-type recording chamber was incorporated into a two-photon excitation
fluorescence microscope system. The brain slice was placed on the bottom of the chamber and observed with
an objective from above. For light microscopy, the brain slice was illuminated from below with an infrared light
source, while the laser beam for two-photon excitation microscopy came through the objective from above.
The supplied aCSF was heated to 34°C and removed by a peristaltic pump on the other site of the chamber.
In order to prevent the brain slice from moving, a “harp” was placed on top. Electrodes for recording and
stimulation were positioned under visual control in the brain slice. A silver-chloride grounding pellet in the
chamber was connected to the used headstages, the vibration isolated table and a grounding point. For the

induction of epileptiform activity, the brain slices were placed on top of a “grid” in order to improve the aCSF
perfusion.
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Figure 8 The interface-type recording chamber was heated to 34°C by the underlying water-bath and
constantly supplied with carbogen. Two layers of filter tissue covered the bottom of the chamber in order to
distribute the supplied aCSF evenly. The brain slice was then transferred on top of a small piece of filter tissue
into the recording chamber. Stimulation and recordings electrodes were positioned under visual control of a
binocular loupe in the brain slice. Two silver-chloride grounding pellets in the chamber were connected to the
used headstages, the vibration isolated table and a grounding point.

3.4.2 Extracellular field recordings

In order to record in the submersion-type chamber (Chapter 3.4.1), a hippocampal slice
was transferred within the large end of a Pasteur glass pipette from the storage beaker
into the chamber and the “harp” was placed on top. Next, a glass capillary with filament
(GB150F-10, Science Products, Hofheim, Germany) was pulled with a horizontal pipette
puller (Model P-1000, Sutter Instruments, Novato, USA), filled with ~5 pl aCSF (Table 3)
and mounted onto the pipette holder (G23 Instruments, London, UK) of the headstage
(Multiclamp 700b, Molecular Devices, San Jose, USA). The pipette holder contained a
Teflon-coated silver wire with a silver-chloride coated tip that connected the aCSF with the
headstage. The pipettes for field recordings had resistances of ~3-5 MQ and a tip size of
around 1-3 pm. Field potentials were recorded as a direct-current (DC) signal in the
current-clamp (CC) mode. For this purpose, the tip of the recording pipette was placed in

the CA1 str. radiatum and/or str. oriens close to the pyramidal cell layer at a depth of 40 to
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100 pm in the brain tissue. In order to activate SCs and, in turn, evoke axonal and field
excitatory postsynaptic potentials (fFEPSPs), the bipolar stimulation electrode was placed
in the str. radiatum at the border of the CA3/CA1 region. Field potentials were recorded at
a sampling frequency of 20-33 kHz and low-pass filtered (Bessel characteristics) at a cut-
off frequency of 6-10 kHz.

For recordings in the interface-type recording chamber (Chapter 3.4.1), the bottom of the
recording chamber was covered with a layer of filter tissues in order to distribute the
aCSF. Small pieces cut from tights placed on top of the filter tissues at the edges of the
chamber limited the level of aCSF. Next, a hippocampal slice was transferred on top of a
~1x1 cm piece of filter tissue from the storage beaker into the recording chamber. That
way, the hippocampal slice was placed at the interface of aCSF and the carbogen. In
order to record field potentials, glass pipettes were pulled, filled with aCSF and inserted
into the pipette holder of the headstage (EXT-02B, npi electronic, Tamm, Germany) as
described above. The field potentials were evoked with a bipolar stimulation electrode
placed at the border of the CA3/CAL region and recorded in the CAL str. radiatum and/or
str. oriens close to the pyramidal cell layer as an alternating current (AC) signal. The
signals were recorded at a sampling frequency of 10-20 kHz and then band-passed
filtered (0.1 Hz-20 kHz; EXT-02B, npi electronic, Tamm, Germany). The used stimulation
protocols and intensities for the specific experiments are indicated in the corresponding
method-chapters.

For quantification of the evoked neuronal activity, the axonal fiber volley (FV) amplitude,
the fEPSP slope and the paired-pulse ratio (PPR) were analyzed (Figure 9). The FV was
recorded in the str. radiatum and reflects the number of axons activated by the electrical
stimulation (Andersen et al., 2007). Its amplitude was defined as the most negative
potential deflection relative to baseline (potential before stimulation onset) shortly after the
end of the stimulation and before the onset of the fEPSP. The synaptic transmission
following the axonal activation was quantified by the slope of the corresponding fEPSP
since it proportional to the postsynaptic currents. The slope (Equation 1) was measured
during the linear rising (str. oriens close to str. pyramidale) or falling phase (str. radiatum)
of the evoked fEPSP.

1) y2 —y1 (mV)

EPSP sl =
JEPSE stope = —x1 (ms)

The PPR, an indirect determinant for the presynaptic release probability, was calculated

from the slopes of two consecutively evoked fEPSPs (Equation 2). A PPR > 1 represents

a paired-pulse facilitation and is mediated by a higher presynaptic neurotransmitter
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release during the second stimulation. This occurs when the release probability is low
and, thus, more neurotransmitter containing vesicles remain in the presynaptic terminal
after the first stimulation. These then increase the pool of releasable vesicles during the
second stimulation and lead to a larger postsynaptic response (Debanne et al., 1996).

(2) PPR — fEPSP slope 2
~ fEPSP slope 1

Stratum pyramidale Stratum radiatum

fEPSP slope ! fEPSP
(x,1,)

Gy o ety fEPSP

| amplitude 1

\Population spike /

(xy4)

Figure 9 Properties of evoked field potentials. Examples of evoked field potentials by Schaffer collateral
(SC) stimulation recorded in the CAL str. pyramidale (Left) and str. radiatum (Right) (Stimulation artifacts were
removed). In the str. pyramidale, axonal stimulation evoked field excitatory postsynaptic potentials (fFEPSP)
consisting of a positive voltage deflection and a population spike (green) of negative polarity. In the str.
radiatum, a fiber volley (FV), representing the axonal activation, and a fEPSP of negative polarity were
recorded upon SC stimulation. The slopes (red dashed lines) were determined in the linear rising or falling
phase (between the two black dots) of the fEPSPs. The amplitude of the FV (blue dashed line, right panel)
was determined from baseline level to the most negative voltage deflection before the onset of the fEPSP.

3.4.3 Whole-cell patch clamp recordings of astrocytes

Whole-cell patch clamp recordings from astrocytes were performed in the submersion-
type chamber incorporated in the microscope from Scientifica (Chapter 3.8.1). Astrocytes
in the CAL str. radiatum were identified at a depth of at least 50 um in a 300 um thick rat
brain slice using the infrared camera view that was augmented by a Dodt contrast. Next, a
glass capillary with filament (GB150F-10, Science Products, Hofheim, Germany) was
pulled with a horizontal pipette puller (Model P-1000, Sutter Instruments, Novato, USA)
and filled with ~5 pl potassium methanesulfonate (KMS) based intracellular solution

(Table 4) containing 80 uM Alexa Fluor 594 Hydrazide and 300 uM Texas Red Dextran 3
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kDa. The patch pipette was inserted into the pipette holder (G23 Instruments, London,
UK) of the headstage (Multiclamp 700b, Molecular Devices, San Jose, USA) as described
for extracellular field recordings (Chapter 3.4.2), but was kept in the voltage-clamp (VC)
mode. In the VC mode, the patch-pipette is set to a specific potential (holding potential)
and the current injected by the amplifier needed to achieve this potential is measured.

Table 4 KMS based intracellular solution

Concentration (mM) Osmolarity MW
(mOsm/kg) (g/mol)
Methanesulfonic acid 135.00 135.00 96.11
KOH 135.00 135.00 56.11
HEPES 10.00 10.00 238.30
di(Tris)-Phosphocreatine  10.00 10.00 453.40
MgCl. 6H.0 4.00 12.00 203.30
Na,-ATP 4.00 12.00 554.10
Nax-GTP 0.40 1.60 523.20

438 ul Methanosulfonic acid was mixed with 30 ml dd H20. pH was adjusted with 1 M
KOH, pH 7.2, osmolarity 290 mOsm/kg

In the bath solution, no holding potential was set and the corresponding current was
offset-corrected to zero. Next, a voltage step of -10 mV was repeatedly applied for 100 ms
and the amplitude of the corresponding current was used to calculate the resistance of the
patch-pipette applying Ohm’s law. Patch-pipettes with a resistance of 3.5-5 MQ were then
used for patch clamp recordings of astrocytes. In order to prevent the pipette from
clogging while approaching the identified astrocyte in the brain slice, slight positive
pressure was applied to the patch-pipette by a 1 ml syringe connected to the pipette
holder with a silicon tube. When the pipette tip was positioned in close proximity to the
astrocyte soma, a small pit on the cell membrane induced by the positive pressure was
visible and the resistance of the pipette increased. At this point, the positive pressure was
released from the patch pipette and, in turn, the cell membrane sealed the pipette tip
resulting in a resistance of several hundred MQ. In order to increase the seal resistance,
slight negative pressure was applied to the pipette until a resistance of >1 GQ was
established. Then, a holding potential of -70 mV was applied and capacitive artifacts were
compensated. Finally, the cell membrane was opened by short suction pulses on the

mouthpiece of the syringe holder resulting in electrical contact to the cytoplasm (whole-
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cell configuration). In this configuration, originally established by Neher and Sakmann
(Neher and Sakmann, 1976), electrical properties of astrocytes were accessed and
astrocytes were filled via the pipette with fluorescent dyes (Alexa Fluor 488 & Texas Red
Dextran 3 kDa) in order to visualize their morphology and network, respectively (Chapter
3.8.2).

In the whole-cell configuration, the access to the cell cytoplasm is limited by the size of the
pipette tip and the quality of the membrane opening. This was quantified by the access
resistance (Ra), which was determined in the VC mode by applying a 10 mV voltage step
(AV) and the corresponding current (Figure 12C). During the initial phase of the voltage
step, the current charges the capacitance of the cell membrane (Impedance virtually 0)
and is, thus, predominantly defined by Ra. Therefore, R, was calculated by the peak
amplitude of the current (Ipeak) shortly after the onset of the voltage step and AV using
Ohm’s law (Equation 3) (Numberger and Draguhn, 1996).

(3) R, = AV

Ipeak

Next, the membrane (or input) resistance (Rm) and resting membrane potential (MP) were
guantified in the CC mode. In the CC mode, the current injected by the amplifier is defined
and the corresponding potential is measured. When no current was applied to the cell, the
resting MP defined the measured potential. In order to determine the Rm, a current (Al)
was applied to the cell in 100 pA steps and the corresponding potential change was
recorded (Figure 12B). Since a current injection led to an artificial voltage drop at Ra, the
potential was compensated using the bridge balance function. Thus, the Ry, was
calculated using Ohm’s law from Al and the membrane potential after a steady state
(Vsteady stae) Was reached (when the membrane capacitance was completely charged)
(Equation 4).

(4) R — Vsteady state
m= Al

3.4.4 Whole-cell patch clamp recordings of CA1 pyramidal neurons and inhibitory
input
The inhibitory input of CA1 pyramidal neurons was investigated by recording spontaneous
inhibitory postsynaptic currents (sIPSC). For this purpose, whole-cell patch clamp
recordings from CA1l pyramidal neurons were performed with 300 pm thick rat
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hippocampal slices in the submersion-type chamber incorporated in the Scientifica two-
photon excitation fluorescence microscope (Chapter 3.8.1). In order to silence excitatory
synaptic input and, in turn, isolate GABAaR-mediated currents, 10 uM NBQX and 50 pM
D-APV were added to the extracellular solution. The general procedure of patch-clamp
recordings of a CA1 pyramidal neuron was similar to the recordings of astrocytes as
described in chapter 3.4.3. In contrast, patch-pipettes were filled with a KCl-based
intracellular solution in order to obtain isomolar CI- concentrations inside and outside the
patched cell (Table 5). In addition, 40 uM Alexa Fluor 594 and 2 mM QX314 were added
to the intracellular solution to visualize the morphology of the patched neuron and to
inhibit voltage-gated sodium channels specifically in the patched neuron, respectively.
After establishing of the whole-cell configuration, the neuron was clamped to -70 mV in
the VC mode and filled with the intracellular solution for five minutes. Next, SIPSCs were
recorded at a sampling frequency of 33 kHz (online low-pass filtered (Bessel
characteristics) at a cut-off frequency of 20 kHz) during five periods of five seconds every
30 s. Analysis was performed with pClamp (Molecular Devices, San Jose, USA) using the
template-search event detection function to isolate the individual sIPSCs (offline low-pass
filtered (RC characteristic) at a cut-off frequency of 1 kHz). In order to determine the
decay time constant () and full-width at half maximal amplitude (FWHM), only sIPSCs
that were clearly separated from other sIPSCs were analyzed. The FWHM was obtained
from single sIPSCs. For the decay time constant, all SIPCSs were first averaged and then
analyzed by a monoexponential decaying function (y = A x exp(-x/t)) from 90% of the

sIPSC amplitude back to baseline.

Table 5 KCI based intracellular solution

Concentration (mM) Osmolartiy MW
(mOsm/kg) (g/mol)
KCI 135.00 270.00 74.56
HEPES 10.00 10.00 238.30
di(Tris)-Phosphocreatine  10.00 10.00 453.40
MgClz 6H20 2.00 6.00 203.30
Na-ATP 4.00 12.00 554.10
Nax-GTP 0.40 1.60 523.20

pH was adjusted with 1 M KOH, pH 7.2, osmolarity 290 mOsm/kg
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3.4.5 Induction of spontaneous epileptiform activity

The experiments addressing the functional consequences of astrocyte morphology
changes and uncoupling induced by epileptiform activity consisted generally of a 10-
minute-long baseline period which was followed by pharmacologically induced
epileptiform activity. For the induction of epileptiform activity, the hippocampal slices were
treated with an aCSF containing 4 mM penicillin G sodium salt for 30 minutes. In a subset
of experiments, the penicillin was applied together with a modified aCSF without MgSO4 (0
Mg?* aCSF). Afterwards, regular aCSF containing 10 uM NBQX and 50 uM D-APV was
applied to the hippocampal slices in order to wash out the penicillin and inhibit synaptic
transmission. When these experiments were performed in a submerged-type recording
chamber, the hippocampal slices were placed on a custom-made grid in order to provide
an improved slice perfusion. This grid consisted of a U-bended injection needle with a
small grid-like net (common fly-net) glued on top. In order to further facilitate epileptiform
activity, the basal KCI concentration of the aCSF was, if not stated otherwise, increased to

4 mM throughout these experiments

3.5 Micro-iontophoresis of glutamate, K* and TMA*

For local and precise application of glutamate-, K* or TMA®, a micro-iontophoresis system
(MVCS-02, npi, Tamm, Germany) was used. The iontophoresis technique operated by the
application of a current to a pipette filled with the ion of interest and, in turn, to the ejection
of that particular ion. Positively charged ions (K* and TMA™) were ejected via a positive
current, whereas a negative current was used for the negatively charged glutamate. To
this end, iontophoresis pipettes were pulled from glass capillaries with filament (GB150F-
10, Science Products, Hofheim, Germany) with a horizontal puller (Model P-1000, Sutter
Instruments, Novato, USA) to yield tip openings of only approximately 100 nm. Next, the
iontophoresis pipettes were filled with a solution containing 150 mM L-glutamic acid
(adjusted to pH 7.0 with NaOH), 150 mM KCI, 3 M KCI or 100 mM TMA*CI. Additionally,
60 uM of the fluorescent dye Alexa Fluor 594 were added to the solution in order to
visualize the pipette in the brain slice. In the bath solution, the pipette capacitance was
compensated until the application of a rectangular test-pulse (10 nA for 10 ms) led to a
rectangular voltage response. Afterwards, the pipette resistances were determined with a
built-in routine of the amplifier and ranged from 70-120 MQ for pipettes filled with 150 mM
L-glutamic acid, 150 mM KCI and 100 mM TMACI. Pipettes filled with 3 M KCI exhibited
resistances between 8-12 MQ. In order to prevent a leakage out of the pipette, a small

retain current of £5-15 nA (positive for glutamate’; negative for K* and TMAY) was
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constantly applied. The amplitude and duration of the injection current are indicated in the
corresponding method-chapters.

3.6 lon-sensitive microelectrodes

lon-sensitive microelectrodes were used in order to investigate the extracellular
concentration of K* or TMA*. In general, such electrodes consisted of two compartments,
the ion-sensitive and the reference compartment.

The ion-sensitive compartment consists of a liquid ion exchanger solution (ionophore) that
is highly selective for a particular ion and a back-fill solution that contains this ion.
Accordingly, a Nernst potential across the ion exchanger is generated that depends on the
specific ion concentrations inside and outside of the compartment, i.e. changes of the
exterior ion concentration will also change the Nernst potential across the ion exchanger
(A 10-fold exterior concentration increase of a monovalent ion at 21°C will change the
Nernst potential by ~58 mV). In addition, the ion-sensitive compartment also samples any
ambient potential. In order to only obtain the potential that depends on the exterior
concentration of the particular ion, the ambient potential was measured with the reference
compartment (Erf) and subtracted from the potential of the ion-sensitive compartment
(Eion). This differential potential (Eelectroge) Was then used to deduce the actual extracellular

ion concentration (Chapter 3.6.2) in the brain slice (Equation 5) (Nicholson, 1993).

5) Eelectrode = Eion — Eref

3.6.1 Fabrication of K and TMA*-sensitive microelectrodes

The procedure of fabrication was adapted from Heinemann and Dieter Lux, 1977; Lux and
Neher, 1973 and Wallraff et al., 2006. Theta borosilicate glass capillaries (Inner diameter:
2 mm; wall: 0.3 mm; septum: 0.22 mm; Hilgenberg, Malsfeld, Germany) were pulled with a
horizontal pipette puller (P- 87, Sutter Instruments, Novato, USA) to a tip opening of
approximately 1-2 um. The pulled capillaries were then fixed in a custom-made holder in
front of a stereo microscope. Next, the reference compartment was filled with 154 mM
NaCl and a silver-chloride coated silver wire was inserted. In order to visualize the
position of the electrode in the brain slice, the reference compartment also contained 60
UM of the fluorescent dye Alexa Fluor 594. For fabrication of K*-sensitive microelectrodes
(KSMs), the K*-sensitive compartment was filled with 150 mM KCI and connected with a
shortened microloader pipette tip (Microloader™, Eppendorf, Hamburg, Germany) via a

silicon tube to a 1 ml syringe. Both compartments were then sealed with hard wax
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(Deiberit 502, Siladent, Goslar, Germany). In order to render the inner tip of the K*-
sensitive compartment hydrophobic (‘silanization’), the glass was treated with a mixture
(21:1) containing Dichloromethane and Trimethylchlorosilane. For this purpose, the tip of
the pipette was lowered into the silanization mixture and slight negative pressure was
applied to the K*-sensitive compartment by pulling the plunger of the connected syringe.
As a result, the tip of the K*-sensitive compartment was filled with the silanization mixture.
By pushing the plunger of the pipette, slight positive pressure was applied and, in turn, the
silanization mixture was released from the pipette. This procedure was then repeated five
to ten times. Afterwards, the pipette tip was transferred into a mixture containing a K*
ionophore (Potassium ionophore | - cocktail A or B) and filled by applying negative
pressure. When a column of approximately 300-500 um was reached, the negative
pressure was removed and the K* ionophore mixture was allowed to equilibrate for
roughly five minutes while the pipette tip remained in the mixture. Finally, the microloader
pipette tip in the K*-sensitive compartment was replaced by a silver-chloride coated silver
wire and again sealed with hard wax.

For the fabrication of Tetramethylammonium-sensitive microelectrodes (TSM), the same
procedure was applied, but 150 mM Tetramethylammonium chloride (TMACI) and a
TMA*-sensitive ionophore solution (IE190) were used for the TMA*-sensitive

compartment.

3.6.2 Calibration and characterization of ion-sensitive microelectrodes

Before being used in a brain slice, the ion-sensitive microelectrode sensitivity to the
particular ion of interest was tested. To this end, the electrodes were calibrated in two
solutions (Cal: & Calz) containing different concentrations of the particular ion of interest
([lon]can & [lon]eaz). The corresponding differential potentials measured by the ion-sensitive
microelectrode (Eca1 & Ecaz) were determined and the potential difference was calculated
(AEca). For subsequent application in an experiment, only ion-sensitive microelectrodes
were used that exhibited a potential change of at least 50 mV to a tenfold change of the
concentration of the ion of interest. Additionally, the resistances of the two compartments
were measured by a built-in circuit of the differential amplifier for ion-selective
measurements.

In order to test the sensitivity of the KSMs to K*, the potential measured by the KSM was
determined in calibration solutions containing 3 or 30 mM KCI and 154 mM NacCl (Table
6). In a subset of experiments, calibration solutions containing 1 or 10 mM KCI were
additionally used. In general, the KSMs responded to a 10-fold increase of the [K*] with a

Nernst-like potential increase (AEca) of around 50 to 60 mV (Figure 10A). There was no
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difference of the potential changes in response to 10-fold increase (3 to 30 mM) between
the two different K* ionophore cocktails (lonophore A or B) used to prepare KSMs (A,
55.40 £ 0.25 mV, n = 80; B, 55.73 £ 0.18 mV, n = 40; p = 0.417, Mann-Whitney U test).
This potential change was later on used to convert the measured potential of the KSM into
the actual [K*]o in the hippocampal slice (see below). A subset of KSMs was also tested
for their potential response to [K*]-changes in the sub-millimolar range. This revealed that
the KSMs showed Nernst-like responses to [K*] changes and only depart from this in the
low sub-millimolar range (Figure 10B). However, this is a magnitude below the basal K*

concentration in our experiments and should not interfere with the measurements.

Table 6 Calibration solutions for K*-sensitive microelectrodes

Calibration solution 1 Calibration solution 2
KCI 3.00 mM 30.00 mM
NacCl 154.00 mM 154.00 mM
A B
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Figure 10 Calibration of K*-sensitive microelectrodes (KSMs). A) The KSM (lonophore cocktail A & B)
were calibrated before each experiment in a solution containing 3 or 30 mM KCI and 154 mM NaCl each.
Additionally, solutions containing 1 or 10 mM KCI were used in a subset of experiments. The potentials for 1,
10 and 30 mM were recorded relative to the potential for 3 mM (offset-corrected to 0 mV) (1 mM KCl, -23.40 +
0.56 mV, n = 10; 10 mM KCI, 30.45 + 0.60 mV, n = 10; 30 mM KCI, 55.51 + 0.18 mV, n = 124). B) KSMs
(lonophore cocktail A & B, n = 5) exhibited voltage-responses (black) to changes of the [K*] in the sub-
millimolar range (0.1 mM, 6.40 + 1.46 mM; 0.5 mM, 43.5 + 1.92 mM, 1 mM, 59.6 + 1.83 mV; 3 mM, 86.10 +
2.37 mV; 10 mM, 119.80 + 2.35 mV; 30 mM, 143.10 + 2.17 mV). The expected voltage responses (red) were
calculated with the Nernst-equation for 21 °C.
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Tetramethylammonium-sensitive microelectrodes (TSMs) were also tested for their
sensitivity to TMA* before each experiment by two calibration solutions containing 1 or 10
mM TMA* (Table 7). Only TSMs that responded to this 10-fold increase of the [TMA*] with
a potential increase (AEca) of around 50 to 60 mV were used for the experiments (57.63
0.44 mV; n = 23). A subset of electrodes was also tested for their sensitivity in the sub-
millimolar range. This revealed that the TSMs showed Nernst-like behavior to changes of
the [TMA*]and only depart from this in the low sub-millimolar range. To correct for that,
the calibration curve was fitted with the Nicolsky-Eisenman equation and the analysis was

adapted accordingly (analyzed by Prof. Dr. C. Henneberger) (Nicholson, 1993).

Table 7 Calibration solutions for TMA*-sensitive microelectrodes

Calibration solution 1 Calibration solution 2
TMACI 1.00 mM 10.00 mM
KCI 3.00 mM 3.00 mM
NacCl 150.00 mM 141.00 mM

The potential change obtained during the calibration (AEca) was then used in order to
generate a calibration curve and, in turn, deduce the ion concentration in the brain slice
([lonlexp) from the measured potential change during the experiment (AEexy). The
calibration curve derived from the Nernst equation that describes the measured potentials
(Ecan & Ecap) by constant factors (summarized in s with R, universal gas constant; T,
temperature; z, valence; F, Faraday constant), the particular ion concentration in the ion-
sensitive compartment and the ion concentration of the calibration solution (Equation 6 &
7). Accordingly, AEca can be described with the constant factors and the ion concentration
of the calibration solutions by the Nernst equation (Equation 8 & 9). Using calibration
solutions differing in their ion concentration by the factor 10, AEc. equates s and thus
served as the slope of the calibration curve (Equation 11 & 11). In order to generate the
calibration curve, AE.ywas then used as the summarized constant factors for the Nernst
equation that describes the potential change measured in the brain slice (AEexp) by the
basal ion concentration ([lon]sasa)) @and the ion concentration corresponding to the potential
change ([lon]exp) (Equation 12). By solving equation 13 for [lon]exp , the ion concentration in
the brain slice was then calculated from the measured potential change, the factor s (i.e.

AEca) and the basal ion concentration (Equation 13-15).
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3.6.3 Extracellular K* recordings

The extracellular K* concentration was measured with a K*-sensitive microelectrode

(KSM) in 350 um thick rat hippocampal slices. These experiments were conducted in the

interface-type and submerged-type chamber with an aCSF containing 3 mM KCI at 34°C.

To this end, the KSM was connected to the headstage of the ion-sensitive amplifier (ION-

01M, npi, Tamm, Germany) and then calibrated as described in Chapter 3.6.2. The

differential signal of the KSM was amplified by the factor 100, low-pass filtered with 1 kHz

(Bessel; LPBF-01GX, npi, Tamm, Germany) and sampled as a DC signal at a frequency

of 10 kHz. The ionophore cocktail that was used for the particular experiments can be

retrieved from Table 8.
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Table 8 Overview of the experiments and the used ionophore cocktail

Experiment Chapter lonophore cocktail
K* transients evoked by axonal & synaptic 4.1.2 A

activity

K* transients evoked by axonal activity 4.1.3 A

K* spread in the ECS 4.1.4 A

Small iontophoretically evoked K* transients 4.1.5 A&B

Large iontophoretically evoked K* transients 4.1.5 A&B

lontophoretic K* application with varying current 4.1.6 B

amplitude and duration

K* transients during a reduced ECS fraction 4.1.8 B

In the interface-type chamber, the KSM was placed in the str. radiatum of the CA1 region
and K* transients were evoked by SC stimulation with a bipolar stimulation electrode at
the CA3/1 border simultaneously to field potential recordings as described in Chapter
3.4.2. During the experiments with intact synaptic transmission, neuronal activity and
corresponding K* transients were evoked at an interval of 30s with a paired-pulse
stimulation with an interstimulus interval of 50 ms. The stimulus intensity was adjusted to
obtain ~75% of the maximum fEPSP amplitude. In the presence of the glutamate receptor
blockers NBQX (10 uM) and D-APV (50 uM), K* transients were evoked by a high-
frequency stimulation (HFS, 50 pulses at 100 Hz, 100 us pulse-duration) at an interval of 1
minute. The stimulus intensity was adjusted to obtain maximal FV amplitudes.

In the submerged-type chamber, recordings of the extracellular K* concentration were
performed in the presence of 1 uM TTX, 10 uM NBQX and 50 uM D-APV in order to
silence neuronal activity and, in turn, prevent activity-dependent K* release. Accordingly,
K* transients were evoked by the iontophoretic K™ application (Chapter 3.5) and measured
in the CA1 str. radiatum at a depth of 50-120 um. All experiments consisted of a baseline
period followed by either a period of drug treatment (Meclofenamic acid, MFA or
Carbenoxolone, CBX) or a prolonged baseline period (Control). The baseline period
(Baseline) was recorded and used for further analysis when the evoked small and large K*
transients showed stable peak amplitudes over a period of 30 and 10 consecutive K*
injections, respectively. These ‘Small’ and ‘Large’ K* transients were evoked with
iontophoresis pipettes filled with 150 mM KCI (800 nA for 200 ms, 15 s interval) and 3 M
KCI (900 nA for 500 ms, 45 s interval), respectively. For experiments with K* transients of
variable peak amplitudes (‘ramps’), iontophoresis pipettes were filled with 3 M KCI and K*

was applied at an interval of 20 s with different injection current amplitudes (190, 380,
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570, 760 and 950 nA for 500 ms) or durations (900 nA for 100, 200, 300, 400, 500 and
600 ms). The complete time course of the ‘ramp’-experiments consisted of 30 test-
injections (200 nA for 500 ms or 900 nA for 200 ms) followed by the first two consecutive
‘ramp’-injections, followed by 45 additional test-injection and, finally, the last two
consecutive ‘ramp’-injections. Here, the first 30 test-injection were used as a baseline
period before CBX was applied following the first two consecutive ‘ramp’-injections. In a
subset of experiments, the two consecutive ‘ramp’-injections with modulated current
amplitude were directly followed by two duration-modulated ‘ramp’-injections.

After the experiments, the sites of K* injection and measurement were recorded by
obtaining an image-stack (x-y-z) of the KSM and the iontophoresis pipette. The distance
between the tips was then calculated using the Pythagorean theorem.

For obtaining the actual extracellular ion concentration from the potential measured with
the KSM, all recordings were offset corrected to the potential before the onset of the K*
transients and then converted using the modified Nernst equation as shown in chapter
3.6.2 ([lon]basa = 3 mM). Only the potentials that were recorded during the experiments
employing the hypoosmolar solution (Chapter 4.1.8) were not offset corrected. Instead,
offset shifts were also converted into concentration and subsequently used as [lon]pasa in
the modified Nernst equation.

In order to analyze the decay of the evoked extracellular K* transients, the time course of
the K* transients (when it had declined to 90% of its peak amplitude) was fitted with either

a monoexponentially (16) or a biexponentially (17) decaying function.

(16) y=A x e

17)

__Xx x
y :Afast X e( Tfast) +AleW X e(_Tslow)

3.6.4 Analysis & modulation of the ECS structure

For the analysis of the ECS structure, the real-time TMA*-iontophoresis approach in
combination with TSMs (Chapter 3.6) was employed. This method was already
established in the late 1970s by Charles Nicholson and his colleagues. It employs the
application of specific ions into the ECS, its subsequent extracellular diffusion and its
detection at a distance from its source (Figure 5B). Commonly used ion is
Tetramethylammonium (TMAY) since it is mostly not taken up by cellular structures. Thus,
their extracellular diffusion and concentration is largely shaped by the structure of the

ECS. The extracellular concentration of the TMA* is then measured with a TMA*-sensitive
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microelectrode (TSM) at a distance of a few hundred micrometer from its source. The
corresponding time-dependent TMA* concentration profile thus depends on the ECS
structure, which can be retrieved by curve-fitting of this profile with a function that
incorporates the ECS volume fraction, the tortuosity, the amount of applied TMA®, the
distance between TMA® release and recording site and unspecific uptake (Nicholson,
1993; Nicholson and Phillips, 1981; Sykové and Nicholson, 2008).

350 um thick rat hippocampal slices were placed in the submersion-type recording
chamber and superfused with 34°C warm aCSF. This aCSF contained 0.5 or 1 mM
TMACI in order to provide a known basal extracellular TMA* concentration for the
conversation of the recorded potential into the extracellular TMA* concentration. Inhibitors
for voltage-gated Na* channels (1 uM TTX), AMPARs and NMDARs (10 uM NBQX and 50
MM D-APV) were either present throughout the experiment (Chapter 4.1.7) or added at a
later time-point (Chapter 4.2.2). Next, an iontophoresis pipette filled with 100 mM TMACI
and a TSM was placed in the CAL1 str. radiatum at distance of 100-200 um (Figure 11A).
Then TMA™ was injected into the ECS with a steady +20 nA current via the iontophoresis
pipette in order to maintain a constant transport number throughout the experiment. The
corresponding slow increase of the basal TMA®™ concentration was simultaneously
recorded with the TSM. When the basal TMA™ concentration reached a stable level,
additional TMA™ was applied with +120 nA for 30s at an interval of 1.5 or 2 minutes. The
corresponding potential change recorded with the TSM was then converted into the actual
extracellular TMA* concentration using the modified Nernst equation (Chapter 3.6.2). To
this end, the recorded potentials were not offset corrected and the particular elevated
basal TMA* concentration ([TMA']asa) Was used for conversion. This resulted in an
extracellular TMA* transient as the example in Figure 11B depicts. In order to extract the
ECS structure from such a diffusion profile, the profiles were fitted with the following
equation (Sykova and Nicholson, 2008) via a custom-written Matlab (MathWork, Natick,
USA) routine (by Prof. Dr. C. Henneberger).

The equation describes the extracellular TMA* concentration over time by several factors.
The source strength of the iontophoretic TMA™ application (Q), which is defined by
application current (1), the Faraday constant (F), the valency of TMA™* (z) and the transport
number (n) (Equation 18). The transport number represents the fraction of applied current
that actually expels an ion. It scales the application current and thus allows an estimation
of the actual applied amount of TMA*. Typically, each iontophoresis pipette is tested in

agarose gel for its transport number before each experiment.

(18) _I><n
Q= Fz
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The TMA™ concentration (C) at time t was measured at a particular distance (r) from the
TMA* source and is defined by Q, the ECS fraction (a), the TMA™ diffusion coefficient in
the ECS (D*) and the unspecific TMA* uptake by cellular structures (k). The function ‘erfc’
is the complementary error function. The rising phase of the TMA" transient during the
TMA* application period (ta = 30 s) and the falling phase after the application period (t>t.)
is described by equation 19 and equation 20, respectively (Hrabé&tova and Nicholson,
2007).

(29) 0 - K
c(t) = 8D ar erfc NG + D X exp (VtD*)
A ViD*
+erfc ZW_ Ex exp (—VtD*)
(20) Ct>ty,)=C(t)—C(t—t,)

For the fitting procedure, the distance between TMA* source and site of measurement (r),
the Faraday constant (F), valency of TMA* (z = 1) and the application current (I = 100 nA)
were fixed and the other parameters were determined by the curve fitting. Since the
transport number (n) was not determined for the used iontophoresis pipettes in an
agarose gel before use, n was also determined by the curve fitting. Consequently, no
statement about the actually expelled amount of TMA*was possible. In turn, this diffusion
analysis provided no estimate about the absolute values of the ECS characteristics, such
as its volume fraction (a). However, the relative changes of the extracellular volume
fraction (a) during an experiment over time can be retrieved from this analysis (Figure
11B).

In order to modulate the ECS fraction, different hypoosmolar aCSF solutions were applied
to the hippocampal slices. The aCSF’s osmolarity was decreased to 220 mOsm/kg or 180
mOsm/kg by reducing the concentration of NaCl to ~85.5 mM or 68 mM, respectively. In a
subset of experiments the osmolarity of the aCSF with the reduced NaCl concentration

was adjusted to 300 mOsm/kg by adding Sucrose.

47



Materials & Methods

TTX + GluR blocker

0.7 ¥ TMA” transient
lontophoresis TSM 0.6 ‘\‘ it

0.5
0.4/
CA1 0.3

CA3 @ 0.2
01] |

0.0 J TMA' B e
0 20 40 60 80

Time (s)

[TMA™] (mM)

Figure 11 Analysis of the ECS structure by TMA* diffusion analysis. A) TMA* was injected into the ECS
via an iontophoresis pipette in the CA1 str. radiatum. The extracellular TMA* concentration was then recorded
with a TSM 100-200 pum distant from the iontophoresis pipette. B) TMA* was injected with a +120 nA current
for 30 s, diffused in the ECS and finally resulted in the recorded TMA™ transient. This transient was then fitted

(see text) in order to retrieve the ECS structure. Figure by Prof. Dr. C. Henneberger.

3.7 Stereotactic virus injections

Extracellular glutamate transients in the hippocampus were investigated with the intensity-
based glutamate-sensing fluorescent reporter (iGluSnFR) (Marvin et al., 2013). For this
purpose, iGluSnFR was expressed under the control of the glial fibrillary acidic protein
specifically by astrocytes after transfection with an adeno-associated virus (AAV)
(AAV1.GFAP.iGIuSnFR.WPRE.SV40, Vector Core, University of Pennsylvania, USA). The
AAV was delivered to the hippocampi of 21 to 28 days old FVB mice by bilateral
stereotactic injection. First, the mice were anesthetized by an intraperitoneal (i.p.) injection
of a mixture of Fentanyl (0.05 mg/kg bodyweight (bw)), Medazolam (5 mg/kg bw) and
Medetomidin (0.5 mg/kg bw) and placed on a heating plate at 36°C in order to maintain
their body temperature. The mice were considered as deeply anesthetized when no motor
reaction was observed to a gentle pinch of the paws. Next, the eyes were covered with
eye ointment (Bepanthen®) to prevent them from drying-out and the hair on top of the
head was removed with small scissors or an electric shaver. After the hair was removed,
the skin was disinfected with 70% Ethanol and locally anesthetized by applying Xylocaine.
The mice were then head-fixed in a stereotactic frame (Model 901, David Kopf
Instruments, Tujunga, USA) and the scalp was cut along the midline with small scissors
until bregma and lambda were visible. Small hooks (custom-made from injection needles)
were used to drag the scalp apart and keep the skull exposed during the surgery.
Afterwards, the stereotactic frame was used to move a micro-injection pump (UMP3, WPI,

Sarasota, USA) with the AAV-filled syringe (NanoFil 10 pl, WPI, Sarasota, USA) above
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the exposed skull. Using the tip of the injection needle (NanoFil 34G BVLD, WPI,
Sarasota, USA), the position of the injection was determined (relative to bregma:
anterior/posterior: -3.5 mm, lateral: £3 mm, ventral: -2.5 mm) and marked on the skull with
a surgical marker. At these positions, the skull was opened with a dental drill and,
subsequently, the injection needle was lowered into the hole until the meninges were
pierced. The needle was then again withdrawn and 50 nl of virus particles were ejected in
order to ensure that the needle was not clogged. When this was the case, the small drop
was removed from the tip and the needle was moved down to the final position in the
brain. Next, 500-1000 nl of virus particles were injected at a rate of 50 or 100 nl/min.
Afterwards, the needle was left in place for a few minutes until it was removed and the
procedure was repeated for the other hemisphere. Finally, the scalp was sutured (Ethicon,
Cincinnati, USA) and the wound was treated with an antibacterial créme (Gentamicin, 1
mg/g). The mice received an i.p. analgesic injection (Carprofen, 5mg/ kg bw) followed by
mixture of Naloxone (1.2 mg/kg bw), Flumazenil (0.5 mg/kg bw) and Atipamezol (2.5
mg/kg bw) in order to stop the anesthesia. After recovery from anesthesia, the mice were
transferred back to their home-cage and observed daily over a period of three days. Two

to three weeks after the surgery, the mice were sacrificed and used for experiments.

3.8 Imaging

3.8.1 Two-photon excitation fluorescence microscopy setups

Imaging experiments were performed with a Scientifica two-photon excitation
fluorescence microscope (Scientifica, Uckfield, UK) and a FV10MP system (Olympus,
Tokyo, Japan) optically linked to a femtosecond Ti:sapphire pulse laser Vision S
(Coherent, Santa Clara, US; nominal 73 fs pulse width). At both setups a neutral-density
gradient filter (Thorlabs, Newton, USA) was integrated in the light path of the laser that
allowed adjusting the laserpower under the objective and, likewise, at the focal plane. The
Scientifica and the Olympus system were equipped with a 40x (NA 0.8) and a 25x (NA
1.0) objective (Olympus, Tokyo, Japan), respectively. For separating the spectra of the
fluorescent signal at the Scientifica system, a dichroic mirror separated the fluorescent
signal at 565 nm and reflected wavelengths smaller than 565 nm to a green filter (band-
pass 500 to 550 nm, ‘green channel’) or transmitted wavelengths larger than 565 nm to a
red filter (band-pass 600 to 660 nm, ‘red channel’). At the Olympus system, the
fluorescent signal was separated at 570 nm and reflected to a green filter (band-pass 515
to 560 nm, ‘green channel’) or transmitted to a red filter (band-pass 575 to 630 nm, ‘red

channel’), respectively. Subsequently, the fluorescence signals were detected and
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amplified by photomultiplier tubes. The Scientifica and the Olympus system were
controlled by the Matlab-based (MathWork, Natick, USA) software Scanimage (Scientifica,
UK) and FV10-ASW (Olympus, Japan), respectively. For light microscopy of the brain
slice, the microscopes from Scientifica and Olympus were equipped with an infrared light
source and Dodt or differential interference contrast (DIC) optics, respectively, that were
displayed on a monitor (Dell, US and Benq, China) via a camera (Watec Incorporated,
Pine Bush, USA).

3.8.2 Visualization & quantification of the astrocyte network

For visualization of the astrocyte network and morphology, an astrocyte was patched at
the Scientifica two-photon system, kept in the whole-cell configuration for 10 minutes as
described in Chapter 3.4.3 and filled with the fluorescent dyes Alexa Fluor 488 and Texas
Red Dextran 3 kDa. Since Alexa Fluor 488 is gap junction channel permeable and
therefore can diffuse into adjacent coupled astrocytes, it was used to visualize the coupled
network. In contrast, the gap junction channel impermeable Texas Red Dextran 3 kDa
stayed in the patched astrocyte and was used to visualize the cell morphology.
Subsequently, both dyes were excited with an excitation wavelength of 800 nm. Light is
scattered in the brain tissue and consequently the laser power decreases with increasing
depth in the tissue. In order to keep the laser power similar between experiments, the
laser power under the objective was adjusted according to the depth of the imaged
astrocyte in the tissue. In order to avoid photodamage induced by a high laser power, the
laser power was adjusted to obtain approximately 2 mW at the patched astrocyte. Due to
their different fluorescent spectra, the fluorescence signal from Alexa Fluor 488 was
visualized in the green channel, whereas the Texas Red Dextran (3 kDa) signal was
visualized in the red channel.

In order to image the astrocyte network, an x-y-z image stack (512 x 512 pixels, 0.65
pm/pixel) was obtained in 2 um z-steps from the brain slice surface towards the last
detectable fluorescent cell. The analysis of the gap junction coupled network was then
performed in ImageJ (NIH, USA) and Excel 2010 (Microsoft, Redmond, USA). Fluorescent
cells were manually identified in the green channel and their soma position in the image
stack (x-y-z) as well as the background-corrected maximal mean soma fluorescence
intensity (3.25 x 3.25 um region of interest in x-y plane) were determined. Since the
measured fluorescence intensity (F(z)) of a probe decayed monoexponentially (t; 38.5
pm) with the depth (z) in the tissue, the actual soma fluorescence intensity (Fo) was

calculated for each cell and used for further analysis (Equation 21 -22).

50



Materials & Methods

(21) F(z) = Fy x e/
(22) F(2)
FO = ﬁ

Next, the depth-corrected soma fluorescence intensity (Fo) of each cell was normalized to
the initially patched astrocyte. For quantifying the strength of gap junction coupling, the
number of coupled cells (excluding the patched astrocyte) and their cumulative
normalized fluorescence intensity were used. Cells that exhibited normalized fluorescence
intensities below 1% were discarded from the analysis in order to prevent the inclusion of

ambiguous and other faintly fluorescent structures (e.g. autofluorescence).

3.8.3 Imaging of extracellular glutamate transients using iGluSnFR

Imaging of extracellular glutamate was performed either at the Scientifica two-photon
excitation fluorescence microscope (Scientifica, Uckfield, UK) and/or at the FV10MP
system (Olympus, Tokyo, Japan) with an excitation wavelength of 910 nm. As described
in the previous chapter, the laser power under objective was adjusted according to the
depth of the imaged astrocyte in the tissue. Thus, the laser power at the imaged astrocyte
was kept constant at 2 mM and photodamage was avoided. For this purpose, horizontal
hippocampal slices were obtained from AAV-injected FVB mice that expressed the
fluorescent glutamate sensor iGluSnFR specifically on the surface of astrocytes (Chapter
3.7). This green fluorescent protein-based sensor reacts to the binding of glutamate with a
conformational change and, in turn, with an increase of the fluorescence intensity (Marvin
et al., 2013). In order to evoke glutamate transients, glutamate was either directly applied
by an iontophoresis pipette (Chapter 3.5) or glutamate release from synapses was
triggered by axonal stimulation.

The experiments that used synaptic activity for evoking glutamate transients were
performed on the FV10MP system and consisted of a line scan (8x Zoom, 14.65 um,
74x715 pixel, 1.4 ms/line) over one second in a CALl str. radiatum astrocyte territory
simultaneously to axonal stimulation. A line scan is obtained by the repetitive imaging of a
single line over time. This provides information about the spatial profile of the extracellular
glutamate transients along the imaged line. In addition the repetitive imaging of this line
provides information about the temporal profile of the extracellular glutamate transients.

In each hippocampal slice, several randomly chosen astrocytes were imaged during
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baseline conditions and after epileptiform activity. For evoking glutamate transients, SCs
were stimulated (stimulation intensity was set to obtain a fEPSP with a slope of 60-70% of
its maximal value) with five pulses at 20 Hz. This pulse-train was repeated 10 times at an
interval of 15 seconds for each imaged astrocyte and the corresponding line scans were
subsequently averaged for analysis. These line scans were then background-corrected
and analyzed for the peak amplitude of the five evoked fluorescence peaks and the
fluorescence decay (monoexponentially decaying function) after the last peak using a
custom-written Matlab script (by Prof. Dr. C. Henneberger).

The experiments that used the iontophoretic application of glutamate were performed at
the Scientifica two-photon excitation fluorescence microscope (Scientifica, Uckfield, UK)
and the FV10MP system (Olympus, Tokyo, Japan) in collaboration with Dr. D. Minge.
Astrocytes expressing iGIUSNFR in the CA1 str. radiatum were imaged by a line scan
close to the tip of the iontophoresis pipette (Scientifica, 8x Zoom, 41.57 um, 512x1024
pixels, 2.64 ms/line; FV10MP, 13.8x Zoom, 27.79 um, 386x1024 pixels, 2.64ms/line)
simultaneously to the iontophoretic glutamate application. First, glutamate was applied
three times for 250 ms with a 5 nA current injection via the iontophoresis pipette at an
interval of 30 s. Afterwards, glutamate was applied three times with a 100 nA current in
order to saturate the sensor. The respective line scans were then averaged and corrected
for background. Next, the line scans corresponding to the 5 nA application were binned
into sections of 1 um and normalized to their basal fluorescence intensities (before the
onset of glutamate application). For converting the normalized fluorescence intensities (F)
of the 5 nA line scans into the actual glutamate concentration ([Glu]), the dissociation
constant of iGluSnFR (Kg4, 4.3 puM, determined previously by M. Herde, PhD), the
normalized saturated (Fmax) and the normalized basal fluorescence intensities (Fo) were
used (Equation 23). Since the ambient extracellular glutamate concentration is relatively
low (<100 nM) compared to the Ky of iGIUSnFR (Cavelier and Attwell, 2005; Herman and
Jahr, 2007; Meur et al., 2007), it was assumed that Fo represents the fluorescence without
glutamate bound.

(23) F—F
Glul =K _—
[Glu] p X E_—F

Subsequently, the accumulation of the applied glutamate was quantified for each line by
the accumulation constant (1) that was determined by fitting the glutamate concentration
over the 250 ms of iontophoretic application with the following exponential function
(Equation 24)

t
(24) [Glul = Ax (1—e™7)
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In order to standardize and allow a comparison of the accumulation constants between
different experiments, the line with the fastest glutamate accumulation (smallest t) was
defined as closest to the point of glutamate application (tip of the iontophoresis pipette).
Thus, the glutamate accumulation was compared between the respective lines relative to
the glutamate application point.

Additionally, the spatial glutamate spread was quantified by fitting the fluorescence profile
at the end of the glutamate application period (when the peak concentration was reached)
by a gaussian function. The full-width at half maximum of this function was then used as a

readout (Equation 25).

(25)

X—XC)Z

(Glu] = A x e~

3.9 Statistics

The data is presented as mean + standard error of the mean (s.e.m.) with n as the
number of samples. All statistical analyses were performed with Excel 2010 (Microsoft,
Redmond, USA) and OriginPro 2016 (OriginLab, Northampton, USA). For testing the
distribution of the data sets, the Shapiro-Wilk test was used. The statistical difference
between normally distributed unpaired and paired data sets were tested with the two-
sample Student’s t-test and the paired two-sample Student’s t-test, respectively. When the
variances of the data sets, tested by the two-sample test for variance, were significantly
different, the Welch-correction for the two-sample Student’s t-test was used. Non-normally
distributed unpaired and paired data sets were tested with the Mann-Whitney U test and
the Wilcoxon’s signed-rank test, respectively. For comparing more than two data sets, a
one-way or two-way analysis of variance (ANOVA) with post-hoc test (indicated in the
figure legends) was used. Statistical significance is indicated in the figures with asterisks
(* p<0.05; * p <0.01; *** p < 0.001) and the exact values are given in the figure legend

and text.
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4 Results

4.1 Impact of acute astrocyte uncoupling on K* homeostasis

The first part of this study examined the functional consequences of acute uncoupling of
the astrocyte network on the homeostasis of extracellular K* in acute brain slices. First, a
protocol for acute pharmacological gap junction uncoupling was established and tested
using whole-cell patch-clamp recordings of astrocytes. Next, K*-sensitive microelectrodes
(KSMs) were employed to measure extracellular K* transients in parallel to gap junction
uncoupling. In order to investigate under which conditions gap junction uncoupling affects
the clearance of extracellular K*, such extracellular K* transients were evoked by several
experimental approaches. This included the electrical stimulation of axons and the
concomitant activity-dependent K* release that resulted in rather small extracellular K*
transients and the direct injection of K* into the ECS via an iontophoresis pipette. The
latter was then used to evoke extracellular K* transients of different amplitudes. Finally,
the iontophoresis approach was used in order to test the impact of acute gap junction

uncoupling when the structure of the ECS was modulated.

4.1.1 Pharmacological uncoupling of the astrocyte network

A key feature of astrocytes is the formation of a large network via gap junction channels
(Giaume et al., 2010; Nagy and Dermietzel, 2000). This network has been proposed to
facilitate the clearance of extracellular K* via a mechanism termed ‘spatial K* buffering’
(Orkand et al., 1966).

In order to investigate the role of astrocytic gap junction coupling for K* homeostasis,
pharmacological gap junction inhibitors were used, i.e. Meclofenamic acid (MFA) or
Carbenoxolone (CBX). This approach was advantageous since it avoids long-term
alterations of the astrocyte morphology that were induced by the genetic deletion of the
gap junction channel forming connexins (Ghézali et al., 2018; Pannasch et al., 2014). The
efficacy of these inhibitors to acutely uncouple the astrocyte network was tested in two
subsets of experiments by visualizing the astrocyte network (Chapter 3.4.3 & 3.8.2) in the
presence of MFA or CBX and compared to control conditions (no inhibitors present). For
this purpose, the hippocampal slices were either treated with 50 uM CBX or 100 uM MFA
for 10 minutes before an astrocyte in the str. radiatum of the CA1 region was patched and
filled with the gap junction permeable fluorescent dye Alexa Fluor 488 (Figure 13B) and
the gap junction-impermeable fluorescent dye Texas Red Dextran 3 kDa (TRD) (Figure

12A). After establishing the whole-cell configuration, electrical properties of the patched
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astrocytes, i.e. the resting membrane potential and the input resistance, were determined.
Patched astrocytes exhibited low membrane potentials and input resistances. There was
no significant difference of these properties between astrocytes patched during control
conditions and astrocytes in the presence of 100 pM MFA (Figure 12D&E) or 50 uM CBX
(Figure 12F&G). This indicates that the MFA or CBX treatment induced no alterations of

the basic astrocytic membrane properties, which itself could have impacted on K*
clearance.
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Figure 12 Electrophysiological membrane properties of patched astrocytes. A) This example image
depicts an astrocyte in whole-cell configuration filled via the patch pipette with the fluorescent dye Texas Red
Dextran 3 kDa (300 pM, TRD). B) Current clamp recording of an astrocyte. Somatic current injections (bottom)
and resulting voltage responses (top) were used to determine the input resistance of the patched astrocyte. C)
Voltage clamp recording of an astrocyte. Voltage steps of 10 mV were applied from a holding potential of -70
mV (bottom) and the corresponding peak current response (top) was used to calculate the access resistance
(Figure 13). D&F) The membrane potential of astrocytes from the MFA-treated (Control, n = 5, -85.86 + 2.20
mV; MFA, n =7, -79.00 + 2.10 mV; p = 0.055; two-sample Student’s t-test) as well as CBX-treated slices were
not different from their respective controls shortly after establishing the whole-cell configuration (Control, n =5,
-78.43 + 3.96 mV; CBX, n = 7, -75.4 £ 453 mV; p = 0.627; two-sample Student’s t-test). E&G) The input
resistance of astrocytes from MFA-treated (Control, n =5, 3.00 = 0.69 MQ; MFA, n =7, 2.14 + 0.38 MQ; p =
0.358; two-sample Student’s t-test) as well as the CBX-treated slices were not different from their respective
controls shortly after establishing the whole-cell configuration (Control, n = 5, 12.48 + 5.21 MQ; CBX, n = 7,

9.69 + 7.70 MQ; p = 0.625; Mann Whitney U test). Values of the single recordings and their average are
represented by dots and lines, respectively.
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In addition, the access resistance, a determinant for the access of the patch-pipette to the
cytoplasm, was determined. The access resistance of astrocytes patched during control
conditions was not different from astrocytes patched in the presence MFA (Figure 13C,
left panel) or CBX (Figure 13D, left panel). After 10 minutes of dye-filling, the patched
astrocytes were further identified by their characteristic small soma (~10 pm) and fine
processes, as an example in Figure 12A depicts. The access resistance increased
significantly during the period of dye-filling in the MFA-treated slices and the respective
control slices (Control, 69.54 + 12.18%, n =7, p = 0.0016, paired Student’s t-test; MFA,
87.14 + 31.51%; n =5, p = 0.0147, paired Student’s t-test). There was also a tendency
towards increased access resistances over time in the CBX-treated slices and the
respective control slices (Control, 35.83 + 13.75%, n = 7, p = 0.0532, paired Student’s t-
test; CBX, 22.20 £ 6.96%; n = 5, p = 0.0261, paired Student’s t-test), but there was no
difference between the access resistance in control conditions and in the presence of
MFA (Figure 13C, right panel) or CBX (Figure 13D, right panel), respectively. This
indicated that the dye-filling into the patched astrocyte was not affected by the treatment
with MFA or CBX. Conversely, an impaired dye-diffusion into the network was caused by
a modulated gap-junction coupling and not by an inefficient supply of the dye via the
patch-pipette. In control conditions, the gap junction permeable dye Alexa Fluor 488
diffused into neighboring cells and thereby the gap junction coupled network could be
visualized (Figure 13B. left panel). In contrast, Alexa Fluor 488 was predominantly
restricted to the patched astrocyte when the hippocampal slice was pre-treated for 10
minutes with MFA or CBX (Figure 13B, right panel). This was revealed by a significantly
reduced number of coupled cells in MFA- (Figure 13E) or CBX-treated (Figure 13G) slices
compared to their respective controls. In order to test if the few remaining coupled cells
were also less efficiently coupled, their somatic fluorescence intensities were investigated.
Indeed, the somatic fluorescence intensities of the remaining coupled cell after MFA
(Figure 13F) or CBX (Figure 13H) treatment were significantly lower compared to the cells
in an intact network during control conditions. This indicated that the treatment with MFA
and CBX not only reduced the number of coupled cells, but also that these remaining cells
were less efficiently coupled.

Taken together, these results show that the pre-treatment with either MFA or CBX for 10
minutes significantly impaired the dye-diffusion in the network without affecting the basic
electrical properties of the patched astrocytes. These approaches were then used in the
following experiments to investigate the impact of this acute gap junction uncoupling on

the clearance of extracellular K*.
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Figure 13 Pharmacological uncoupling of the astrocyte network. A) Experimental timeline. Hippocampal
slices were treated with 50 uM CBX or 100 uM MFA for 10 minutes. Next, an astrocyte was patched and filled
with the fluorescent dyes Texas red Dextran 3 kDa (300 pM) and Alexa Fluor 488 (80 pM). After 10 minutes,
an image stack was obtained and the astrocyte dye-coupling was analyzed. B) In slices without drug-
treatment (Control, left), Alexa Fluor 488 diffused from the patched astrocyte into adjacent cells and visualized
the network. In contrast, Alexa Fluor 488 stayed predominantly in the patched astrocyte when the slice was
pre-treated with MFA or CBX (right). C-D) The access resistance of astrocytes in drug-treated slices was not
different from the respective controls shortly after opening the cell (Control, n = 7, 10.32 £ 0.73 MQ; MFA,
12.18 + 1.55 MQ, n = 5; p = 0.257, two-sample Student’s t-test & Control, n =7, 18.04 £ 2.97 MQ; CBX, h =5,
19.37 + 4.63 MQ; p = 0.806, two-sample Student’s t-test) or after 10 minutes of dye-filing (Control, n = 7,
17.45 +1.69 MQ; MFA, n =5, 21.20 £ 1.71 MQ; p = 0.161, two-sample Student’s t-test & Control, n =7, 23.41
+ 3.76 MQ; CBX, n =5, 23.53 + 5.11 MQ; p = 0.923, two-sample Student’s t-test). E&G) The number of
coupled cells was reduced MFA-treated (Control, n = 7, 43.85 + 4.47 cells; MFA, n =5, 8.60 £ 1.66 cells; p <
0.001, two-sample Student’s t-test) and CBX-treated slices (Control, n = 7, 37.85 + 4.10 cells; CBX, n = 5,
4.40 + 0.81 cells; p < 0.001, two-sample Student’s t-test) compared to control. F&H) The cumulative soma
fluorescence intensities of the coupled cells were reduced in MFA-treated (Control, n = 7, 379.42 + 63.81%;
MFA, n =5, 56.27 + 19.96%; p = 0.0018, two-sample Student’s t-test) and CBX-treated slices (Control, n = 7,
326.05 + 99.37%; CBX, n =5, 10.18 + 2.38; p = 0.0058; Mann Whitney U test) compared to control. Values of
the single recordings and their average are represented by dots and lines, respectively.
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4.1.2 Impact of acute astrocyte uncoupling on K* transients evoked by axonal and
synaptic activity

Neurons open K* channels and release K* into the ECS in order to repolarize. Astrocytes
are known to contribute to the removal of this extracellular K* by various mechanisms
(Chapter 1.4.1). One mechanism that has been proposed to facilitate the extracellular K*
clearance is the redistribution of K* through the gap junction-coupled astrocyte network
(Chapter 1.4.2) (Orkand, 1986). However, the extent to which this mechanism contributes
to K* clearance remained a matter of debate.

The first experiment investigating the role of gap junction coupling for K* homeostasis
employed a common experimental arrangement for probing synaptic transmission
(Chapter 3.4.2). These experiments were performed in the interface-type recording
chamber and consisted of axonal stimulation at the CA3/1 border combined with the
recording of field potentials and extracellular K* in the str. radiatum of the CAL region
(Figure 14A). A paired-pulse stimulation (50 ms interstimulus interval) of Schaffer
collaterals (SCs) evoked two consecutive field potentials representing neuronal activity,
i.e. axonal and synaptic activity (Figure 14B, bottom panel). Simultaneously, an increase
of the extracellular K* concentration (‘K* transient’) was observed that lasted for several
seconds (Figure 14B, top panel). This evoked extracellular K* elevations in the low
millimolar range that are generally associated with physiological activity, such as light-
evoked activity in the visual cortex (Connors et al., 1979) or activity in the spinal cord after
skin-stimulation (Heinemann et al., 1990). After recording a 10-minutes baseline period,
gap junction coupling was inhibited by adding 200 uM MFA to the extracellular solution for
10 minutes. The high K* conductance of the astrocytic membrane is a requirement for
spatial K* buffering (Larsen and MacAulay, 2014; Orkand, 1986). The acute inhibition of
the major mediator of this high conductance, the Kir4.1 channel, increased the peak
amplitudes of evoked extracellular K* transients without affecting the decay of the
extracellular K* concentration back to basal levels (Jauch et al., 2002; Larsen et al.,
2014). Consequently, similar would be expected from an acute gap junction uncoupling
when gap junction channels facilitate K* clearance via spatial K* buffering. In addition, a
facilitated neuronal activity would also be expected since augmented extracellular K*
accumulations would directly impact on neuronal excitability (Balestrino et al., 1986;
Hablitz and Heinemann, 1987; Rausche et al., 1990; Voskuyl and ter Keurs, 1981).

In hippocampal slices obtained from juvenile (age of 3-5 weeks) Wistar rats, the synaptic
transmission, quantified by the slope of the first paired-pulse stimulation evoked fEPSP,
was unaffected by gap junction uncoupling (Figure 14D,). In contrast, the paired-pulse
ratio (PPR) was slightly, but statistically significantly increased by 4.45% (Baseline, 1.32 £
0.04; MFA, 1.38 £ 0.04; n =7, p = 0.00712, paired Student’s t-test). This indicates that the
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slope of the second paired-pulse evoked fEPSP was increased after the treatment with
MFA and points towards a slightly decreased neurotransmitter release probability.
However, gap junction uncoupling had no effect on the peak amplitude of the evoked K*
transients (Figure 14F,).

A previous study observed slowed decay rates of extracellular K* transients in
hippocampal slices when the astrocyte network was disrupted by the astrocyte-specific
genetic deletion of the gap junction forming connexins (Wallraff et al., 2006). However, the
decay rates of evoked K* transients were unaffected by gap junction uncoupling in the
present experiments (Figure 14E;:). This indicates that gap junction coupling was not
involved in the clearance of extracellular K* transients under these experimental
conditions. Although it cannot be excluded that the slightly increased slopes of the second
paired-pulse evoked fEPSP were caused by a small augmentation of the evoked K*
transients after gap junction uncoupling that was below the detection limit of the K*-
sensitive microelectrodes. However, the largely unaffected synaptic transmission as well
as the unaffected extracellular K* transient amplitudes and decay rates indicate that K*
clearance was to a great extent independent of astrocytic gap junction coupling.
Conversely, this suggests that gap-junction independent mechanisms (e.g. Na'/K*-
ATPase) mediated the clearance of extracellular K* under these conditions.

Since it has been reported in the literature that the extracellular space (ECS) fraction
decreases with aging and, in turn, could influence the K* homeostasis and the role of gap
junction channels (Sykova and Nicholson, 2008), the experiments were repeated with
hippocampal slices of adult (age of 8-10 weeks) Wistar rats. Again, gap junction
uncoupling had no significant effect on the K* transient amplitude (Figure 14F;, right
panel) or decay (Figure 14E,, right panel). In addition, no significant effect was observed
on synaptic transmission (Figure 14D, right panel) or on the PPR (Baseline, 1.39 + 0.08,
MFA, 1.39 £ 0.06, n = 5, p = 0.996, paired Student’s t-test). In order to exclude time-
dependent effects, recordings without the application of MFA (Control) were performed,
but fEPSP slopes, decay and peak amplitude of K* transients (Figure 14D»-F, left panel)
and the paired-pulse ratio were unaffected (PPR, Baseline, 1.36 + 0.04; Control, 1.34 *
0.02; n = 4; p = 0.565, paired Student’s t-test). This indicates that also gap junction
uncoupling has no impact on extracellular K* clearance in adult animals with a reduced
ECS fraction.

Inhibitory neurons are also known to couple via gap junctions (Connors and Long, 2004;
Fukuda and Kosaka, 2000; Kosaka and Hama, 1985) and, thus, were presumably also
affected by the MFA. Consequently, interneuron activity could be altered that, in turn,
impacts on neuronal activity and the corresponding K* release. Since evoked inhibitory

feed-forward input from those interneurons impacts with a temporal delay and, thus, might
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rather influences the later phase of the signal, the fEPSP amplitude was analyzed.
However, fEPSP amplitudes were unaffected by MFA in hippocampal slices obtained from
juvenile (Baseline, -2.20 + 0.35 mV, MFA, -2.30 £ 0.41 mV, n = 7; p = 0.377, paired
Student’s t-test) and adult animals (Baseline, -2.18 + 0.34 mV, Control, -2.28 + 0.42 mV, n
=4, p = 0.382, paired Student’s t-test; Baseline, -2.21 + 0.14 mV, MFA, -2.10 + 0.20 mV,
n=>5, p=0.267, paired Student’s t-test).

Since a reduction of the ECS would lead to higher extracellular K* concentration when the
same amount of K* is released into the ECS, the stimulation-evoked extracellular K*
accumulation was quantified by the K* transient peak amplitude normalized to the
corresponding neuronal activity (quantified by the fEPSP slope). However, the stimulation-
evoked extracellular K* accumulations were similar in hippocampal slices from juvenile
and adult animals despite their reported different ECS fractions (Juvenile, 0.096 + 0.016
mM/mV*ms?, n = 7; Adult, 0.131 + 0.033 mM/mV*ms?, n = 9; p = 0.372, two-sample
Student’s t-test). This suggests that the clearance mechanisms for extracellular K* also
adapt in an age-dependent manner or that the potential increased extracellular K*
concentration were below the detection level.

Taken together, these findings indicate that acute gap junction uncoupling has nearly no
effect on synaptic transmission and K* transients evoked under the described
experimental conditions. However, the evoked transients had relatively small peak
amplitudes (0.12 £ 0.012 mM, n = 16, both age-groups) and, thus, might be controlled by
other mechanisms than buffering assisted by astrocytic gap junction channels (e.qg.
Na*/K*-ATPase). The employed stimulation might also induce only short and spatially
distributed axonal and synaptic activity and, in turn, only small and local K*-depolarization
of the astrocytic membrane. For instance, the average distance between gap junction
channels of astrocytes in the barrel cortex of mice were reported to be around 1-1.2 pum
(Genoud et al., 2015). If the local active astrocytic domains would be small enough, K*
might be redistributed to neighboring astrocyte domains at rest without passing (or only a
few) gap junction channels. Consequently, acute gap junction uncoupling would not
interfere with local, small-scale K* buffering and could explain the observations. Since
larger extracellular K* accumulations would also induce astrocyte membrane
depolarizations over a larger area, gap junction channel might play a more pronounced
role in limiting this K*-induced depolarization. Therefore, the following experiments
investigated the impact of gap junction uncoupling on K* transients with larger peak

amplitudes.
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Figure 14 Astrocyte uncoupling has no effect on synaptic transmission and corresponding K*
transients. A) Experimental arrangement. The stimulation electrode (Stim) was placed in the str. radiatum at
the border of CA3 and CA1 region and corresponding field potentials (Field) and K* transients (KSM) were
recorded in the CALl str. radiatum. B) Paired pulse stimulation (20 Hz) evoked excitatory field potentials
(fEPSPs, bottom) and corresponding extracellular K* transients (top) before (baseline, black) and after
(orange) 10-15 minutes of MFA treatment. C) The decay of the K* transients was fitted with a
monoexponentially decaying function (fit superimposed in red). D-F) In slices obtained from 3-5-week old
animals, MFA application had no impact on the fEPSP slope (D1, n = 7, p = 0.554, Wilcoxon’s Signed Ranks
test), K* transient decay constant (E;, n = 7, p = 0.609, paired two-sample Student’s t-test) and the K*
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transient amplitudes (F1 n = 7, p = 0.932, Wilcoxon’s Signed Ranks test). There was also no effect in slices
obtained from 8-10-week old animals on the slope of the fEPSPs (Dz; Control, n = 4, p = 0.598, paired two-
sample Student’s t-test; MFA, n = 5, p = 0.318, paired two-sample Student’s t-test), K* transient decay
constant (E2; Control, n = 4, p = 0.497, paired two-sample Student’s t-test; MFA, n = 5, 0.056, paired two-
sample Student’s t-test) and the K* transient amplitudes (F2; Control, n = 4, p = 0.572, paired two-sample
Student’s t-test; MFA, n =5, p = 0.127, paired two-sample Student’s t-test).

4.1.3 Impact of astrocyte uncoupling on K* transients evoked by axonal activity
The aim of this set of experiments was to evoke K* transients of larger amplitude
compared to the previous chapter and probe the impact of acute gap junction uncoupling.
We hypothesized that larger extracellular K* accumulations would depolarize a larger
membrane area including also more gap junction channels. As a consequence, acute gap
junction uncoupling would impair the K* redistribution through these channels and
augment the local depolarization. This would result in a less efficient passive K* uptake
and presumably in increased K* transient peak amplitudes.

In order to evoke larger extracellular K* accumulations, the same experimental
arrangement as before was used (Figure 14A), but CA3-CA1 SCs were stimulated with 50
stimulation pulses at a frequency of 100 Hz (high frequency stimulation, HFS). Since this
kind of stimulation can induce synaptic plasticity and, in turn, uncontrolled changes in K*
release, postsynaptic activity was inhibited by blocking AMPAR and NMDAR (10 uM
NBQX and 50 puM D-APV). Accordingly, the HFS evoked axonal activity that was
represented by a train of 50 FVs (Figure 15A, bottom panels) and corresponding K*
transients with peak amplitudes of ~0.5 mM. After recording of a baseline period for 5
minutes, the gap junction coupled network was inhibited by bath-applying 50 uM CBX for
10 minutes. Next, the axonal activity and the K* transients were compared to baseline
conditions. The axonal activity, quantified by the mean of the 1%, 10™, 20", 30", 40" and
50" FV during the HFS, was not significantly altered by CBX in slices from juvenile Wistar
rats (Figure 15C, left panel). Additionally, gap junction uncoupling had no significant effect
on the peak amplitude or the decay of the evoked K* transients (Figure 15B, middle and
right panel, respectively).

As already mentioned, age-dependent ECS shrinkage could influence the K* homeostasis
and the role of gap junction channels (Sykova and Nicholson, 2008). Thus, the same
experiments were performed in slices from adult Wistar rats. In contrast to slices of
juvenile Wistar rats, the FV and K* transient amplitudes were slightly, but statistically
significant increased after gap junction uncoupling (Figure 15C, left and middle panel,
respectively). Again, the decay of the K* transients was unaltered by gap junction

uncoupling (Figure 15C, right panel). These observations are in line with experiments that
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prevented the spatial K* redistribution by acute Kir4.1 channel inhibition and observed
increased K* transient peak amplitudes (Jauch et al., 2002; Larsen et al., 2014). The
unaltered decay rate of the evoked K* transients after gap junction uncoupling supports
the general idea that the post-stimulus decay is mainly mediated by the Na*/K*-ATPase
(D’Ambrosio et al., 2002; Larsen et al., 2014; Ransom et al., 2000). This further supports
that astrocytic gap junction channels facilitate spatial K* buffering during the accumulation
phase of extracellular K* and not during its decay back to baseline, as already suggested
by Larsen et al. (2014).

In order to test an age-dependent difference of gap junction uncoupling, the K* transient
and the mean FV amplitudes were normalized to their baseline values and compared
between the two age groups. Both, the change of the FV amplitudes (Figure 16A) and the
K* transient peak amplitudes (Figure 16B) after gap junction uncoupling were significantly
larger in hippocampal slices from adult compared to juvenile animals. This observation
was not due to larger K™ accumulations in slices obtained from adult compared to juvenile
animals. In fact, the K* accumulation during basal conditions, quantified by the K~*
transient peak amplitudes normalized to the corresponding mean FV amplitude, was
smaller in hippocampal slices obtained from adult animals (Juvenile, 1.63 = 0.21 mM/mV,
n = 7; Adult, 1.02 + 0.11 mM/mV, n = 10; p = 0.0134, two-sample Student’s t-test).
However, the mean basal FV amplitudes in hippocampal slices of juvenile animals were
similar to those recorded in hippocampal slices of adult animals (Juvenile, 0.46 + 0.047
mV, n = 7; Adult, 0.47 £ 0.06 mV, n = 10; p = 0.903, two-sample Student’s t-test). This
suggests that other factors independently of the age-dependent ECS shrinkage (Sykova
and Nicholson, 2008) modulates the extracellular K* homeostasis, such as the astrocytic
maturation state (Nixdorf-Bergweiler et al., 1994).

Together, these results indicate that gap junction uncoupling does not affect axonal
activity and K* clearance in juvenile animals under the described experimental conditions.
In contrast, the increase of the FV amplitude and the peak amplitude of the corresponding
K* transients in slices from adult animals could indicate an age-dependent role for gap
junction coupling in K* clearance. However, there are two potential explanations for these
observations. First, the CBX-induced gap junction uncoupling impairs the clearance of
extracellular K*, leading to increased K* transients and, in turn, to larger FV amplitudes by
a K*-mediated increased axonal excitability. Second, the axonal excitability is increased
by a gap junction independent action of CBX and thereby causing increased K* release.
Indeed, effects of CBX on neurons have been reported in the literature, such as
broadening of action potentials (Tovar et al., 2009). In order to reduce potential side-
effects of CBX on neurons and, in turn, on K* homeostasis, neuronal activity was

completely inhibited in the following experiments. Instead, K* transients were directly
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evoked via an iontophoretic application of K* into the ECS of hippocampal slices from
adult Wistar rats.
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Figure 15 Impact of gap junction uncoupling on K* transients evoked by high-frequency axonal
activity. A) Example traces of axonal activity (bottom) and the corresponding K* transients (top) before (black)
and after (red) gap junction uncoupling with CBX recorded in the CAl str. radiatum evoked by a high-
frequency stimulation (50 pulses at 100 Hz) of CA3-CAl SCs. For illustration, only two of the 50 evoked fiber
volleys (FV) are shown. B) In hippocampal slices from juvenile Wistar rats (3-5 weeks) gap junction
uncoupling had no effect on the FV amplitude (Baseline, 0.437 + 0.036 mV; CBX, 0.44 + 0.049 mV; n = 10, p
= 0.686, paired Student’s t-test), the K* transient peak amplitudes (Baseline, 0.696 + 0.087 mM; CBX, 0.652 +
0.085 mM; n = 10, p = 0.109, paired Student’s t-test) and the decay constant (t) of the K* transients (Baseline,
3.03+£0.282 s; CBX, 2.703 + 0.142 s; n = 10,p = 0.198, paired Student’s t-test). C) In hippocampal slices from
adult Wistar rats (8-10 weeks), the FV amplitude (Baseline, 0.467 + 0.062 mV; CBX, 0.525 + 0.063 mV; n =
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10, p = 0.00138, paired Student’s t-test) and the K* transient peak amplitudes (Baseline, 0.456 + 0.066 mM,;
CBX, 0.507 = 0.071 mM, n = 10, p = 0.0299, paired Student’s t-test) were increased after gap junction
uncoupling. The decay () of the K* transients was unaffected (Baseline, 3.425 + 0.337 s; CBX, 3.251 + 0.281
s; n =10, p = 0.232, Wilcoxon’s Signed Ranks test).
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Figure 16 Age-dependent differences of CBX-induced gap junction uncoupling. A) The mean FV
amplitudes (normalized to baseline) were significantly larger after CBX-treatment in hippocampal slices from
adult compared to juvenile Wistar rats (Juvenile, 100.9 + 4.836%, n = 10; Adult, 112.8 + 2.58%, n = 10; p =
0.0427, two-sample Student’s t-test). B) The K* peak amplitudes (normalized to baseline) were also
significantly larger in hippocampal slices from adult compared to juvenile Wistar rats (Juvenile, 93.14 + 4.41%,
n = 10; Adult, 114.50 + 6.35%, n = 10; p = 0.0129, two-sample Student’s t-test).
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4.1.4 Extracellular spread of iontophoretically induced K* transients

The previous experiments have indicated a role for astrocytic gap junction coupling in K*
clearance in adult animals. Acute gap junction uncoupling slightly augmented the peak
amplitude of extracellular K* transients evoked by axonal activity (Figure 15). However, it
cannot be excluded that the observed effect on the K* transients was mediated by an
increased activity-dependent neuronal K* release. In fact, CBX was found to modulate
neuronal activity (Tovar et al., 2009) and thus could have caused the augmented K*
transient peak amplitudes via an increased activity-dependent neuronal K* release
independently of an impaired K* clearance. In addition, the employed axonal stimulation
might have evoked a homogeneous extracellular K* elevation in the tissue and thereby
attenuated an extracellular K* concentration gradient. Since such a gradient has been
proposed to be required for the spatial K* redistribution (Orkand, 1986), the importance of
gap junction uncoupling for K* redistribution was possibly underestimated during these
experimental conditions.

In order to further investigate the impact of acute gap junction uncoupling K* clearance,
the following experiments were performed in the absence of neuronal activity and, in turn,
activity-dependent neuronal K" release. This was achieved by bath-applying 10 pM
NBQX, 50 uM D-APV and 1 uM TTX throughout the experiment in order to inhibit AMPAR,
NMDAR and voltage-gated Na* channels. Instead of neuronal activity, K* transients were
evoked via an iontophoretic application of K™ into the ECS (Chapter 3.5). This approach
allowed injecting a constant amount of K* sequentially into the ECS by controlling the
iontophoretic current amplitude and duration. As a consequence, extracellular K*
transients were evoked as a point-source at a known location. This approach had two
major advantages: First, the amount of K* injected into the ECS via the iontophoresis
pipette was independent of neuronal activity and thus reduced the impact of potential CBX
side-effects on extracellular K* transients. Second, the application of K* at a single point
created an extracellular K* concentration gradient. Since an extracellular K* concentration
gradient is one the requirements for spatial K* buffering (Orkand, 1986), this approach
might promote the spatial redistribution of K* and, in turn, the role for gap junctions
channels.

Before the impact of gap junction uncoupling under these experimental conditions was
tested, the spatial spread of the iontophoretically applied K* was investigated. Thus, an
estimate about the number of astrocytes in contact with the applied K* was achieved.
Since the effect of gap junction uncoupling on the FV and K* transient amplitudes was
observed in hippocampal slices obtained from adult animals (8-10 weeks old Wistar rats),
the same preparation was used in the following experiments. The KSM was placed in the

CALl str. radiatum and large K* transients were evoked by iontophoretic K* application
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(900 nA for 500 ms, 3 M KCl in iontophoresis pipette) at defined distances to the tip of the
KSM. In order to avoid an interference of the extracellular K* spread by a damage of the
ECS, the relatively large KSM was positioned once and only the fine iontophoresis pipette
was moved stepwise in parallel or perpendicular to the pyramidal cell layer from distant to
close positions (Figure 17A). The peak amplitude of the measured K* transients
decreased with increasing distance between recording and K* application site (Figure
17B, left panel). This distance-dependent decline was then approximated with a
monoexponentially decaying function (Figure 17B, right panel). In a subset of
experiments, smaller K* transients (800 nA for 200 ms, 150 mM KCI in iontophoresis
pipette) were evoked. Their spatial decay was not different compared to large K*
transients (Small transients, 12.79 + 1.02 um, n = 4; large transients, 13.14 + 0.95 ym, n =
18; p = 0.868, two-sample Student’s t-test) and the data therefore pooled. Overall, the
peak amplitudes declined with a decay constant of 13.08 £ 0.79 um (n = 22) in the CAl
str. radiatum. Similar was observed in the CA1l stratum lacunosum moleculare
(Breithausen et al., 2020). Consequently, it can be estimated that the applied K* spreads
across the territory boundary into at least one neighboring astrocyte (see chapter 5.1.2).
Furthermore, it was reported that the average distance between gap junction channels of
astrocytes in the barrel cortex of mice is around 1-1.2 uym (Genoud et al.,, 2015).
Considering the same for hippocampal astrocytes, the extracellular K* likely depolarized
astrocytic membrane with reflexive gap junctions but also gap junctions coupling to
neighboring astrocytes.

It has been shown that extracellular diffusion in the hippocampus is facilitated along the
trajectory of the SCs (Mazel et al., 1998). Therefore, we asked if the extracellular K*
diffusion is also direction-dependent. If this would be the case, the decline of the K*
transient peak amplitudes over distance is expected to be less pronounced along the
Schaffer collaterals (i.e. in parallel to the str. pyramidale). To test this, the distance-
dependent decline of the K* transient peak amplitudes in parallel to the pyramidal cell
layer was compared to perpendicular (Figure 17C, left panel). However, there were no
differences between the two directions (Figure 17C, right panel). In summary, these
experiments show that the iontophoretically injected K* spread into the ECS and resulted
in a direction-independent concentration gradient. In addition, it can be assumed that the
injected K* spread far enough to depolarize astrocytic membrane with gap junction

channels that, in turn, could contribute to the K* clearance.

67



Results

A
TTX, GluRs blocked
lontophoresis KSM
CA1
CA3 DG )
B
Extracellular A[K"],
10{ @ '
8 y=A%""
10 mM = r=9.13um
E s
oy
4
2
900 ﬂA‘j lontophoretical current o
_ 15 20 25 30 35 40 45
5s Distance rec.-inj. (um)
C
® parallel
10.01 @ e perpendicular 20
.
S 7.5
E \ €154 *©
~ AY
= 5.0 LN = o
X TN
< \ 104 @
2.5
0.0 , T — b
10 20 30 40 50 para. perp.

Distance rec.-inj. (um)

Figure 17 Extracellular K* diffusion in the CA1 str. radiatum. A) Experimental arrangement. The KSM was
placed in the CALl str. radiatum and K* was sequentially applied via the iontophoresis pipette at different spots
in parallel and perpendicular to the str. pyramidale. Right: DIC image of the experimental arrangement. Scale
bar: 50 um. B) Left: Example K* transients measured by the KSM and evoked by iontophoretic application at
different distances from the tip of the KSM. Right: The distance-dependent decline of the K* transient peak
amplitudes (shown left) was fitted with a monoexponentially decaying function (black line). The decay constant
(r) was then used to quantify the size of the extracellular K* spread. C) Left: Example of K* transient peak
amplitudes recorded in the same brain slice, but evoked at different distances in parallel (blue) and
perpendicular (red) to the str. pyramidale. The lines represent the particular fit of the distance-dependent
decline. Right: The distance-dependent decline of the K* transient peak amplitudes was not significantly
different in parallel and perpendicular to the str. pyramidale (parallel, 12.56 + 1.23 um; perpendicular; 13.36 +
1.28 um, n = 10; p = 0.597, paired Student’s t-test). These experiments were performed in collaboration with

S. Kautzmann.
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4.1.5 Impact of astrocyte uncoupling on iontophoretically induced K* transients
The previous experiments indicated that astrocytic gap junction coupling attenuates the
peak amplitude of extracellular K* transients in hippocampal slices obtained from adult
Wistar rats (Chapter 4.1.3). It was further shown that the iontophoretic application of K*
evoked an extracellular K* gradient that spreads far enough to presumably depolarize the
astrocytic membrane with several gap junction channels. Thus, we hypothesized that
astrocytic gap junction coupling has an important role for K* redistribution during these
experimental conditions. As a consequence, acute gap junction uncoupling might have a
more pronounced effect on the extracellular K* transients.

First, it was tested if gap junction uncoupling impacts on clearance of K* transients with
peak amplitudes in the lower millimolar range that are observed during physiological
conditions (Rasmussen et al., 2019). For this purpose, K* transients were evoked via an
iontophoretic K* application (800 nA for 200 ms) in the CAL str. radiatum in the absence of
neuronal activity as described above. In contrast, the K*-sensitive microelectrode (KSM)
and the iontophoresis pipette were placed once and then kept in position for the time
course of the experiment. The distance between the K* source and the site of recording
ranged from 5 to 88 um and was negatively correlated with the peak amplitude of the
measured K* transient, in line with the results described in the previous chapter (p = -
0.765, p < 0.001, n = 29, Spearman’s rank correlation). For probing the impact of gap
junction uncoupling, K* transients were evoked for a baseline period with intact gap
junction coupling followed by the treatment with 50 uM CBX or control conditions (no CBX
applied) (Figure 18A). During the baseline period, the initial peak amplitudes of the
evoked K* transients were on average 2.24 + 0.457 mM (n = 30, Control and CBX).
However, the initial peak amplitudes recorded in control slices were not significantly
different from those that were subsequently treated with CBX (Figure 18B). Importantly,
the distances between K* application and recording site in control conditions were not
different from CBX-treated slices site (Control, 29.21 + 5.46 ym, n = 14; CBX, 30.53 *
5.77 um, n = 15; p = 0.933, Mann Whitney U test). After the baseline period, gap junction
coupling was inhibited by bath-application of 50 uM CBX for 10 minutes. In order to
guantify the effect of CBX on the evoked K* transients, the peak amplitudes of the K*
transients in CBX-treated and control slices were normalized to their respective values
during the baseline period (Figure 18C, left panel). The relative change of the K* transient
peak amplitudes was overall not significantly different after CBX treatment compared to
control conditions (Figure 18C, right panel).

Next, it was investigated if gap junction uncoupling had a selective effect on only a subset
of evoked K* transients, i.e. K* transients with a certain peak amplitude or K* transients

that were evoked at a distinct distance to the recording site. For instance, it could be
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possible that an effect of gap junction uncoupling becomes more pronounced the more
gap junction channels were located between K* source and the recording site, because
the contribution to the recorded K* transient would be larger. As a consequence, the
impact of gap junction uncoupling on K* transients would be expected to increase with
increasing distance to the K* source. In contrast, it could be argued that gap junction
coupling only contributes to K* clearance by limiting substantial astrocytic membrane
depolarization induced by large extracellular K* loads. Accordingly, gap junction
uncoupling would have a larger impact on K* transients with larger peak amplitudes. In
order to test these possibilities, the correlation of the relative change of the K* transient
peak amplitudes and their initial peak amplitude during the baseline period was analyzed
(Figure 18D). In addition, the correlation between the relative change of the peak
amplitudes and the distance between the K* application and recording site was tested
(Figure 18E). However, none of these parameters was significantly correlated with the
relative change of the K* transient peak amplitude after gap junction uncoupling or control
condition in these experiments.

The genetic deletion of the gap junction forming connexins from hippocampal astrocytes
led to a complete disruption of the astrocyte network and to slowed decay rates of
extracellular K* transients (Wallraff et al., 2006). In order to test if the acute
pharmacological uncoupling of gap junction channels has a similar effect, the decay of the
K* transients was analyzed with a monoexponentially decaying function (Figure 19A).
During the baseline period, the decay constants of the K* transients in control conditions
were not significantly different from CBX conditions (Figure 19B, left panel) and, in
accordance with the literature (Strohschein et al., 2011; Wallraff et al., 2006), K* transients
with higher peak amplitudes exhibited smaller decay constants (p = -0.77, p < 0.001, n =
28, Spearman’s rank correlation). However, the decay constants of the K* transients were
overall not different after CBX treatment compared to control conditions (Figure 19B, right
panel). Again, the initial peak amplitude of the K* transients (Control, p =-0.12, p = 0.69, n
= 13; CBX, p = -0.22, p = 0.41, n = 15; Spearman’s rank correlation) and the distance
between K* recording and application site (Control, p = 0.022, p = 0.943, n = 13; CBX, p =
-0.017, p = 0.950, n = 15; Spearman’s rank correlation) were not significantly correlated
with the relative change of the decay constants. This suggests that gap junction coupling
is not involved in mediating the decay back to basal levels of extracellular K* transients
during these experimental conditions. In contrast to the study by Wallraff and colleagues
(2016), extracellular K* transients were not evoked by neuronal activity and thereby could
be cleared by different mechanisms. In addition, it cannot be excluded that the reported

morphology changes of connexin-deficient astrocytes (Ghézali et al., 2018; Pannasch et
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al., 2014) had mediated the slowed decay rates (Wallraff et al., 2006) and thus were not

present in our experiments.
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Figure 18 Peak amplitudes of small K* transients were unaffected by acute gap junction uncoupling.
A) Small K* transients were evoked by iontophoretic K* application (800 nA for 200 ms) in the CA1 str.
radiatum. K* transients were recorded during a baseline period (black) and then compared after the
application of 50 uM CBX (red) for 10 minutes or during control conditions (blue). B) The basal peak
amplitudes of the evoked K* transients in control recordings were not different from the basal peak amplitudes
in CBX recordings (Control, 2.178 + 0.568 mM, n = 14; CBX, 2.30 + 0.716 mM, n = 16; p = 0.72, Mann
Whitney U test). C) Left: Time course of the baseline-normalized K* transient peak amplitudes. After 10
minutes of CBX treatment, the normalized peak amplitudes were compared between CBX and control
condition. Right: The change of the normalized peak amplitudes after CBX treatment was not significantly
different compared to control condition (Control, 0.42 + 2.99%, n = 14; CBX, 8.60 + 4.97%, n = 16, p = 0.606,
two- sample Student’s t-test). D) No significant correlation was observed between the initial K* transient peak
amplitudes and the change of the normalized K* transient peak amplitudes during CBX (n = 16) or control
condition (n = 14) (Spearman’s rank correlation). E) The change of the normalized K* transient peak
amplitudes in CBX (n = 15) and control condition (n = 14) were also not correlated with distance between the

K* application and recording site.

71



Results

Taken together, these results indicate that acute gap junction uncoupling has no impact
on the peak amplitude and the decay of iontophoretically evoked K* transients in the CAl
str. radiatum with peak amplitudes in the low millimolar range. These concentration values
are generally associated with neuronal activity observed during typical
electrophysiological experiments (Chever et al., 2010; D’Ambrosio et al., 2002;
Strohschein et al.,, 2011; Wallraff et al., 2006; Xu et al., 2009) or during physiological
conditions in vivo (Heinemann et al., 1990; Rasmussen et al., 2019). Larger extracellular
K* accumulations in the range of ~10 mM were commonly associated with
pathophysiological condition, such as epileptiform activity (de Curtis et al., 2018; Fisher et
al., 1976; Moody et al., 1974). Interestingly, astrocytic gap junction coupling was found to
be absent coupling in tissue from patients suffering from epilepsy (Bedner et al., 2015).
This might indicate that astrocytic gap junction coupling is preferentially involved in the

clearance of large extracellular K* accumulations and an uncoupling further augment

those.
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Figure 19 The post-stimulus decay of the small K* transients was unaffected by gap junction
uncoupling. A) The post-stimulus decay of the K* transients was fitted with a monoexponentially decaying
function (fit superimposed in red). For quantification, the decay constant (t) of the function was used. B) Left:
The initial decay constants during the baseline period in control conditions were not significantly different from
CBX conditions (Control, 1.83 £ 0.265 s, n = 13; CBX, 2.20 £ 0.301 s, n = 15; p = 0.371, two-sample Student’s
t-test). Right: After gap junction uncoupling, the decay constants were not significantly different from control
condition (Control, 1.94 + 0.311 s, n = 13; CBX, 2.17 + 0.291, n = 15; p = 0.610, two-sample Student’s t-test).
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In order to test if larger extracellular K* accumulations were preferentially affected by
acute gap junction uncoupling, K* transients were evoked with a stronger iontophoretic K*
injection (900 nA for 500 ms). This evoked K* transients with peak amplitudes of, on
average, 8.70 £ 1.15 mM (n = 35) (Figure 20A). As expected, the peak amplitudes of the
evoked K* transients during baseline conditions were again negatively correlated with the
distance between recording and K* application site (p = -0.49, p = 0.00322, n = 34,
Spearman’s rank correlation). These distances were similar in control and CBX-treated
slices (Control, 20.86 £ 2.04 um, n = 15; CBX, 19.58 + 2.47 um, n = 19; p = 0.702, two-
sample Student’s t-test), as well as the initial peak amplitudes of the K* transients during
the baseline period (Figure 20B). However, after the gap junction uncoupling by the
application of CBX, the normalized peak amplitudes increased significantly compared to
control condition (Figure 20C). Surprisingly, there was a trend towards a decrease of the
K* transient peak amplitudes during control conditions relative to baseline (-6.48 + 3.14%,
n =15, p = 0.0580, one-sample Student’s t-test). This decrease could represent unspecific
factors, such as slight drifts of the pipettes (increasing distance between K* source and
recording site), clogging of the iontophoresis pipette (reduced amount of injected K*) by
particles from the back-fill solutions or a slight decrease of K*-sensitive microelectrodes
sensitivity for K*. However, it can be assumed that these factors were also present in CBX
conditions and, in turn, may lead to an underestimation of the effect of relative peak
amplitudes.

Interestingly, the relative change of the K™ transient peak amplitudes after gap junction
uncoupling was significantly correlated with the initial peak amplitude during baseline
conditions, i.e. the peak amplitudes of larger K* transients were stronger affected by CBX
than K* transients with smaller peak amplitudes. Such a correlation was also found for the
relative K* transient peak amplitudes in control conditions (Figure 20D). In addition, a
significant negative correlation also revealed that the change of the relative peak
amplitudes after gap junction uncoupling was most prominent for K* transients that were
recorded close to the K* application site. However, no such correlation was found for
control conditions (Figure 20E). This indicates that gap junction uncoupling particularly
affected the peak amplitude of K* transients recorded close to the K* source (< 15 um).
Importantly, the CBX-induced change of these K* transients (< 15 um) was independent of
the used ionophore (A, 37.17 £ 15.78%, n = 4; B, 31.46 £ 18.19%, n = 3; p = 0.882, two-

sample Student’s t-test).
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Figure 20 Peak amplitudes of large K* transients were increased after gap junction uncoupling. A)
Large K* transients were evoked by iontophoretic K* application (900 nA for 500 ms) in the CAL str. radiatum.
K* transients were recorded during a baseline period (black) and then compared after the application of 50 uM
CBX (red) or during control conditions (blue). B) During the baseline period, the peak K* transient peak
amplitudes in control recordings were not different from CBX recordings (9.25 + 1.65 mM, n = 15; CBX, 8.28 +
1.62 mM, n = 20; p = 0.516, two-sample Student’s t-test). C) Left: Time course of the baseline-normalized K*
transient peak amplitudes. After 10 minutes of CBX treatment, the normalized peak amplitudes in CBX
conditions were compared to control conditions. Right: The normalized K* transient peak amplitudes increased
significantly after CBX treatment compared to control condition (Control, -6.48 + 3.14%, n = 15; CBX, 10.42 +
5.78%, n = 20, p = 0.0245, Mann Whitney U test). D) The change of the normalized K* peak amplitudes after
gap junction uncoupling was significantly correlated (Spearman rank correlation) with the respective peak
amplitude during the baseline period (Control, n = 15; CBX, n = 20) and (E) the distance between the site of
recording and iontophoretic K* application (Control, n = 15; CBX, n = 19). These correlations were not
observed for control conditions.
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In summary, these experiments revealed that large and local extracellular K* transients
augmented after the acute uncoupling of astrocytic gap junction channels. In contrast,
extracellular K* transients with amplitudes in the low millimolar range were unaffected.
This suggests that astrocytic gap junction channels contribute to the clearance of
extracellular K* loads that are generally associated with pathophysiological conditions (de
Curtis et al., 2018; Fisher et al., 1976; Moody et al., 1974). Conversely, astrocytic gap
junction channels seem not to be involved in the clearance of small extracellular K* loads
that are generally associated with physiological conditions (Heinemann et al., 1990;
Rasmussen et al.,, 2019). Taken together, these results indicate that astrocytic gap
junction coupling facilitates the clearance of extracellular K* loads when a certain
concentration is reached. Conversely, other K* clearance mechanisms seem to dominate
the clearance of small extracellular K* loads. This suggests that K* clearance is assisted
by astrocytic gap junction channels only when the other mechanisms are saturated and
are not able to cope with the large amounts of extracellular K*.

As already mentioned above, the genetic deletion of the gap junction forming connexins
from hippocampal astrocytes augmented the peak amplitudes of extracellular K*
transients. This was accompanied by a slowed decay rate of these extracellular K*
transients (Wallraff et al., 2006). Thus, it was tested if the decay of the iontophoretically-
evoked K* transients was affected by acute gap junction uncoupling.

In contrast to the K* transients with peak amplitudes in the low millimolar range, the decay
of large K* transients was best approximated by a biexponentially decaying function
(Figure 21A). During baseline conditions, the initial decay constants of the fast and the
slow decay components in control recordings were not different from CBX recordings
(Figure 21B, left & middle panel). In agreement with the literature (Ransom et al., 2000;
Wallraff et al., 2006), the fast and slow decay constants decreased overall (Baseline and
Control/CBX pooled) with increasing K* transient peak amplitudes (Figure 22; fast decay
constant, p = -0.86, p < 0.001; slow decay constant, p = -0.70, p < 0.001, n = 68;
Spearman’s rank correlation). Also, the fraction of the fast decaying component became
more prominent with increasing K* peak amplitudes (percentage of fast component, p =
0.36; p = 0.0024, n = 68, Spearman’s rank correlation), but no difference between control
and CBX conditions was observed (Figure 21B, right panel). Although there was a
significant increase of the peak amplitudes after gap junction uncoupling (Figure 20), the
decay of the large K* transients after CBX treatment was not different compared to control
conditions (Figure 21C). This was observation was independent of the used ionophore
cocktail. The change of the fast amplitude fraction (A, -4.19 + 2.87%, n = 10; B, -0.34 +
1.18%, n = 9; p = 0.713, Mann-Whitney U-Test), fast decay rate (A, 0.54 + 7.45%, n = 10;
B, 3.30 £ 4.98%, n = 9; p = 0.767, two-sample Student’s t-test) and slow decay rate (A, -
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21.94 £ 27.21%, n = 10; B, 2.09 £ 6.99%, n = 9; p = 0.713, two-sample Student’s t-test)
after CBX treatment recorded with ionophore cocktail A was not different from those
recorded with ionophore cocktail B.
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Figure 21 The post-stimulus decay of the large K* transients was unaffected by gap junction
uncoupling. A) The decay of large K* transients was best approximated by a biexponentially decaying
function (fit superimposed in red). B) During baseline conditions, the decay constant of the fast (Left panel;
Control, 1.05 £ 0.102 s, n =15; CBX:,1.20 + 0.115 s, n = 19, p = 0.362, two-sample Student’s t-test) and the
slow decay component (Middle panel; Control, 6.22 s + 0.535 s, n = 15; CBX, 6.79 + 0.648 s, n = 19; p =
0.518, two-sample Student’s t-test), as well as the amplitude fraction of the fast component (Right panel;
Control, 80.99 + 1.95%, n = 15; CBX, 80.20 + 1.84%; n = 19; p = 0.769, two-sample Student’s t-test) in control
recordings were not significantly different from CBX recordings. C) The decay constant of the fast (Left panel;
Control, 1.10 + 0.114 s, n = 15; CBX, 1.21 + 0.149 s, n = 19; p = 0.576, two-sample Student t-test) and the
slow decay component (Middle panel; Control, 6.28 + 0.514 s, n = 15; CBX, 7.16 £ 0.885 s, n = 19; p = 0.835,
Mann-Whitney U-Test), as well as the amplitude fraction of the fast component (Right panel; Control, 82.10 +
1.08%, n = 15; CBX, 82.57 + 1.70%, n = 19; p = 0.820, two-sample Student’s t-test) in control conditions were
not significantly different from CBX conditions.
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Figure 22 The decay constants were correlated with the K* peak amplitude. The fast (A) and the slow
decay rate (B) correlated (Spearman rank correlation) significantly with the peak amplitude of the
corresponding K* transient during baseline (Control; tast, p = -0.90, p < 0.001; tsiow, p = -0.47, p = 0.0786, n =
15; CBX, Trast, p = -0.79, p < 0.001, tsjow, r = -0.54, p = 0.0178, n = 19) and after the treatment (Control; Tsast, p
=-0.87, p < 0.001, tsiow, p =-0.91, p < 0.001, n = 15; CBX, Ttast, p = -0.87, p < 0.001, tsiow, p =-0.85, p < 0.001,
n =19).

Overall, these results show that the treatment with CBX impacted the peak amplitude of
large K* transients. In contrast, the decay of the extracellular K* transients back to basal
levels was unaffected by the gap junction uncoupling. In order to further investigate if the
observed effect on the peal amplitude of the large K* transients was caused by CBX-
induced acute gap junction uncoupling and not by other undefined CBX specific side-
actions, the impact of MFA on large K* transients was tested. Since both, MFA and CBX,
share the ability to acutely inhibit gap junction uncoupling (Chapter 4.1.1), a similar effect
of MFA as observed with CBX would support the idea of gap junction uncoupling as the
underlying mechanism for the increased K* peak amplitudes. Therefore, large
iontophoretically evoked K* transients were recorded close (18.0 £ 1.73 um, n = 4) to the
K* application site, where previously the CBX-induced increase of the K™ peak amplitudes
was most prominent (Figure 20E). Indeed, after a baseline period, the peak amplitudes of
the evoked K* transients increased significantly during the application of 200 uM MFA
(Figure 23).
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Figure 23 Large iontophoretically evoked K* transients showed increased peak amplitudes after gap
junction uncoupling with MFA. A) Experimental time course. After the baseline recording, 200 uM MFA (in
DMSO; final concentration in aCSF: 0.2%) was applied and K* transient peak amplitudes increased by 29.62 +
7.52% (n = 4; p = 0.029; one-sample Student’s t-test) B) The peak amplitudes during baseline were on
average 13.49 + 2.99 mM and increased to 17.12 + 3.55 mM after MFA treatment (p = 0.034; n = 4; paired
Student’s t-test).

Taken together, these experiments show that acute pharmacological gap junction
uncoupling increased the peak amplitude of large K* transients, but left the post-stimulus
decay unaffected. This observation points towards an involvement of gap junction
coupling in the clearance of extracellular K* during the K* application and build-up phase
of the K* transients and not during the return to basal K* levels. This is line with the
increased peak amplitudes and unaffected decay rates of extracellular K* transient after
acutely inhibiting Kir4.1 channels that are proposed to mediate K* uptake during spatial K*
buffering (Larsen et al., 2014). Also, the suggestion by Larsen and MacAuly based on the
observations made by Karwoski and colleagues in the amphibian retina are in agreement
with our observations. There, light-evoked extracellular K* elevations in the inner plexiform
layer were redistributed into the vitreous humor through the Miiller cell in a Ba?*-sensitive
manner (‘K* siphoning’) only during the light pulse, i.e. the phase of extracellular K*
accumulation, but not during the decay phase (Karwoski et al.,, 1989; Larsen and
MacAulay, 2014).

Interestingly, the increase of the K* peak amplitudes after CBX treatment was most
prominent for K* transients recorded at distances closer than ~15 um to the K* application
site (Figure 20E). At these sites, the local extracellular K* transients showed also the
largest peak amplitudes. Since the augmented K* peak amplitudes after gap junction
uncoupling were only observed for extracellular K* transients with large peak amplitudes

close to the K* source, it cannot be excluded that the distance to the K* source
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determined the observed effect. Thus, it was tested if either the distance to the K* source
or the initial K* transient peak amplitude determined an effect of CBX.

4.1.6 K" transients of different amplitude and duration

The distance between the K* recording and application site strongly determined the initial
peak amplitude (Chapter 4.1.4). Consequently, it was not intuitively clear if the underlying
factor for the observed prominent CBX-effect on K* transient recorded close, i.e. ~15 pym,
to the K™ application site (Figure 20), was the distance or the amount of applied K* (i.e. the
initial K* peak amplitude). Thus, K* transients recorded closer than 15 ym from the K*
application site evoked with either weak (800 nA for 200 ms, small peak amplitudes) or
strong K* injections (900 nA for 500 ms, large peak amplitudes) were compared. On
average, large K" transients were recorded at similar distances from the K* application
compared to small K* transients (small K* transients, 9.20 + 1.46 uym, n = 5; large K*
transients, 9.86 £ 1.20 uym, n = 7; p = 0.737; two-sample Student’s t-test) but exhibited
significantly larger peak amplitudes (Figure 24A). However, there was virtually no effect of
CBX on small K* transients recorded close to the K* application site, whereas CBX
induced a significant increase of the peak amplitude of large K* transients (Figure 24B).
This indicates that the initial peak amplitude of the K* transients determined if CBX had an

effect and not the proximity to the K* source.
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Figure 24 CBX differentially affected small and large K* transients close to the K* application site. A)
Close to the K* application site (closer than 15 um), small and large K* transients evoked by weak and strong
K* injections, respectively, exhibited similar peak amplitudes (Small, 4.77 + 1.699 mM, n = 5; Large, 13.27 +
3.71 mM, n =7; p=0.0348, , Mann Whitney U test ). B) The CBX induced change of the K* peak amplitudes
was significantly larger for large K* transients compared to small K* transients (Small, 1.15 + 9.49%, n = 5;
Large, 34.72 + 10.94%, n = 7; p = 0.0430, two-sample Student’s t-test).
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According to the hypothesis of the K* peak amplitude as the determining factor for a CBX
effect, CBX should affect K* transients evoked at the same position, but with different
peak amplitudes, differentially. In order to obtain further insights into the relationship of the
initial K* peak amplitude and an effect of CBX, K* transients with increasing peak
amplitudes were evoked in close proximity (< 15 um) to the K* recording site during intact
and inhibited gap junction coupling (Figure 25A). In detail, K* transients were evoked with
test-pulses (200 nA for 500 ms) for a baseline period of 10 minutes. The test-pulses were
used to control that the evoked K* transients exhibited stable peak amplitudes during this
baseline period. Next, five consecutive K* transients were evoked with K* injections of
increasing current amplitudes (180, 390, 570, 760 and 950 nA for 500 ms, ‘ramp-
injection’, repeated twice) leading to increasing K* peak amplitudes. This was followed by
the wash-in of CBX during a 10 minutes period of test-pulses and two ‘ramp-injections’.
Indeed, K transients showed increased peak amplitudes after gap junction uncoupling
when their initial peak amplitude exceeded ~10-15 mM (Figure 25B). To exclude that
ramps of K* injections themselves had an effect on the K* peak amplitudes, the K*
transients evoked by the two ‘ramp-injection’ during intact gap junction coupling were
compared. However, no significant difference was observed between the K* peak
amplitudes evoked by the first and the second ‘ramp-injection’ (Figure 25C).

Next, the decay of the K* transients was investigated by a biexponentially decaying
function (Figure 26A). Overall, the fast decay component was more pronounced for K*
transients with larger peak amplitudes (p = 0.199, p = 0.0475, Spearman’s rank
correlation) but seemed to reach a steady state for K* transients evoked with 380 nA and
more (roughly > 8-12 mM), whereas the fast and slow decay constants decreased with
increasing K* transient peak amplitudes (fast decay constant, p = -0.71, p < 0.001; slow
decay constant, p = -0.51, p < 0.001; Spearman rank correlations). This in line with
previous studies on extracellular K* transients that also observed decreased decay rates
and a more pronounced fast amplitude fraction with increasing K* peak amplitude
(Strohschein et al., 2011; Wallraff et al., 2006). In turn, this suggests that the mechanisms,
which mediate the decay of the extracellular K* concentration back to basal levels,
increase their K* uptake rate with increasing extracellular K* concentrations. Although gap
junction uncoupling with CBX had no impact on the fraction of the fast decay component
(Figure 26B), the fast and slow decay time constants were overall significantly reduced
(Figure 26C). In order to test if this reduction was caused by the gap junction uncoupling
or a consequence of the increased peak amplitudes after uncoupling (Figure 25 and
correlation above), all K* transients were pooled, grouped according to their peak
amplitudes and then the decay time constants before and after uncoupling were

compared in each group. However, these comparisons revealed no difference of the
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decay time constants of K* transients with similar peak amplitudes during intact and
inhibited gap junction coupling (Figure 26D).

These findings indicate that decreased decay time constants after gap junction uncoupling
were a consequence of the increased peak amplitudes and not of gap junction
uncoupling. Again, this is in agreement with the general idea that astrocytic gap junction
coupling facilitates the clearance of extracellular K* during the K* application and build-up
phase of the K* transients and not during the return to basal K* levels (Larsen and
MacAulay, 2014; Larsen et al., 2014).
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Figure 25 Gap junction uncoupling selectively affected K* transients evoked with larger iontophoretic
current amplitudes. A) Example traces of K* transients evoked by ‘ramp-injections’ (180, 390, 570, 760 and
950 nA for 500 ms) during intact (baseline, black) and inhibited gap junction coupling (CBX, red). The shown
K* transients represent an average of transients evoked by two consecutive ramp-injections. B) Peak
amplitudes of K* transients were increased after gap junction uncoupling when evoked with 570 nA and above
(p = 0.0223 for CBX, n = 10, two-way repeated measures ANOVA; p for interaction of current amplitude and
CBX, p < 0.001, Holm-Bonferroni correction in post-hoc test; 190 nA, 3.78 + 0.47 mM, 5.52 + 0.78 mM, 0.565;
380 nA, 8.38 + 1.15 mM, 12.29 + 1.74 mM, 0.199; 570 nA, 13.72 + 2.06 mM, 20.12 + 2.98 mM, 0.0391; 760
nA, 18.85 + 2.69 mM, 28.26 + 4.28 mM, 0.00332; 950 nA, 24.83 + 3.69 mM, 37.60 + 6.17 mM, <0.001 (Bsl,
CBX, p-value). C) The K* transients (shown as an average in A) evoked during baseline by the first ‘ramp-
injection’ were not different compared to the second ‘ramp-injection’ (p = 0.828 for ramp, two-way repeated
measures ANOVA, no significant interaction).
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Figure 26 The decay of the K* transients was affected by their peak amplitude but not by gap junction
uncoupling. A) The decay of the K* transients evoked with different iontophoretic current amplitudes was
quantified by a biexponentially decaying function (superimposed green lines). B) The fraction of the fast
decaying component was overall not affected by gap junction uncoupling by CBX (n = 10, p = 0.37 for CBX,
two-way repeated measures ANOVA, no significant interactions of stimulation intensity and CBX effect). C)
The fast (left panel) and slow decay time constants (right panel) significantly decreased after gap junction
uncoupling (red) compared to baseline (black) (fast, p = 0.045 for CBX; slow, p = 0.013 for CBX, n = 10; two-
way repeated measures ANOVA, no significant interactions of stimulation intensity and CBX effect). D) K*
transients during intact gap junction coupling showed no significant difference in their fast (left panel) and slow
decay time constants (right panel) compared to K* transients with similar amplitude during CBX conditions
(fast, p = 0.98; slow, p = 0.20, n =10; two-way ANOVA).
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In order to further support the hypothesis that the amount of applied K*, i.e. the K*
transient peak amplitude, was the determining factor for an effect of CBX and no other
factors, an additional set of experiments with ‘K* ramp injection’ was performed. In
contrast to the previous experiments, the iontophoretic current amplitude was kept
constant whereas the duration of K* application was modulated. Again, these K* transients
were evoked close to the recording site (< 15 um) with different peak amplitudes during
intact and inhibited gap junctions coupling (Figure 27A). The peak amplitudes of the K*
transients were significantly increased after gap junction uncoupling when the transients
were evoked with K* injections with a duration of 300 ms and more, i.e. K* transients were
affected when they exhibited initial peak amplitudes larger than ~9-10 mM (Figure 27B).
As observed during the previous experiments, the ‘K* ramp injection’ itself did not
significantly affect the peak amplitude of the evoked K* transients during a second ‘ramp
injection’ (Figure 27C).

Taken together, these experiments indicate that acute pharmacological gap junction
uncoupling predominantly affect K* transients with peak concentrations that are commonly
associated with pathophysiological conditions. In contrast, K™ transients with smaller peak
amplitudes seem to be unaffected by gap junction uncoupling under these conditions. In
addition, these experiments indicate that the amount of applied K* is the determining
factor for an effect of acute astrocyte gap junction uncoupling on extracellular K*
transients. Since only the peak amplitude of the large extracellular K* transients were
affected by acute gap junction uncoupling, astrocytic gap junction coupling might reduce
the K*-induced astrocyte membrane depolarization during the K* application period via
fast K* redistribution within the astrocytic network or cytosol. As a consequence,
extracellular K* is efficiently cleared from the ECS via a constant K* influx into the
astrocyte, because the local membrane potential is kept below the equilibrium potential for
K*. The uncoupling of the astrocytic gap junction channels then impaired the fast K*
redistribution and, in turn, induced a larger K*-induced membrane depolarization. The
resulting less efficient K* influx then led to facilitated extracellular K* accumulations (K*
peak amplitudes). After the constant supply of K* to the ECS during the application phase,
K* is probably no longer distributed through the gap junction channels and other
mechanisms, such as the active K™ uptake by the Na*/K*-ATPase, mediate the recovery of
extracellular K* concentration back to basal levels. Consequently, the decay of
extracellular K* transients would be unaffected by gap junction uncoupling, as observed in
this study. The faster decay rates, which were observed after gap junction uncoupling, can
be explained by the gap junction uncoupling induced augmented K* accumulations that, in
turn, led to an increased Na*/K*-ATPase activity (Rose and Ransom, 1996; Walz and
Hertz, 1982).
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Figure 27 Gap junction uncoupling selectively affected K* transients evoked with longer iontophoretic
K* applications. A) Example traces of K* transients evoked by an iontophoretic K* application over different
durations (900 nA for 100, 200, 300, 400, 500 and 600 ms). B) Peak amplitudes of K* transients were
increased after gap junction uncoupling when evoked with K* injections for 300 ms and more (p = 0.045 for
CBX, n = 5, two-way repeated measures ANOVA,; p for interaction of current amplitude and CBX, p < 0.001,
Holm-Bonferroni correction in post-hoc test; 100 ms, 4.48 + 0.94 mM, 6.48 + 1.28 mM, 0.602; 200 ms, 9.82 +
2.14 mM, 14.48 + 2.88 mM, 0.231; 300 ms, 15.56 + 3.31 mM, 23.66 + 4.51 mM, 0.0450; 400 ms, 21.26 + 4.31
mM, 33.32 + 5.54 mM, 0.00464; 500 ms, 26.91 + 4.70 mM, 41.02 + 6.16 mM, p = 0.00166; 600 ms, 31.77 +
4.88 mM, 49.42 + 7.09 mM, < 0.001 (Bsl, CBX, p-value). C) The K* transients (shown as an average in A)
evoked during baseline by the first ‘ramp-injection’ were not different compared to the second ‘ramp-injection’

(p = 0.0640 for ramp, two-way repeated measures ANOVA, no significant interaction).

4.1.7 Modulation of the extracellular space structure

Interestingly, it has been shown that pathophysiological conditions (Slais et al., 2008;
Sykova and Nicholson, 2008), such as epilepsy, were associated with a reduced
extracellular space (ECS) . Shrinkage of the ECS can be induced by cellular swelling and
was investigated in the following set of experiments.

A common approach to induce ECS shrinkage is the application of a hypoosmolar
extracellular solution in order to induce cellular swelling (Kilb et al., 2006; Kume-Kick et
al., 2002). This is mediated by an altered osmotic pressure and the corresponding water
influx from the ECS into the cells that results in an increase of the cellular volume and, in
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turn, a decreased ECS (Sykova and Nicholson, 2008). In order to quantify the extent of
ECS shrinkage in response to hypoosmolar conditions, the real-time TMA*-iontophoresis
approach was employed. In brief, this approach utilizes the diffusion of an ion, i.e. TMA®,
in the ECS as a determinant for the ECS structure. TMA* was iontophoretically applied as
a point source and consequently diffused in the ECS. The TMA* concentration was then
measured by a TMA*-sensitive microelectrode (TSM) at a defined distance to the TMA*
source (Figure 28A). Finally, the diffusion analysis described by Nichsolson and Phillips
(1981) allowed to deduce the ECS structure, i.e. the fraction of the ECS (a) relative to the
total tissue volume from the recorded TMA* transient.

The first step was to find a protocol to reduce the ECS fraction in response to
hypoosmolar conditions and quantify the extent of the reduction. For this purpose, TMA*
transients were evoked in the presence of the regular isomolar (297-300 mOsm/kg,
baseline) aCSF, during the application of hypoosmolar aCSF (220 or 180 mOsm/kg,
achieved by a reduced [NaCl]) and after the reapplication of isomolar aCSF (recovery). In
response to the hypoosmolar conditions, the shape of the TMA™ transients, for instance
their peak amplitude, changed and returned back to baseline levels after the reapplication
of isomolar aCSF (Figure 28B). The diffusion analysis of the TMA™ transients revealed that
in hippocampal slices from juvenile animals the ECS fraction was stable over the time
course of the experiment when no hypoosmolar aCSF was applied (Control). In contrast,
a trend towards a statistically significant reduction of the ECS fraction was observed when
the hippocampal slices were treated with a hypoosmolar aCSF of 220 mOsm/kg for 30
minutes. When the osmolarity of the aCSF was further reduced to 180 mOsm/kg, the ECS
fraction was significantly reduced during the hypoosmolar conditions. Likewise, in
hippocampal slices obtained from adult animals, the treatment with hypoosmolar aCSF
resulted in a significant reduction of the ECS fraction. It is noteworthy, that the ECS
fraction reached virtually stable level during all hypoosmolar conditions after roughly 15
min and returned to basal levels upon the reapplication of isomolar aCSF in nearly all
tested conditions (Figure 28C).

Taken together, these results show that the ECS fraction was robustly and reversibly
reduced in an osmolarity-dependent manner by the application of hypoosmolar aCSF.
However, the reduced osmolarity was achieved by lowering the NaCl content of the aCSF,
which resulted in a change of the ionic composition during the period of hypoosmolar
conditions. Since changes in the ionic composition themselves could affect the K*

homeostasis, a different approach to reduce the ECS fraction was established next.
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Instead of reducing the NaCl content only during the hypoosmolar conditions, the reduced
NaCl content was kept constant over the course of the experiment. This was achieved by
adding sucrose to the aCSF with the reduced NaCl content (‘low Na®* aCSF’, 180 Osm/kg)
until an isomolar osmolarity (300 mOsm/kg) was reached. This isomolar aCSF was then
used during the baseline period. In order to induce ECS shrinkage, hypoosmolar aCSF
without the additional sucrose (180 mOsm/kg) was applied to the hippocampal slice. This
approach reduced the extracellular osmolarity, but kept the extracellular ionic composition
constant over the experimental time-course. Similar as observed before, the ECS fraction
decreased significantly during the hypoosmolar period by ~42% and recovered after the
reapplication of isomolar aCSF (Figure 29). This approach was then used to investigate
the impact of acute gap junction uncoupling during conditions of a reduced ECS fraction

without altering the basal extracellular ion composition.
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Figure 28 Modulation of the ECS fraction by hypoosmolar conditions. A) The ECS fraction was
determined by the real-time tetramethylammonium (TMA*) iontophoresis method with a TSM in the CA1 str.
radiatum during inhibited neuronal activity. TMA* was applied by a constant 20 nA current and with a transient
current injection of 120 nA for 30s, which resulted in an increase of the basal TMA* concentration and TMA*
transients, respectively. The ECS fraction (a) was then deduced from the evoked TMA* transients by a
diffusion analysis as described by Nicholson & Phillips (1981). B) Example TMA* transients during isomolar
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conditions (black, baseline), hypoosmolar conditions (red, hypo) and after the return to isomolar conditions
(blue, recovery). The reduction of the osmolarity was achieved by decreasing the content of NaCl. C) Left
panel: Time course of the ECS fraction before, during and after the exposure to hypoosmolar aCSF in slices
from juvenile and adult animals. Right panel: in juvenile animals, no statistically significant change of the ECS
fraction was observed over time during control conditions (p = 0.686, n = 4, one-way repeated measures
ANOVA) and when exposed to 220 mOsm/kg aCSF (p = 0.0661, n = 4, one-way repeated measures ANOVA).
Exposure of 180 mOsm/kg aCSF to hippocampal slices from juvenile (p < 0.001, n = 4, one-way repeated
measures ANOVA with Bonferroni post-hoc tests) and adult animals (p < 0.001, n = 3, one-way repeated

measures ANOVA with Bonferroni post-hoc tests) resulted in a significant reduction of the ECS fraction.
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Figure 29 Reduction of the ECS fraction by hypoosmolar conditions during constant ionic
composition. A) Time course of the ECS fraction before, during and after the exposure to hypoosmolar
aCSF. The aCSF contained a reduced amount of NaCl (68.4 mM) and was adjusted to 300 mOsm/kg by the
addition of sucrose. For the hypoosmolar challenge, aCSF without additional Sucrose (180 mOsm/kg) was
applied for 30 minutes. B) The ECS fraction decreased significantly during the hypoosmolar conditions but
recovered back to baseline values (p = 0.01263, n = 5, one-way repeated measures ANOVA with Bonferroni

post-hoc tests).

4.1.8 Impact of astrocyte uncoupling on K* clearance during conditions of
reduced ECS

Pathophysiological conditions such as epilepsy have been shown to be associated with
shrinkage of the ECS and excessive extracellular K* accumulation (Slais et al., 2008;
Sykovéa and Nicholson, 2008). Thus, the following experiments addressed the question if
gap junction coupling plays a role for the clearance of extracellular K* during conditions of
a reduced ECS fraction. For instance, cellular swelling and the concomitant shrinkage of
the ECS might impair the extracellular K* diffusion. Consequently, the same amount of

applied K* would result in an augmented local extracellular K* increase compared to a
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normal ECS. Since the extracellular K* diffusion would no longer/ less efficiently attenuate
the local accumulation of K*, the K* redistribution via astrocytic gap junction channels
might be of special importance to limit the extracellular K* accumulations. Thus, the
augmentation of iontophoretically-evoked extracellular K* transients during hypoosmolar
conditions (induction of cellular swelling and ECS shrinkage) was expected to be more
pronounced when gap junction coupling was acutely inhibited.

The protocol described in the previous chapter (Figure 29) to induce a reduction of the
ECS was used in parallel to the iontophoretic application of K*. K* was applied throughout
the experimental time course with 900 nA for 500 ms in order to evoke large K* transients
in the CA1 str. radiatum of hippocampal slices obtained from adult Wistar rats. First, the
hippocampal slices were bathed in isomolar aCSF with a reduced NaCl content (adjusted
to 300 mOsm/kg by adding sucrose) for at least 10 minutes (baseline period). K*
transients were evoked at distances of 3 to 44 um from the recording site (Control, 19.45
+ 4.33 um, n =11; CBX, 18.56 + 3.24 uym, n = 9; p = 0.870, two-sample Student’s t-test)
and exhibited during baseline conditions peak amplitudes on average of 6.06 + 0.79 mM
(n = 21). The basal peak amplitudes recorded in control slices were not different from
slices that were subsequently treated with CBX (Control, 5.67 + 1.06 mM, n = 11; CBX,
6.49 + 1.24 mM, n = 10; p = 0.623, two-sample Student’s t-test). Next, hypoosmolar aCSF
(180 mOsm/kg, reduced NaCl content without sucrose) was applied to the hippocampal
slices for 30 minutes. As expected, this resulted in an increase of the K* transient peak
amplitudes (Figure 30A&B). However, the relative increase of the K* transient peak
amplitudes was not affected when 50 puM CBX were applied together with the
hypoosmolar aCSF compared to control conditions (hypoosmolar aCSF without CBX)
(Figure 30B). This was also the case when only the peak amplitudes of K* transients
recorded close to the K* application site (< 15 um) were compared (Control, 315.77 *
93.02% , n = 5; CBX, 157.16 + 18.60%, n = 4; p = 0.165, two-sample Student’s t-test).
This was unexpected since these K* transients reached maximal values during the
hypoosmolar conditions (Control, 40.46 £ 10.13 mM, n = 5; CBX, 24.43 £ 8.81 mM, n =4,
p = 0.285, two-sample Student’s t-test) similar to those shown in the previous chapter that
were affected by acute gap junction uncoupling (Figure 24 & Figure 25). Conversely, this
suggests that during conditions of a reduced ECS, astrocytic gap junction coupling is not
involved in the clearance of extracellular K™ and other mechanisms dominate.

In addition to the peak amplitude of the extracellular K* transients, also the basal
extracellular K* concentration increased during the hypoosmolar conditions (Figure 30C).
K* release from astrocytes in order to normalize their cellular volume was already
observed previously (Bender and Norenberg, 1994; Vitarella et al., 1994). Thus, the

increased basal K* levels could represent such a volume-regulatory mechanism.
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However, the basal K* concentration was also not affected by CBX during the
hypoosmolar conditions (Figure 30C).

As expected from the previous findings, no significant differences between control and
CBX were found for the fast amplitude fraction (Control, 76.93 + 4.05%, n = 11; CBX,
83.59 + 1.75%, n = 10; p = 0.170, Mann Whitney U test), fast decay constant (Control,
1.21 +0.36 s, n =11; CBX, 1.32 £ 0.34 s, n = 10; p = 0.751, Mann Whitney U test) and
the slow decay constant (Control, 9.53 £ 3.82 s, n = 11; CBX, 585+ 1.16 s, n = 10; p =
0.971, Mann Whitney U test) of the K* transients decay after 25 minutes treatment with
hypoosmolar aCSF (data not illustrated).
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Figure 30 Increased basal K* levels and peak amplitudes during hypoosmolar conditions were not
affected by gap junction uncoupling. A) Peak amplitudes of iontophoretically evoked K* transients and the
basal K* concentration increased during hypoosmolar conditions in the CALl str. radiatum of hippocampal
slices from adult animals. Baseline aCSF: Isomolar, reduced [NaCl] and adjusted with sucrose to 300
mOsm/kg. 180 mOsm/kg aCSF: Hypoosmolar, reduced [NaCl] without sucrose. B) After the baseline period,
hypoosmolar aCSF was applied either together with 50 pM CBX (red) or without (Control, blue). No
statistically significant difference of control and CBX was found for the baseline-normalized K* transient peak
amplitudes (Control, 218.66 + 52.31%, n = 11; CBX, 148.67 + 24.96%, n = 10; p = 0.597, Mann Whitney U
test) and (C) the basal K* concentration (Control, 3.93 + 0.21 mM, n = 11; CBX, 3.45+ 0.26 mM, n = 10; p =
0.157, two-sample Student’s t-test) after 25 minutes of treatment with hypoosmolar aCSF.
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In summary, these experiments showed that extracellular K* accumulations were directly
affected by the ECS shrinkage as observed by augmented peak amplitudes of the
extracellular K* transients during hypoosmolar conditions. In addition, increased basal K*
concentrations were observed that potentially represent a cellular volume-regulatory
mechanism in order to counteract the induced cellular swelling. However, both the
induced increase of the K* peak amplitude and the elevated basal K* levels were largely
unaffected by gap junction uncoupling. This suggests that other gap junction independent
mechanisms or involved in K* clearance during these conditions.

However, in a subset of recordings, the evoked K* transients decreased after they had
peaked during the hypoosmolar conditions. In order to further investigate this observation,
the single experiments were categorized by the time-course of their K* transient peak
amplitudes. When the peak amplitudes showed such a decrease, the experiment was
categorized as ‘run-down’, whereas experiments with peak amplitudes that plateaued or
continuously increased over the experimental time-course were categorized as ‘stable’
(Figure 31A). This categorization was independent of the initial K* peak amplitude during
baseline since no difference was detected between the two groups (‘Run-down’, 5.92 +
1.27 mM, n = 12; ‘Stable’, 6.24 + 0.86 mM, n = 9; p = 0.846, two-sample Student’s t-test).
In order to probe if gap junction uncoupling differentially affected K transients with ‘stable’
or ‘run-down’ peak amplitudes, the K" amplitudes after 25 minutes of hypoosmolar
treatment in the presence of 50 uM CBX were compared to control conditions. For K*
transients that showed a ‘run-down’, no difference of the relative peak amplitudes in the
presence of CBX was found compared to control conditions (Figure 31B, top panel).
Furthermore, the time between the application of the hypoosmolar aCSF and the onset of
the ‘run-down’ (time-point of the maximal increased K* peak amplitude) was similar in
control and CBX conditions (Control, 17.21 + 1.88 min, n = 7; CBX, 15.00 £ 1.00 min, n =
5; p = 0.378, two-sample Student’s t-test), as well as the maximal K* peak concentration
at this time-point (Control, 22.02 + 10.51 mM, n = 7; CBX,17.60 £ 8.11 mM, n=5; p = 1,
Mann Whitney U test). Also, the corresponding basal K* concentrations in control
conditions were not different from CBX-treated slices after 25 minutes of hypoosmolar
(Figure 31B, bottom panel). The peak amplitudes of the K* transients that were
categorized as ‘stable’ also revealed no statistically significant difference in the presence
of CBX compared to control conditions (Figure 31C, top panel). Interestingly, statistically
significant higher basal K* concentrations in control conditions compared to CBX were

observed (Figure 31C, bottom panel).
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Figure 31 The peak amplitude of K* transients during hypoosmolar conditions decreased again in a
subset of recordings. A) Example traces of K* transients that showed a decrease of their peak amplitudes
after an initial increase (Left, ‘Run-down’) and K* transients that peak amplitudes plateaued or continuously
increased during hypoosmolar conditions (Right, ‘Stable’). B) The peak amplitudes of K* transients that
showed a ‘run-down’ during the hypoosmolar condition were not different in the presence of CBX compared to
control after 25 minutes of exposure to hypoosmolar aCSF (Top panel, Control, 165.29 + 62.12%, n = 7; CBX,
112.93 + 34.67%, n = 5; p = 0.745, Mann Whitney U test). The corresponding basal K* concentrations were
also not affected by CBX compared to control conditions (Bottom panel, Control, 3.65 + 0.18 mM, n = 7; CBX,
3.49 + 0.51 mM, n = 5; p = 0.779, two-sample Student’s t-test). C) CBX treatment had also no statistically
significant effect on the peak amplitudes of K* transients that showed no ‘run-down’ during hypoosmolar
conditions (Top panel, Control, 312.07 + 83.70%, n = 4; CBX, 184.40 + 31.02%, n = 5; p = 0.229, two-sample
Student’s t-test). The basal K* concentration was significantly more increased in control conditions compared
to CBX treatment (Bottom panel, Control, 4.42 + 0.39 mM, n = 4; CBX, 3.39 + 0.20 mM, n = 5; p = 0.0405,

two-sample Student’s t-test).
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Taken together, the differences in the time-course of the K* transient peak amplitudes
(‘stable’ vs. ‘run-down’) indicate that extracellular K* accumulations were impacted
differentially by ECS shrinkage. A simple explanation for that observation would be that
the proposed volume-regulatory mechanism was differentially effective in normalizing the
cellular volume and, in turn, the ECS at the different recording sites. Consequently, at
sites with an effective volume-regulation, the induced extracellular K* transients would
attenuate, whereas extracellular K* transients would further augment at site with an
inefficient volume-regulation. However, the determining factor for the potential differences
in the volume-regulation remains unclear, but the site of K* application and recording
might have an influence on this. It could be argued that differences in the subcellular
structures, such the size of astrocytic processes (fine processes in the periphery versus
main branches), close to the recording site are differentially effective in regulating their
volume und thus determine the different time-courses of the K* transients.

Interestingly, the increase of the basal extracellular K* concentration during the
hypoosmolar conditions was significantly smaller in the presence of CBX compared to
control conditions when the K* transient peak amplitudes showed no attenuation (‘stable’;
Figure 31C). This suggests that CBX might interfere with the release of K™ during these
conditions. Thus, it could be hypothesized that when the volume-regulatory mechanisms
are ineffective and extracellular K* transients still augment, additional K* is released from
the astrocytes to regulate the cellular volume. Since CBX also inhibits connexin
hemichannels (Saez et al., 2005), this additional K* release could be mediated by these
hemichannels. Their inhibition would consequently reduce the amount of K* release under
these conditions and limit basal extracellular K* elevation. If this mechanism then impacts
delayed on the peak amplitudes of the evoked K* transients remains speculative, because
the experiments were terminated after 30 minutes in the presence of hypoosmolar
conditions.

In summary, these experiments investigated the role of gap junction coupling for the
clearance of extracellular K* transients during conditions of a reduced ECS. Overall, gap
junction uncoupling by the application of 50 uyM CBX had no impact on the K* peak
amplitudes of extracellular K* transient during hypoosmolar conditions (Figure 30). A
simple explanation for this could be that gap junction coupling was inhibited by the
hypoosmolar solution in both control and CBX-conditions. This could be the case when
the induced cellular swelling would interfere with the intracellular pH and Ca?*
homeostasis that were shown to close gap junction channels (Bukauskas and Verselis,
2004; Obaid et al., 1983; Peracchia, 2004). Thus, the pharmacological inhibition by CBX
would have no additional effect on the K* transients. However, in a subset of experiments

the increase of the basal K" concentrations during hypoosmolar conditions was
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significantly reduced. The underlying mechanism remains speculative, but it could point
towards a role for connexin hemichannels during cellular volume regulation. This would,
however, require open hemichannels during hypoosmolar conditions that were then
closed by CBX. Such a scenario would, in turn, require distinct gating mechanism for
unapposed hemichannels and hemichannels that form gap junction channels.
Interestingly, both hemichannels and gap junction channels were reported to exhibit two
molecular distinct gating mechanism (Bukauskas and Verselis, 2004) that could be
differentially affected by the hypoosmolar conditions. It will be interesting to further reveal
the role of hemichannels and gap junction channels for volume-regulatory mechanisms in

future experiments.

4.1.9 Conclusions

Astrocytes contribute to the extracellular K* clearance via several mechanisms (Kofuji and
Newman, 2004; Walz, 2000). Effective K" clearance is important for normal neuronal
function, because an excess of extracellular K* results in neuronal hyperexcitability
(Balestrino et al., 1986; Hablitz and Heinemann, 1987; Rausche et al., 1990; Voskuyl and
ter Keurs, 1981) and has been associated with pathophysiological conditions such as
epilepsy (Moody et al., 1974). The astrocytic gap junction coupling was postulated to
facilitate K* clearance via K* redistribution from sites of elevated extracellular K*
concentration to sites with a lower extracellular K* concentration. Previous studies found
indications for this spatial K* buffering using mice that exhibit coupling-deficient astrocytes
via an astrocyte-specific gene deletion of connexins (Pannasch et al., 2011; Wallraff et al.,
2006). However, this was also accompanied by astrocyte morphology changes (Ghézali et
al., 2018; Pannasch et al., 2014). Thus, it was not clear if the impaired K* clearance was a
consequence of the absence of gap junction coupling or the morphology changes.
Therefore, pharmacological gap junction inhibitors were acutely applied in order to avoid
long-term adaptions. The resulting disruption of the astrocyte network was then used to
investigate the functional consequence on the clearance of extracellular K*. For this
purpose, extracellular K* transients were evoked by various stimuli and recorded with K*-
sensitive microelectrodes during intact and inhibited gap junction coupling. First, standard
electrophysiological stimulation paradigms to probe hippocampal circuit function, i.e. the
activation of CA3/1 Schaffer collaterals, were used to evoke K* transients. Such K*
transients exhibited peak amplitudes in the sub to low millimolar range, but were largely
unaffected by the inhibition of gap junction coupling in hippocampal slices obtained from
juvenile rats. Next, K" transients with different peak amplitudes were evoked during

silenced neuronal activity by a point-source K* application in hippocampal slices obtained
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from adult rats. Such K* transients were also unaffected by acute gap junction uncoupling
when they showed peak amplitudes in the low millimolar range. In contrast, extracellular
K* transients with peak amplitudes exceeding ~10-15 mM were increased after gap
junction uncoupling.

In conclusion, astrocytic gap junction coupling seem not to be involved in the clearance of
extracellular small K* transients that are generally associated with physiological conditions
(Heinemann et al.,, 1990; Rasmussen et al., 2019). Conversely, other K* clearance
mechanisms, such as the Na'/K*-ATPase, could mediate K* clearance under these
conditions (D’Ambrosio et al., 2002; Jauch et al., 2002; Ransom et al., 2000). In contrast,
our results indicate that astrocytic gap junction coupling facilitates the clearance of large
extracellular K* loads that are generally associated with pathophysiological conditions (de
Curtis et al., 2018; Fisher et al., 1976; Moody et al., 1974). Thus, astrocytic gap junction
coupling might act as a rescue mechanism when other K* clearance mechanisms are not
able to cope with extensive extracellular K* loads. The acute gap junction uncoupling
augmented the peak amplitude of the applied K* transients, but did not affect their decay.
This suggests that astrocytic gap junction coupling facilitates K* clearance during the
application phase of K* and is not involved in mediating the recovery of the extracellular K*
concentration back to basal levels. Interestingly, similar was observed when the passive
K* uptake via Kir4.1 channels, a proposed requirement for spatial K* buffering (Larsen and
MacAulay, 2014; Orkand, 1986), was acutely inhibited (Larsen et al., 2014). This supports
the conclusion that the coupling of astrocytic gap junction channels indeed mediates
spatial K* buffering and thereby facilitates local K* uptake by the following mechanism. A
local extracellular K* elevation will result in K* uptake and a depolarization of the astrocyte
membrane. This K*-induced astrocyte membrane depolarization will be limited by a fast K*
redistribution within the astrocytic network or cytosol assisted by gap junction channels.
As a consequence, the local membrane potential is kept below the K* equilibrium potential
and K* enters constantly the astrocyte. In turn, this will limit the extracellular accumulation
of the applied K*. After the constant supply of K* into the ECS, K* is no longer
redistributed and other mechanisms, such as the active K* uptake by the Na*/K*-ATPase
(Larsen et al., 2014; Ransom et al., 2000), mediate the decay of the extracellular K*
concentration back to basal levels. The conducted experiments further indicate that
astrocytic gap junctions facilitate K* clearance specifically when a local extracellular K*
concentration of around 10-15 mM was reached. These concentrations might represent
the levels at which the other K* clearance mechanisms, such as the Na*K*-ATPase, were
saturated and cannot cope with the large amounts of extracellular K*. As a consequence,
K* redistribution assisted by astrocytic gap junction channels is required to sustain

efficient extracellular K* clearance.
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4.2 Proepileptiform mechanisms of rapid astrocyte morphology

changes and uncoupling

Previous work from our lab (e.g. Anders, 2016) investigated astrocyte morphology and
gap junction coupling in an in vitro epilepsy model. This model consisted of the induction
of epileptiform activity by the suppression of inhibitory synaptic transmission through the
application of the GABAAR antagonist penicillin for 30 minutes. It could be shown that
epileptiform activity rapidly induced changes of the astrocyte morphology. This was
manifested by a shrinkage of peripheral processes which was paralleled by a reduced
intra- and intercellular diffusivity (Chapter 1.6.1). It was demonstrated that these
morphology changes occurred within minutes after the onset of the epileptiform activity
and persisted after the recovery of the inhibitory synaptic transmission. Importantly, also
the epileptiform activity persisted after the inhibitory synaptic transmission was restored.
Additionally, the frequency of the persistent epileptiform discharges was positively
correlated with the degree of the astrocyte morphology changes. These morphology
changes were prevented by inhibiting the Rho associated protein kinase (ROCK) pathway
which suggests a role for the actin cytoskeleton. Importantly, the inhibition of ROCK also
attenuated the epileptiform activity which indicates a proepileptiform effect of the rapid
astrocyte morphology changes (Anders, 2016). However, the functional mechanism
underlying the proepileptiform effect of the astrocyte morphology changes remained
elusive. Therefore, the following experiments addressed the functional consequences of

the astrocyte morphology changes in order to explain the observed proepileptiform effect.

4.2.1 Inhibitory input on CA1 pyramidal neurons after epileptiform activity

A first attempt to unravel the underlying mechanism of the persistent epileptiform activity
after the removal of penicilin was to investigate a potential impact of astrocyte
morphology changes on inhibitory input onto CA1 pyramidal neurons (Chapter 1.5.2 and
1.6). In the hippocampus, the major inhibitory input is mediated by the activation of
GABAxR and the subsequent CI influx that leads to a hyperpolarization or shunting of the
neuronal membrane potential (Pelkey et al.,, 2017). In contrast, excitatory input is
predominantly attributed to the activation of AMPARs and NMDARs associated with an
influx of cations, such as Na* and Ca?", and a depolarization of the membrane. The
integration of excitatory and inhibitory synaptic inputs determines the output of neurons,
i.e. action potential firing (represented by the population spike of the field potential). Thus,
a balanced integration is considered to be essential for normal brain function.

Since astrocytes, as a part of the tripartite synapse (Araque et al., 1999), are involved in

regulating synaptic transmission, alteration of their morphology could impair this regulation
95



Results

and, in turn, result in an imbalance of the synaptic integration. Thus, it was probed if
alterations of the astrocyte morphology affected inhibitory input on CA1 pyramidal neurons
and evoked a disinhibition that could explain the neuronal hyperexcitability, i.e. persistent
epileptiform activity. As a measure for the inhibitory input, spontaneous inhibitory
postsynaptic currents (SIPSC) were recorded from CA1 pyramidal neurons in hippocampal
slices obtained from juvenile Wistar rats. These currents originate from spontaneous
GABA release that activates postsynaptic GABAsR. Previous experiments showed that
the induction of epileptiform activity by penicillin for 30 minutes was able to evoke
significant astrocyte morphology changes, therefore, the same approach was employed
for the following experiments. Since the astrocyte morphology changes have been shown
to occur rapidly after the onset of the epileptiform activity and persisted, it was
hypothesized that the functional alterations were also already present during this period.

In order to monitor evoked and spontaneous neuronal activity in the hippocampal slices, a
field potential electrode was placed in the CA1 str. oriens close to the pyramidal cell layer
(Chapter 3.4.2 and 3.4.5). In addition, a bipolar stimulation electrode was placed in the str.
radiatum at the CA3/1 border in order to stimulate Schaffer collaterals (SCs) and, in turn,
evoke neuronal activity. The SCs were stimulated throughout the experiment with paired
pulses (20Hz) at an interval of 30 seconds leading to two consecutive fEPSPs with a
population spike each. First, the basal synaptic transmission and neuronal firing were
monitored during a 10 minutes baseline period. Next, inhibitory GABAergic synaptic
transmission was inhibited by the application of 4 mM penicillin to the aCSF. This resulted
generally in the occurrence of multiple population spikes on top of the evoked fEPSPs
(Figure 32A) and spontaneous epileptiform discharges (Figure 32B). In contrast, no
spontaneous discharges were observed in control conditions. In line with previous
experiments, the evoked synaptic transmission, quantified by the slope of the fEPSPs,
was not affected by the inhibition of GABAergic transmission (Figure 32C). Epileptiform
discharges occurred roughly 5-10 minutes after the application of penicillin and increased
in frequency until a steady state discharge frequency of on average 2.56 + 0.57 min** was
reached (Figure 32D). After 30 minutes of penicillin treatment, penicillin was removed by
the application of penicillin-free aCSF, also containing the NMDAR and AMPAR
antagonists D-APV (50 pM) and NBQX (10 uM). This terminated the evoked and
epileptiform activity. Importantly, previous experiments from our lab showed that the
removal of penicillin recovered inhibitory input onto CA1 pyramidal neurons to control
levels. Thus, potential effects on the GABAergic synaptic transmission after the wash-out
of penicillin were likely mediated by the induced astrocyte morphology changes but not by

residual penicillin in the tissue.
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Figure 32 Induction of epileptiform activity by the application of 4 mM penicillin. A) Field potentials
evoked by a paired-pulse SC stimulation were recorded in the CA1 str. pyramidale of hippocampal slices
obtained from juvenile Wistar rats. Example traces of evoked field potentials recorded during control
conditions (top) and in the presence of 4 mM penicillin (bottom). B) Spontaneous epileptiform discharges
occurred during the application of penicillin (bottom), but not during control conditions (top). The inset on the
right depicts a typical epileptiform discharge. C) The slope of the first evoked fEPSP was monitored
throughout the experiment (Left panel) and was not different after penicillin treatment compared to control
conditions (Right panel; Control, 95.26 + 15.37%, n = 7; Penicillin, 92.75 + 5.40%, n = 7; p = 0.609, Mann
Whitney U test). D) The epileptiform discharges occurred shortly after the application of 4 mM penicillin and
were terminated by the application of penicillin-free aCSF containing 50 uM D-APV and 10 pM NBQX (Left
panel). The frequency of the epileptiform discharges increased within the first 10 minutes of penicillin
treatment and reached on average 2.56 + 0.57 min (n = 7) after 30 minutes (Right panel). N indicates the
number of hippocampal slices.
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A CALl pyramidal neuron was patched and kept in the voltage-clamp mode at a potential
of -70 mV and filled with 40 uM Alexa Fluor 594 via the patch pipette (Chapter 3.4.4).
Pyramidal neurons were identified by their typical morphology (large primary apical and
multiple basal dendrites) visualized by the fluorescence signal of Alexa Fluor 594 and their
location in the str. pyramidale of the hippocampal slice (Figure 33A-B). After 5 minutes of
dialysis with the intracellular solution, sSIPSCs were recorded over a period of 5 minutes
(Figure 33C). Since the normal equilibrium potential for CI" is close to the neuronal
membrane potential, opening of GABAAR would only lead to small inward currents. Thus,
SIPSCs were recorded with an intracellular solution containing a high CI- concentration in
order to render the equilibrium potential more positive. Consequently, GABAAR activation
lead to larger, but outward-directed CI- currents (recorded as a negative deflection of the
current signal). However, no significant difference was found for the frequency (Figure
33D) and amplitude (Figure 33E) of sIPSCs recorded in control condition compared to
after epileptiform activity. Although not statistically significant, there was a tendency
towards smaller width (p = 0.0977) of sSIPSCs recorded in slices that experienced
epileptiform activity (Figure 33G). This could indicate that the amount of extracellular
GABA was unaffected but the GABA was present at the synapses for a shorter time
period after epileptiform activity. This was further supported by the statistically significant
shorter decay times when the sIPSCs decay was analyzed with a monoexponentially
decaying function. The access resistance (Control, 12.37 + 1.34 MQ, n = 11; Penicillin,
12.75 + 0.99 MQ, n = 10; p = 0.307, Mann-Whitney U test) and the holding current
(Control, -136.49 £ 18.04 pA, n =11; Penicillin, -141.94 + 13.15 pA, n = 10; p = 0.812, two-

sample Student’s t-test) were also not different between the two conditions.

98



Results

A GIuR blockers B

Patch

Str. rad

C Control Penicillin

T 100 ms
D E F . G
20 0 124 8-
N <
T
<z Y 3_100_L ‘ 10{ e _61 o
3] [ 3 2
C o S —_ e S
3 10- o 5 Esl § o 54-4* ®
8 } o E-2001 b , < ° ?
§ : ., § 6 * LL2- ®
- = -300+ °
0- 4 0-
> 3 3 3
P &\0 Qe»(\ < ('\\*0 Q@(\ p (,\(\0 QQ’Q 5 \\\‘0 Q?‘Q
) O @) o

Figure 33 Spontaneous inhibitory input on CA1 pyramidal neurons was not affected by epileptiform
activity. A) After the wash-out of penicillin and the application of glutamate receptor antagonists (50 uM D-
APV & 10 pM NBQX), a CAl pyramidal neuron (indicated in green) was patched in the whole-cell
configuration and filled with Alexa Fluor 594 via the patch pipette. B) Example of a patched pyramidal neuron
visualized by the Alexa Fluor 594 fluorescence. Scale bar: 50 ym. C) Example traces of spontaneous
inhibitory postsynaptic currents (sIPSC) recorded from neurons in control conditions (Left panels) and after
penicillin treatment (Right panels). Inset: The decay of the averaged sIPSCs was analyzed with a
monoexponentially decaying function (red). D-G) No difference of the sIPSC frequency (Control, 8.88 + 1.21
Hz; Penicillin, 8.34 + 0.93 Hz; p = 0.734, two-sample Student’s t-test), sSIPSC amplitude (Control, -91.33 +
20.62 pA; Penicillin, -74.74 + 8.66 pA; p = 0.647, Mann Whitney U test) and the full-width at half maximum
(FWHM) (Control, 4.11 + 0.28 ms; Penicillin, 3.54 + 0.19 ms; p = 0.0977, Mann Whitney U test) in control
conditions was observed compared to after the induction of epileptiform activity. However, the decay time
constant (t) was significantly reduced after epileptiform activity (Control, 7.65 + 0.34 ms, n = 11; Penicillin,
6.51 + 0.20, n = 10; p = 0.0112, two-sample Student’s t-test). Points represent the mean of the sIPSCs in a
single recording. Lines represent the mean of the single recordings (Control, n = 11 neurons from 7 slices;

Penicillin, n = 10 neurons from 7 slices).
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Taken together, these results indicate that the frequency and amplitude of spontaneous
inhibitory postsynaptic currents onto CA1 pyramidal neurons was largely unaffected by the
induction of epileptiform activity and corresponding astrocyte morphology changes.
However, there was tendency towards reduced width of the sIPCSs after epileptiform
activity. Furthermore, the sIPSCs decay time constants were significantly decreased after
epileptiform activity. This suggests that the presence of extracellular GABA at the
synapses was shorter after epileptiform activity and therefore lead to an inefficient
inhibitory synaptic input. If the faster sIPSC decay rates were a result of the astrocyte
morphology changes, acute inhibition of the morphology changes should prevent the
faster decay rates. Thus, further experiments and analysis might provide further insights
about the impact of epileptiform activity on inhibitory synaptic transmission and, in turn,
the neuronal hyperexcitability. On the other hand, neuronal hyperexcitability could not only
be attributed to a disinhibition but also to increased extracellular K* or glutamate
concentrations. This can be caused by an impaired clearance of K* or glutamate from the
ECS or an increased release into the ECS. In addition, the structure of the ECS also
impacts directly the extracellular concentration of K* and glutamate by determining the

volume into K* and glutamate is released.

4.2.2 The ECS during epileptiform activity

Shrinkage of the ECS has been hypothesized to facilitate epileptiform activity by
enhancing extracellular K* or glutamate accumulations (Kilb et al., 2006; Traynelis and
Dingledine, 1989). However, also extracellular K* elevations itself, for instance evoked by
neuronal activity, can induce cellular swelling and a reduction of the ECS. This results
from water that enters the astrocyte during K* uptake in order to ensure isotonic
conditions (MacAulay and Zeuthen, 2012; Sykova et al.,, 1999). Interestingly, a
pronounced activity-dependent ECS shrinkage was observed in hippocampal slices with
coupling-deficient astrocytes. It was argued that this was a consequence of facilitated
astrocytic swelling due to an impaired redistribution of K* within the astrocyte network
(Pannasch et al., 2011).

This raised the question if the astrocyte morphology changes that were accompanied with
a decreased intra- and intercellular diffusivity (Anders, 2016) would also lead to
pronounced astrocyte swelling. A possible scenario how pronounced astrocyte swelling
would facilitate the generation of epileptiform activity would be the following. Spontaneous
excitatory synaptic activity that evokes under normal conditions sub-threshold
postsynaptic activity results in small extracellular K* or glutamate accumulation. The

astrocyte morphology changes would then lead to pronounced cellular swelling and
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shrinkage of the ECS. As a consequence, K* or glutamate released by the spontaneous
excitatory synaptic activity would induce higher extracellular concentrations and, in turn,
above-threshold postsynaptic activity, i.e. epileptiform activity. On the other hand, the
astrocyte morphology changes, i.e. the shrinkage of fine astrocyte processes (Anders,
2016), could also result in an increase of the ECS. Conversely to K* and glutamate, an
increase of the ECS could also act proepileptiform by lowering the local extracellular
concentration of inhibitory neurotransmitter, such as GABA.

In order to test this possibility, the real-time TMA*-iontophoresis approach (Chapter 3.6.4)
was employed in order to quantify the ECS structure. Briefly, TMA* was applied in the
CAl str. radiatum with a TMA* filled iontophoresis pipette and the corresponding
extracellular TMA* transients were recorded in 100-200 um distance. Simultaneously, field
potentials were recorded in the CAl str. oriens close to the str. pyramdiale. The
application of 4 mM penicillin resulted in epileptiform discharges for 30 minutes (Figure
34A) that previously induced the astrocyte morphology changes. Considering that the
epileptiform activity results in elevated extracellular K* levels (see Figure 35A in chapter
4.2.3), a decreased ECS fraction would be expected compared to control conditions if K*-
induced cellular swelling would be facilitated by the astrocyte morphology changes.
Afterwards, epileptiform activity was terminated by the application of NMDAR, AMPAR
and voltage-gated Na* channel inhibitors (Figure 34A). Conversely, if the shrinkage of the
fine astrocyte processes would have increased the ECS, this should be most prominent in
the absence of neuronal activity and the corresponding extracellular K* accumulations.
However, the TMA* diffusion analysis revealed no alterations of the ECS fraction
compared to control conditions (Figure 34B).

In summary, these experiments revealed that the ECS fraction was not affected during
epileptiform activity. This indicates that the epileptiform discharges and the corresponding
extracellular K* and glutamate accumulation were too small to induce ECS shrinkage or
the shrinkage was too marginal to be detected. The unaltered ECS fraction during
inhibited neuronal activity further suggests that the shrinkage of the fine astrocyte
processes had also no impact on the ECS during resting conditions. As a consequence,
the extracellular concentration of K* or glutamate is unlikely to be affected by the structure
of the ECS. However, an impaired clearance of the extracellular K* or glutamate by the
astrocyte morphology changes could promote the accumulation of K* or glutamate in the

ECS and thereby increase neuronal excitability.
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Figure 34 Induction of epileptiform activity had no impact on the ECS fraction. A) The application of 4
mM penicillin induced spontaneous epileptiform discharges, which were terminated after 30 minutes by 1 uM
TTX, 10 uM NBQX and 50 uM D-APV (Control, n = 7; Penicillin, n = 6). B) The ECS fraction was unaffected
by the induction of epileptiform activity (Control, n = 7, Penicillin, n = 6; p for Ctl vs. Pen = 0.226, two-way
repeated measures ANOVA). Analysis done by Dr. C. Henneberger.

4.2.3 Extracellular K* clearance after epileptiform activity

Extracellular K* concentration elevations were shown to facilitate action potential firing
and synaptic transmission (Balestrino et al., 1986; Hablitz and Lundervold, 1981; Rausche
et al., 1990; Voskuyl and ter Keurs, 1981). Consequently, an impaired extracellular K*
clearance and the corresponding excess of extracellular K* would increase neuronal
excitability and, in turn, might contribute to the generation of epileptiform activity.
Astrocytes contribute to the clearance of extracellular K* concentrations by several
mechanisms (Kofuji and Newman, 2004; Walz, 2000). It was for instance shown that
slowed K* uptake in hippocampal slices from Cx30 and 43 knock-out mice was associated
with a reduced threshold for the generation of epileptiform activity (Wallraff et al., 2006).
Therefore, we hypothesized that the induced astrocyte morphology changes and the
corresponding decreased intra- and intercellular diffusivity (Anders, 2016) impaired the
extracellular K* clearance. For instance, a reduced intra- and intercellular K* redistribution
could impair spatial K* buffering and thereby lead to facilitated extracellular K*
accumulations. Furthermore, the astrocyte morphology changes might alter the proximity
of K* channels and transporters to the K release sites and decrease their uptake
efficiency. Thus, if astrocyte morphology changes impaired extracellular K* clearance,
augmented peak amplitudes and/or a prolonged decay of extracellular K* transients would
be expected after epileptiform activity.

In order to test this hypothesis, field potentials and the extracellular K* concentration were

recorded in the CAl stratum pyramidale and radiatum, respectively (Figure 35A). Next, 4
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mM penicillin was applied for 30 minutes in order to induce epileptiform activity and, in
turn, astrocyte morphology changes. The epileptiform discharges (Figure 35B) evoked
extracellular K* transients with peak amplitudes of on average 0.23 + 0.042 mM (n = 6).
Simultaneously, axonal and synaptic activity was evoked by the stimulation of Schaffer
collaterals with a paired-pulse (20 Hz, 30 s interstimulus interval, stimulation intensity was
adjusted to obtain 80% of the maximal fiber volley amplitude). Next, it was tested if the
epileptiform activity altered the extracellular K* clearance. Since the epileptiform activity
and the increased postsynaptic activity would lead to more activity-dependent K* release
compared to control conditions, NMDAR and AMPAR were acutely inhibited by 50 uM
DAP-V and 10 pM NBQX, respectively, in order to terminate epileptiform activity and
inhibit postsynaptic activity. As a consequence, the extracellular K* transients were solely
induced by axonal activity, which allowed a better comparison of the evoked extracellular
K* transients between the conditions. Schaffer collaterals were stimulated with 50 pulses
at 100 Hz that resulted in axonal activity (represented by a train of 50 fiber volleys, FV)
and extracellular K* transients with peak amplitudes (Control, 0.93 + 0.20 mM, n = 6;
Penicillin, 1.20 = 0.24, n = 6; p = 0.409, two-sample Student’s t-test) in the low millimolar
range (Figure 35C). Impaired K* clearance after epileptiform activity is expected to result
in larger extracellular K* accumulations compared to control conditions when evoked by
similar neuronal activity. Since the number of activated axons can vary between the
experiments and thereby the activity-dependent K* release, the K™ peak amplitudes were
normalized to their corresponding mean FV-amplitude. However, the normalized peak
amplitudes of the extracellular K* transients after epileptiform activity were not different
from control conditions (Figure 35D, left panel). This indicates that the epileptiform activity
and the corresponding astrocyte morphology changes did not facilitate the accumulation
of extracellular K*. Since limiting the extracellular accumulation of K* and the recovery
back to basal levels was previously suggested (Larsen and MacAulay, 2014; Larsen et al.,
2014) and further supported in this study (Chapter 4.1 and Breithausen et al., 2020) to be
mediated by different mechanisms also the decay of the extracellular K* transients was
analyzed. A prolonged presence of K* in the ECS, represented by a prolonged decay of
the K* transients, would also lead to neuronal hyperexcitability and could underlie the
generation of epileptiform activity. However, also the decay of the extracellular K*
transients after epileptiform activity was not different from control conditions (Figure 35D,
right panel).

In summary, the conducted experiments show that the extracellular K* clearance was not
affected by epileptiform activity during these conditions. This indicates the persistence of
the epileptiform activity after the recovery of inhibitory synaptic transmission (Anders,

2016) was not mediated by augmented or prolonged extracellular K* accumulations. In
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addition to extracellular K*, increased and/or prolonged extracellular glutamate
accumulations would lead to increased glutamate receptor actitation and, in turn, to

increased postsynaptic activity.
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Figure 35 Extracellular K* clearance was unaffected by epileptiform activity. A) The extracellular K*
concentration was recorded in the CA1l stratum radiatum with a K*-sensitive microelectrode (top trace) in
parallel to field potentials in the CA1 stratum pyramidale (bottom trace). Spontaneous epileptiform discharges
are indicated by * and stimulation-evoked fEPSPs are indicated by #. B) The application of 4 mM penicillin
evoked epileptiform discharges (max. rate; 5.83 + 1.32 min’, n = 6), which were terminated by the inhibition of
postsynaptic activity (50 uM DAP-V & 10 pM NBQX). C) After the inhibition of postsynaptic activity,
extracellular K* transients (top trace) were evoked by the stimulation (50 pulses at 100 Hz) of Schaffer
collaterals (bottom trace, 6/50 fiber volleys shown, recorded by the reference compartment of the K*-sensitive
microelectrode). D) Left panel: The peak amplitudes of the evoked extracellular K* transients that were
normalized to the mean fiber volley (FV) amplitude were not affected by epileptiform activity (Control, 1.42 +
0.18 mM/mV, n = 6; Penicillin, 1.56 £ 0.12 mM/mV, n = 6; p = 0.533, two-sample Student’s t-test). Right panel:
The decay rate (t) of the extracellular K* transients (quantified by a monoexponentially decaying function) was
also not affected by epileptiform activity (Control, 3.32 + 0.37 s, n = 6; Penicillin, 293 + 0.11 s, n = 6; p =
0.810, Mann—Whitney U test). A subset of the presented data belongs to my Master Thesis. This set of data
was then completed during the time as a PhD student.
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4.2.4 Glutamate clearance after epileptiform activity

Glutamate is the predominant excitatory neurotransmitter in the brain (Danbolt, 2001,
Rose et al.,, 2018). Excitatory synapses release glutamate spontaneously or upon
stimulation into the synaptic cleft, where it binds to glutamate receptors that mediate the
synaptic transmission by the influx of cations into the postsynaptic compartment. An
excess of extracellular glutamate, caused for example by an impaired extrasynaptic
clearance, could therefore evoke increased postsynaptic activity and, in turn, facilitate
epileptiform activity. Astrocytes have been shown to be involved in the regulation of
glutamatergic transmission by the uptake of glutamate and by limiting glutamate spillover
at the synapse (Asztely et al., 1997; Rose et al., 2018). For that reason, astrocytes are
located at the extrasynaptic sites (Kikuchi et al., 2020; Medvedev et al., 2014; Ventura
and Harris, 1999; Witcher et al., 2007) and express glutamate transporters that clear
glutamate from the ECS.

This glutamate uptake was shown to depend on the cotransport of Na™ and, in turn on the
transmembrane concentration gradient for Na* (Levy et al., 1998; Nicholls and Attwell,
1990; Rose et al.,, 2018; Stallcup et al., 1979). It was further shown that increased
intracellular Na* accumulations in astrocytes and, in turn, a reduced Na* transmembrane
concentration gradient reduced glutamate uptake (Karus et al., 2015). This raised the
guestion if the reduced astrocyte volume and the decreased intra- and intercellular
diffusivity (Anders, 2016) would facilitate intracellular Na* accumulations, impair the
glutamate clearance and, in turn, promote epileptiform activity. Furthermore, the
glutamate transporter GLT-1 was shown to be highly motile in the membrane of
hippocampal astrocytes and thus affect synaptic transmission (Murphy-Royal et al., 2015).
As a consequence, the astrocytic morphology changes could impair this surface diffusion
and impair glutamate clearance (Henneberger, 2017; Murphy-Royal et al.,, 2015).
In order to probe if glutamate clearance was affected by astrocyte morphology changes,
extracellular glutamate dynamics were visualized with the intensity-based glutamate
sensor iGIUSnFR (Marvin et al., 2013). For this purpose, the fluorescence glutamate
sensor iGluSnFR was expressed specifically on the surface of astrocytes.

As described above, basal synaptic transmission recorded in the CA1 str. oriens close to
the pyramidal cell layer was monitored for 10 minutes during a baseline period in the
absence of penicillin. Next, 4 mM penicillin was applied to evoke epileptiform activity.
Again, the epileptiform discharges occurred after the application of penicillin and reached
a frequency of 0.525 + 0.38 min* after 30 minutes (Figure 36). Afterwards, penicillin was
removed by the application of penicillin-free aCSF containing also 10 uM NBQX, 50 uM D-
APV, 1 pM TTX and 100 pM Ly341495 in order to block AMPARs, NMDARS, action

potential firing and mMGIuRs. Thus, epileptiform activity was terminated and the
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subsequently applied glutamate was prevented from activating glutamate receptors. This
allowed me to investigate extracellular glutamate clearance in isolation, because
modulatory effects of glutamate on, for instance astrocytic Ca®* signaling or presynaptic
glutamate release, were largely reduced.
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Figure 36 Low frequency of epileptiform discharges in slices obtained from FVB mice expressing
iGIuSnFR on astrocytes. Epileptiform discharges appeared shortly after the application of 4 mM penicillin
and reached a frequency of 0.525 + 0.38 min after 30 minutes (Cyan, n = 4 slices). No discharges were
observed during control conditions (Blue, n = 4 slices). After 30 minutes, penicillin-free aCSF containing 10 uM
NBQX, 50 uM D-APV, 1uM TTX and 100 uM Ly341495 was applied to the hippocampal slices.

It was tested if glutamate clearance was influenced by astrocyte morphology changes that
were induced during the period of epileptiform activity. To this end, iGluSnFR-expressing
astrocytes were identified in the CAL str. radiatum of hippocampal slices that experienced
epileptiform activity or control conditions (Figure 37A). In order to inject glutamate into the
hippocampal slice, an iontophoresis pipette filled with 150 mM glutamate was placed in
the territory of an astrocyte expressing iGluSnFR (Chapter 3.5). The advantage of the
iontophoresis approach was that the amount of applied glutamate was controlled by the
application current and thus was kept constant between the experiments. Furthermore, it
allowed investigating the spatial spread of glutamate into the ECS since the release site of
glutamate was known. For visualizing the applied glutamate, the iGluSnFR-expressing
astrocyte territory was imaged repetitively by a line scan close to the tip of the
iontophoresis pipette (Figure 37B, left panel). This line scan provides information about
the spatial profile of the extracellular glutamate transients along the imaged line. Also
information about the tempotal profile of the extracellular glutamate transients is obtained
by the repetitive scanning of the same line.

Next, glutamate was applied by a -5 nA current injection for 250 ms which resulted in a

glutamate transient represented by a fluorescence increase in the line scan (Figure 37B,
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right panel). The duration of the iontophoretic glutamate application (200 ms) resembled
roughly the duration of interictal discharges that can be observed in an
electroencephalogram of epilepsy patients (de Curtis and Avanzini, 2001). During the
post-hoc analysis, the line scan was binned into 1 um broad sections, which were
normalized to their respective baseline fluorescence and converted into the actual
glutamate concentration (Chapter 3.8.3).

If glutamate clearance would be impaired after epileptiform activity, an accelerated
extracellular glutamate accumulation, augmented extracellular glutamate concentrations
and/or a pronounced spread into the ECS would be expected. These scenarios could lead
to increased glutamate receptor activation and thereby promote epileptiform activity. In
order to test the accumulation rate (quantified by an exponential function) and the peak
amplitude of the evoked extracellular glutamate transients, the temporal profile of the line
scan was analyzed. Both parameters varied between the separate lines depending on
their distance to the glutamate source (tip of the iontophoresis pipette). This was expected
since the applied glutamate dissipates in the ECS with distance to its source and thus
creates an extracellular gradient. Therefore, the temporal glutamate profiles were
compared between different lines according to their lateral distance to the source. Since
the fastest glutamate accumulation was expected to occur closest to the source, the line
with the smallest accumulation constant (t) was designated as such. As indicated above,
the accumulation rate and peak amplitudes decreased with increasing distance of the
respective line to the glutamate source (Figure 37C). Next, the glutamate accumulation
rates were compared between control conditions and after epileptiform activity since a
fastened accumulation could indicate an impaired glutamate clearance. The accumulation
rates were, overall and independently of the lateral distance to the glutamate source,
decreased after epileptiform activity compared to control condition (Figure 37E). However,
no such effect was observed for the glutamate peak amplitude (Figure 37F). This
indicates that the applied glutamate accumulates slightly slower after epileptiform activity
but reaches similar concentrations compared to control conditions.

In addition to the analysis of the temporal glutamate profile, the spatial profile, i.e. the
extent of the glutamate spread into the ECS, was quantified. To this end, the glutamate
concentration along the line scan was approximated with a Gaussian fitting function at the
end of the glutamate accumulation period. An impaired glutamate clearance could lead to
a facilitated spread of glutamate into the ECS, which would be detected by an increased
width of the spatial glutamate transient profiles. Although not statistically significant, the
fitting functions of the glutamate transients showed a tendency towards an increased full
width at the half maximal amplitude (FWHM) after epileptiform activity (Figure 37D, right

panel). This could point towards an increased spread of glutamate into the ECS and
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thereby to pronounced glutamate receptor actitation. In a subset of experiments, the
glutamate transients showed ‘sag’ where the peak would be expected (Figure 37D, left
panel). This ‘sag’ was then manually removed from the analysis. This sag might have
originated from a small glutamate leakage out of the iontophoresis pipette tip that bound
to the iGIuSnFR before the actual glutamate application and in turn decreased the
dynamic range of the sensor. Consequently, the fluorescence change to glutamate would
be smaller compared to the naive iGluSnFR at some distance from the pipette tip.

In summary, these experiments showed that the accumulation rates of the
iontophoretically applied glutamate were slightly slowed after the induction of epileptiform
activity compared to control conditions (Figure 37E). Additionally, it seemed that
glutamate, although not statistically significant, tended to spread further into the ECS after
the induction of epileptiform activity (Figure 37D). However, the number of epileptiform
discharges was, surprisingly, reduced compared to previous experiments performed with
slices obtained from non-transfected mice (Anders, 2016) and rats (Figure 34). We
hypothesized that this was caused by the expression of iGIuSnFR, which binds glutamate
and thus might reduce epileptiform activity by attenuating extracellular glutamate
accumulations. A reduced number of epileptiform discharges might also induce only small
changes of the astrocyte morphology. In turn, this could lead to an underestimation of the
impact of epileptiform activity on the glutamate clearance. Therefore, a stronger protocol
to evoke epileptiform discharges at higher frequencies was used in the following
experiments. Glutamate release during synaptic transmission is mainly restricted to the
synaptic cleft. Thus, it can be assumed that extracellular glutamate transients occur at
several sources more or less time-locked during epileptiform activity. The iontophoretic
glutamate application in contrast creates a single glutamate point source randomly in the
ECS. In order to probe glutamate clearance during more physiological scenarios,
extracellular glutamate transients were evoked by synaptic activity in the following

experiments.
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Figure 37 Clearance of iontophoretically applied glutamate was largely not affected by astrocyte
morphology changes. A) Astrocytes expressing iGIuSnFR were identified in the CAL str. radiatum of the
hippocampal slices. In each slice one to three astrocyte were randomly selected for imaging. B) For glutamate
application, an iontophoresis pipette (represented by the dotted lines) was placed in the territory of an
iGluSnFR-expressing astrocyte. Next, a line (represented by the solid line) was manually defined close to the
tip of the iontophoresis pipette and scanned repetitively (Left panel). Glutamate was then injected by a -5 nA
current injection which resulted in a fluorescence increase of iGIUSNFR in the line scan (right panel). The
fluorescence intensity was then converted into the actual glutamate concentration (see methods). C) The line
scans were binned into 1 pum lines and the temporal glutamate profiles were analyzed separately for the
glutamate accumulation rate (t). The line with the fastest glutamate accumulation was defined as closest to
the glutamate source (0 um). As the example glutamate transients depicts, the amplitude and accumulation
rate decreased with increasing distance (-, left from source; ‘+’, right from source) to the line with the fastest
accumulation rate. D) The spatial spread of the applied glutamate was analyzed at the end of the glutamate
injection with a Gaussian function along the spatial profile of the line scan. The full-width at the half maximal
amplitude (FWHM) of the Gaussian functions was not different in control conditions from after epileptiform
activity (Control, 4.60 £+ 0.28 um, n = 9 astrocytes from 4 slices; Penicillin, 5.54 + 0.43 um, n = 10 astrocytes
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from 5 slices; p = 0.0910, two-sample Student’s t-test). E) Overall, the accumulation constant (p = 0.0377 for
treatment, p = 0.00274 for distance, two-way ANOVA; no significant interactions) of the applied glutamate was
different in control conditions (Blue, n = 9 astrocytes from 4 slices) compared to after epileptiform activity
(Cyan, n = 10 astrocytes from 5 slices) F) No difference was observed for the amplitude of the glutamate
transients (p = 0.818 for treatment, p < 0.001 for distance, two-sample ANOVA; no significant interactions).
These experiments were performed together with Dr. D. Minge.

The following experiments were again performed in hippocampal slices obtained from
mice that underwent a stereotactic virus injection and expressed iGluSnFR specifically on
astrocytes. In contrast to the previous experiments, a stronger protocol to induce
epileptiform activity was used and extracellular K* transients were evoked by synaptic
release. In addition, a third experimental condition was introduced in which Y27632, a
selective inhibitor of the Rho-associated protein kinase (ROCK)-signaling pathway, was
present throughout the experiments. It was previously shown that inhibiting the ROCK-
signaling pathway prevents astrocyte morphology changes and decreased the number of
persistent epileptiform discharges after the recovery of inhibitory transmission (Anders,
2016). If glutamate clearance was impaired by the astrocyte morphology changes,
augmented extracellular glutamate transients or a prolonged decay back to basal levels
would be expected after epileptiform activity. Conversely, extracellular glutamate
transients would be unaffected in control conditions and after epileptiform activity in the
presence of Y27632.

To investigate this, hippocampal slices were treated in a subset of experiments throughout
the experimental time-course with 20 uM Y27632. As described above, Schaffer
collaterals were then stimulated and the corresponding neuronal activity was monitored in
the CAL str. oriens close to the pyramidal cell layer via a field potential electrode. After a
10 minutes baseline, epileptiform activity was evoked for 30 minutes by the application of
4 mM penicillin in order to induce astrocyte morphology changes. In contrast to the
previous experiments, the penicillin was applied together with a Mg?*-free aCSF in order
to relieve the Mg?* block from the NMDAR pore. As a consequence, NMDAR mediated
transmission was enhanced and facilitated neuronal excitability (Gloveli et al., 1995; Mody
et al., 1987). During treatment of the hippocampal slices with Mg?*-free aCSF containing 4
mM penicillin, the evoked fEPSPs were accompanied by multiple population spikes
(Figure 38A) and epileptiform discharges occurred (Figure 38B). The extracellular K*
concentration was 2.5 mM in a subset of experiments since one batch of hippocampal
slices tended to show spontaneous discharges already during baseline condition at a
extracellular K* concentration of 4 mM (Hippocampal slices measured at 2.5 mM
extracellular K*: Control (4/7), Penicillin (4/6), Penicillin + Y27632 (5/6)). Both sets of

experiments were subsequently pooled.
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Figure 38 Application of 4 mM penicillin and Mg?*-free aCSF increased the frequency of epileptiform
discharges in slices obtained from mice expressing iGluSnFR on astrocytes. A) Example fEPSPs
recorded in the CAL str. oriens close to the str. pyramidale showed repetitive population spikes. B) Example
epileptiform discharges during condition of 0 mM Mg?* and 4 mM penicillin. The inset shows a typical
epileptiform discharge. C) The slope of the fEPSP increased after the application of penicillin in Mg?*-free
aCSF in the presence of 20 pM of the ROCK-inhibitor Y27632. The fEPSP slope was not significantly affected
in the absence of Y27632 (Control, 101.77 + 16.65%, n = 6; Penicillin, 131.82 + 19.54%, n = 5; Penicillin + Y,
196.02 + 27.11%, n = 5; p = 0.0212, one-way ANOVA; p = 0.325 for Control vs. Pen, p = 0.00689 for Control
vs. Pen + Y, p = 0.0568 for Pen vs. Pen + Y, Holm-Bonferroni post-hoc test). Line scans (LS) to image
iGluSnFR were performed after the baseline period before the application of penicillin and after the wash-out
of penicillin in the presence of D-APV and NBQX. D) Epileptiform discharges occurred rapidly after the
application of penicillin and Mg?*-free aCSF, but their frequency was not affected by Y27632 (Pen, 5.33 + 1.66
min?, n = 6; Pen + Y, 3.17 = 0.97 min, n = 6; p = 0. 286, two-sample Student’s t-test). N represents the
number of hippocampal slices.
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First, it was tested if the synaptic transmission, quantified by the fEPSP slope, was
affected by Y27632 during the application of penicillin and Mg?*-free aCSF. Compared to
control conditions, the relative fEPSP slopes increased significantly in the presence of
Y27632 during the treatment with 4 mM penicillin and Mg?*-free aCSF. There was also a
trend towards increased fEPSP slopes in the presence of Y27632 compared to 4 mM
penicillin and Mg?*-free aCSF without Y27632 (Figure 38C). In contrast to the previous
experiments with iGluSnFR-transfected mice (Figure 36), Mg?*-free aCSF in addition to
penicillin reliably evoked epileptiform discharges. However, the inhibition of astrocyte
morphology changes by Y27632 had no impact on the discharge frequency (Figure 38D).
This observation was surprising since the inhibition of the (ROCK)-signaling pathway had
previously reduced the frequency of epileptiform discharges (Anders, 2016). Since these
experiments were conducted in the presence of extracellular Mg?*, it is not unlikely that
the facilitated NMDAR activation in our experiments determined the discharge frequency
in both conditions independently of astrocyte morphology changes. However, we would
still expect increased glutamate accumulations or a prolonged decay of glutamate
transients after epileptiform activity compared to control conditions if astrocyte morphology
changes impaired the glutamate clearance. Conversely, such differences were expected
to be smaller or absent when the astrocyte morphology changes were inhibited by
Y27632.

In order to probe the impact of this type of astrocyte morphology changes on glutamate
clearance, glutamate transients were evoked after the baseline period (before penicillin
and Mg?'-free aCSF were applied) and after the inhibition of AMPARs and NMDARs
(Figure 38C-D). At both time points, the periphery of three to four astrocyte expressing
iGluSnFR for each brain slice were imaged by a line scan in the CAL str. radiatum (Figure
39A, left panel). In order to evoke glutamate release from presynaptic terminals, axons
were stimulated repetitively with a sequence of 5 pulses at 20 Hz. This resulted in
glutamate transients that manifested in five consecutive fluorescence increases in the line
scan. Since the morphology changes have been shown to predominantly affect the fine
astrocyte processes (Anders, 2016), the analysis was intended to focus on these
processes. It was assumed that the fine processes exhibit lower basal fluorescence
intensities compared to thicker astrocyte branches. Therefore, only lines that showed a
basal fluorescence (before the onset of the glutamate transient) below the average basal
fluorescence of all lines (Figure 39A, right panel) were used for further analysis. These
lines were then averaged and resulted in a temporal glutamate profile as shown in Figure
39B. The glutamate profiles recorded in the same slice during the baseline condition were
then pooled and compared to the pooled glutamate profiles after the epileptiform activity

was terminated at the end of the experiment.
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In order to investigate if the glutamate clearance was affected by the induction of
epileptiform activity, the glutamate decay from the last peak back to basal levels was
guantified by a monoexponentially decaying function. This provided information about how
long the glutamate was present in the ECS. A longer decay time would indicate an
inefficient glutamate removal and a prolonged presence of glutamate in the ECS. In turn,
this could result in increased glutamate receptor activation and neuronal hyperexcitability.
During the baseline period, the glutamate decay constants were similar in the three
conditions (p = 0.573, one-way ANOVA). Interestingly, the decay constants of the
glutamate transients were significantly smaller, i.e. decayed faster, during control
conditions compared to the respective baseline. A similar trend was observed for the
decay after epileptiform activity in the presence of Y27632. No significant difference was
observed after the induction of epileptiform activity in the absence of Y27632 (Figure
39C). However, the change of the decay constants relative to their baseline levels was not
different among the three conditions (Figure 39D), as well as the absolute decay
constants (Control, 34.50 + 3.89 ms, n = 7; Penicillin, 35.31 £ 2.74 ms, n = 6; Penicillin +
Y, 27.87 £ 3.68 ms, n = 6; p = 0.304, one-way ANOVA).

These findings indicate that the glutamate clearance was accelerated compared to
baseline in control conditions and when the astrocyte morphology changes were inhibited
by Y27632, whereas this was not the case in the absence of Y27632. However, the
observed changes were rather small and the absolute decay constants at the end of the
experiment were similar in all experimental groups. Consequently, the previously
observed persistence of the epileptiform activity at this time point (Anders, 2016) cannot
be explained by a prolonged presence of extracellular glutamate.

In addition to the decay of the last glutamate peak, the glutamate accumulation was
investigated by comparing the peak amplitudes evoked by the individual stimulation
pulses. This provided information about amount of glutamate that accumulated during the
stimulation. Increased peak amplitudes would indicate an impaired glutamate clearance or
an increased glutamate release. These glutamate peaks were similar during the baseline
period among the conditions (p = 0.484, two-way repeated measures ANOVA). However,
the glutamate peak amplitudes were also not significantly altered after the induction of
epileptiform activity compared to their respective baseline amplitudes in all conditions
(Figure 39E).
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Figure 39 Astrocyte morphology changes had no impact on glutamate transients evoked by synaptic
activity. A) Left panel: The periphery of an iGluSnFR-expressing astrocyte was imaged by a line scan
(represented by the white line) and glutamate release was evoked by stimulating SCs with 5 pulses at 20 Hz.
Right panel: The stimulation evoked glutamate transient that were represented by five fluorescence increases
in the temporal line scan profile (Bottom). The top diagram depicts the basal fluorescence (before the onset of
the stimulation) of each line (0.395 pm). For further analysis, only lines that exhibited a basal fluorescence
intensity below the averaged basal fluorescence intensity of all line (represented by the red line) were used. B)
Temporal glutamate profile of the averaged lines with a low basal fluorescence intensity. The glutamate
profiles of the individual astrocytes in the same slice were then averaged for analysis. C) The decay of the
glutamate transients was analyzed from their last peak back to basal levels by a monoexponentially decaying
function. Compared to the respective transients imaged during baseline conditions, only glutamate transients
during control conditions were significantly affected (Baseline, 39.98 + 3.14 ms, Control, 34.50 + 3.89 ms, n =
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7, p = 0.0114; Baseline, 39.18 + 2.22 ms, Penicillin, 35.31 + 2.74 ms, n = 6, p = 0.152; Baseline, 34.97 + 4.81
ms, Penicillin + Y, 27.87 + 3.68 ms, n = 6, p = 0.0594, all tested with paired Student’s t-test). D) The relative
change of the decay constants compared to baseline was also not different among the conditions (Control,
85.39 + 4.078 ms, n = 7; Penicillin, 90.49 + 5.82 ms, n = 6; Penicillin + Y, 82.60 £ 7.84 ms, n = 6; p = 0.656,
one-way ANOVA). E) The peak amplitudes of the evoked glutamate transients during the three conditions
were not different compared to their respective baseline transients (Control, p = 0.293, n = 7; Penicillin, p =
0.511, n =6; Penicillin +Y, p = 0.393, n = 6; all tested with two-way repeated measures ANOVA, no significant
interaction). N represents the number of hippocampal slices.

In summary, extracellular glutamate clearance was investigated using two different
approaches that employed either the artificial application of glutamate by an iontophoresis
pipette or neuronal stimulation that led to synaptic glutamate release. Both experimental
approaches, however, revealed no profound impairment of glutamate clearance after
epileptiform activity. Actually, the glutamate accumulation rates of the iontophoretically
evoked glutamate transients were slower after the epileptiform activity compared to
control conditions (Figure 37E). However, this rather counterintuitive finding was
accompanied by a large variability in the data set. In contrast, the analysis of the spatial
glutamate profiles revealed a tendency towards a pronounced glutamate spread into the
tissue after epileptiform activity (Figure 37D). Although the determination of the peak
amplitude of the glutamate profiles was not possible in a subset of experiments (in both
experimental conditions), this could point towards a facilitated glutamate spill-over and, in
turn, contribute to the generation of epileptiform activity. On the other hand, epileptiform
activity had also no impact on the peak amplitudes of extracellular glutamate transients
evoked by synaptic activity. Their decay rate, however, seemed to accelerate compared to
baseline in control conditions and when the astrocytic morphology changes were inhibited.
Although this was not the case in when the astrocytic morphology changes were not
inhibited, the absolute decay rates were similar among all conditions. Thus, an impaired
glutamate clearance is not a major factor that can explain the persistence of epileptiform
activity, which was observed previously at this time point. This is, however, in line with the
previously observed stable fEPSP slopes (Figure 32C) since those indicated that the

excitatory (glutamatergic) synaptic transmission was unaltered.

4.2.5 Conclusions

Previous experiments from our lab have revealed that the acute inhibition of inhibitory
GABAsR and the concomitant epileptiform activity induced rapid astrocyte morphology
changes. These resulted in a decreased intracellular volume and a reduced inter- and

intracellular diffusivity. Interestingly, the altered astrocyte morphology and the epileptiform
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activity persisted after the recovery of the inhibitory synaptic transmission. Preventing
astrocyte morphology changes by inhibiting the Rho-associated protein kinase (ROCK)-
signaling pathway resulted in attenuated epileptiform activity. This indicated that the rapid
astrocyte morphology changes had a proepileptiform effect. However, the underlying
mechanism of this effect remained to be investigated.

In the present study, we tested several possible candidates that could underlie the
proepileptiform effect. As a part of the tripartite synapse (Araque et al., 1999), astrocytes
modulate inhibitory synaptic transmission by the release of gliotransmitter (Mederos and
Perea, 2019). This neuron-astrocyte interaction depends on the spatial arrangement of
the fine astrocyte processes with the synapse. Therefore, we tested if the rapid astrocyte
morphology changes, which were most prominent for the fine astrocyte processes
(Anders, 2016), impaired inhibitory synaptic transmission. The experiments revealed that
the frequency and amplitude of spontaneous inhibitory currents (sIPSCs) recorded in CAl
pyramidal neurons after epileptiform activity were not different from control conditions.
However, the decay of the sIPSCs was significantly shorter after epileptiform activity. In
addition, there was a trend towards smaller width of the sIPSCs after epileptiform activity.
Both suggest a decreased inhibitory input onto CA1l pyramidal neurons, which might
increase the neuronal excitability and promote the generation of epileptiform activity.
Additional experiments are, however, required to provide further information about the
inhibitory synaptic input after epileptiform activity.

The structure of the extracellular space has a direct impact on the extracellular
accumulation and diffusion of ions and neurotransmitter. A shrinkage of the extracellular
space was suggested to promote epileptiform activity by facilitating the extracellular
accumulation of K* and glutamate (Kilb et al., 2006; Traynelis and Dingledine, 1989). On
the other hand, also an increase of the ECS could promote epileptiform activity by
attenuating the extracellular accumulation of inhibitory neuro- or gliotransmitter. Therefore,
we tested by a TMA* diffusion analysis if the epileptiform activity had in impact on the
extracellular space fraction. However, the extracellular space fraction during epileptiform
activity was not different from control conditions. This indicates that the extracellular
accumulation of K* or glutamate was not facilitated by an activity-dependent cellular
swelling. Furthermore, the ECS was also not affected when the neuronal activity was
inhibited. This suggests that also in the absence of potential activity-dependent cellular
swelling, the shrinkage of the fine astrocyte processes had no significant impact on the
ECS. This means that the proepileptiform effect of the astrocyte morphology changes
cannot be explained by an altered ECS structure that affected the extracellular
accumulation of neuroactive substances, such as K*, glutamate or gliotransmitter.

We have further shown that the peak amplitude and the decay of extracellular K*
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transients were unaffected after epileptiform activity. These findings indicate that K*
clearance was not impaired by the shrinkage of the fine astrocyte processes and the
decreased intra- and intercellular diffusivity. This is in line with experiments that used the
same experimental approach and revealed no impact on the extracellular K* clearance
when the intracellular diffusivity was completely abolished (Breithausen et al., 2020).
Furthermore, the extracellular glutamate clearance was probed using two different
experimental approaches. First, the iontophoretic application of glutamate as a point
source revealed a slightly slower accumulation of glutamate after epileptiform activity. In
contrast, the reached extracellular glutamate concentrations after epileptiform activity
were not different from control conditions. Furthermore, we observed a tendency towards
a pronounced spread of glutamate in to the ECS. Taken together, these findings could
indicate that the local extracellular glutamate diffusion is facilitated after epileptiform
activity and thus resulted in the pronounced spatial spread and the slowed accumulation.
The increased extracellular glutamate spread could indicate a pronounced glutamate
spillover that activates a larger number of synapses and thus facilitates neuronal
activation. Although the TMA® diffusion analysis suggested unaltered extracellular
molecule diffusion, alterations of the local and short-range diffusion in the micrometer
range as it was the case for glutamate might be undetected (see chapter 5.2.2). The
iontophoretic application of glutamate resulted in extracellular glutamate concentrations
larger than 1 pM. Such concentrations were suggested to occur only when glutamate
uptake is dramatically impaired (Zheng et al., 2008). Thus, it is possible that the glutamate
transporters were already saturated in both experimental conditions by the large
extracellular glutamate accumulations. As a consequence, the extracellular glutamate
concentrations would be mainly determined by the amount of glutamate and thus would
reach similar levels in both conditions.

The second approach employed synaptic activity to evoke extracellular glutamate
transients. This had the advantage that the glutamate sources were directly at the
synapses where glutamate would also be released during physiological conditions. Thus,
the shrinkage of the fine astrocyte processes located at the synapses might have a more
pronounced on the clearance of those glutamate transients. However, the peak
amplitudes of the evoked glutamate transients were not affected by epileptiform activity.
This indicates that the extracellular glutamate release and accumulation was not altered
by epileptiform activity. This is in line with the unaltered fEPSP slopes during epileptiform
activity, because they represent the excitatory (glutamatergic) synaptic transmission and
would be affected by altered extracellular glutamate accumulations. In contrast, the decay
rates of the extracellular glutamate transients were slightly reduced in control conditions

compared to baseline. A similar trend was observed after epileptiform activity when the
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astrocyte morphology changes were inhibited with Y27632 but not in the absence of
Y27632. This indicates that the glutamate clearance was slightly accelerated in control
conditions and when astrocyte morphology changes were inhibited over the experimental
time course, but not in the presence of astrocyte morphology changes. However, the
absolute decay rates were similar in the three tested conditions and thus cannot explain
the persistent epileptiform activity that was previously observed at this time point.

In conclusion, the conducted experiments provided important information about different
functions after epileptiform activity. Although most of the investigated parameters were not
drastically impacted by the epileptiform activity, the experiments helped us to narrow
down the list of possible candidates that could underlie the observed proepileptiform effect
of astrocyte morphology changes. We revealed that spontaneous inhibitory currents
decayed faster after epileptiform activity and thus could underlie the observed neuronal
hyperexcitability. Therefore, further experiments on the inhibitory synaptic transmission
might provide the missing link between the astrocyte morphology changes and their
proepileptiform effect. In line with the largely unaffected extracellular K* and glutamate
clearance, excitatory synaptic transmission quantified by the fEPSP slopes was unaltered
by epileptiform activity. However, the action potential firing was amplified represented by
an increased amplitude and number of population spikes. Therefore, it would also be
interesting to investigate if the astrocyte morphology changes modulate the transformation

of synaptic potential into neuronal activation.
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5 Discussion

The knowledge about the role of astrocytes as an important regulator of many brain
functions is continuously increasing (Sofroniew and Vinters, 2010). From being
considered as just ‘nerve glue’ (Virchow, 1859), astrocytes emerged to be active
contributors to neuronal communication as part of the ‘tripartite synapse’. This concept
defines the fine astrocyte processes and pre- and postsynaptic terminal as a functional
unit (Araque et al., 1999). By the expression of various ion channels, neurotransmitter
receptors and transporters (Verkhratsky and Steinhduser, 2000), astrocytes have been
shown to be able to modulate synaptic transmission and plasticity. For instance,
astrocytes are known to clear K* (Kofuji and Newman, 2004; MacAulay and Zeuthen,
2012; Walz, 2000) and glutamate (Danbolt, 2001; Rothstein et al., 1996) from the ECS
and supply neurons with metabolites (Rouach et al., 2008). In addition, astrocytes release
factors that influence the synapse formation or react directly to neuronal activity via
intracellular Ca?* signaling with the release of gliotransmitter (Halassa et al., 2007b; Perea
et al.,, 2009; Volterra and Meldolesi, 2005). Another key feature of astrocytes is their
formation of an extensive network via gap junction channels that allow intercellular
trafficking of small molecules (Pannasch and Rouach, 2013). It has been proposed that
this network supports the metabolite supply for neurons (Rouach et al., 2008), facilitates
the clearance of extracellular K* and glutamate and limits cellular swelling (Pannasch et
al., 2011, 2012; Wallraff et al., 2006). However, the majority of the studies investigating
the functional role of the astrocyte network employed transgenic mice that were lacking
the gap junction composing proteins Cx30 and 43. Indeed, gap junction coupling was
absent in those mice, but it was also shown that astrocytes from mice deficient for Cx30
exhibit morphological changes. These include an increased synapse invasion of the fine
astrocyte processes into the synaptic cleft and the polarization of astrocytes (Ghézali et
al., 2018; Pannasch et al., 2014). This complicates statements about the pure channel
function of astrocytic gap junctions and its significance of K* redistribution through the gap
junction coupled astrocyte network or within a single astrocyte (Chapter 1.4.2), referred as
‘spatial K* buffering’ (Orkand, 1986; Orkand et al., 1966). Thus, the first part of this study
investigated the impact of acute pharmacological gap junction uncoupling on the
clearance of extracellular K* in order to avoid developmental adaptions and astrocyte
morphology changes. The results of this part will be discussed in chapter 5.1.

Beside their role in physiological processes, astrocytes became also a target for
investigating pathophysiological conditions, because there is raising evidence that
malfunction of astrocytes is involved in neurodegenerative diseases, such as epilepsy

(Bedner et al., 2015; Henneberger, 2017; Steinh&user et al., 2015). Previous work by Dr.
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S. Anders found a proepileptiform effect of astrocyte morphology changes in an acute
epilepsy model (Chapter 1.6.1). However, the underlying mechanism of this
proepileptiform effect remained unclear. Therefore, the second part of this study
investigated the functional consequences of the rapid astrocyte morphology changes in
the same model of epilepsy (Chapter 3.4.5). The results of the described experiments will
be discussed in the chapter 5.2.

5.1 Contribution of gap junction coupling to the clearance of

extracellular K*

The concept that K* is carried from the site of elevated extracellular K* levels through
electrically coupled cells to sites with a lower extracellular K* concentration was first
introduced in a study that investigated the membrane potential of glial cells in the optic
nerve of amphibians (Orkand et al., 1966). These findings were then later combined
among others with those from experiments performed within the retina of the drone
(Gardner-Medwin, 1983) and resulted in the concept of ‘spatial K* buffering’ (Orkand,
1986). It has been often hypothesized that ‘spatial K* buffering’ substantially facilitates the
clearance of extracellular K™ also in other brain regions, but the functional significance of
this concept remains controversial (Kofuji and Newman, 2004; MacAulay and Zeuthen,
2012; Walz, 2000). However, there is evidence that the disruption of the astrocyte network
mildly increased the amplitude of extracellular K* transients (Wallraff et al., 2006) and
slowed astrocytic K* uptake currents (Pannasch et al., 2011) in the hippocampus. These
studies were performed with mice exhibiting a genetic deletion of Cx30 and 43 and
illustrate a common problem for investigating the functional role of astrocytic gap junction
channels. In addition to the inhibited intercellular communication between those Cx-
deficient astrocytes, a genetic deletion of Cx30 has been shown to affect the astrocyte
polarity and the morphology of their fine processes in the hippocampus (Ghézali et al.,
2018; Pannasch et al., 2014). Thus, it cannot be ruled out that these changes impacted on
the K* clearance independently of the K* redistribution via gap junction channels.

In this study, the role of gap junctions as functional channels between astrocytes for the
clearance of extracellular K* was explored using an approach to acutely uncouple the
astrocyte network and exclude obstacles due to long-term adaptations induced by a gene
knock-out (Chapter 4.1.1). For this purpose, the commonly used gap junction blockers,
Meclofenamic acid (MFA) and Carbenoxolone (CBX), were employed in order to acutely
inhibit the intercellular trafficking of molecules between astrocytes and within a single

astrocyte via gap junction channels. For instance, MFA was shown to result in an almost
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complete inhibition of the electrical and dye-coupling between Cx43 expressing cultured
fibroblasts (Harks et al., 2001) as well as the dye-coupling of horizontal cells in the
isolated retina (Pan et al., 2007). Also CBX was shown to inhibit the electrical and dye-
coupling between cells, such as interneurons in the hippocampus (Zsiros and Maccaferri,
2005) and mitral cells of the olfactory bulb (Schoppa and Westbrook, 2002).

For probing the inhibition of the gap junction coupled astrocyte network, a dye-coupling
approach was used in this study (Chapter 3.8.2), because it enables the quantification of
several coupled astrocytes simultaneously and is less technically challenging compared to
double patch-clamp recordings from two astrocytes. Furthermore, this technique has been
considered as sensitive to changes in well coupled networks (Rozental et al., 2001). In
line with the findings reported above, the treatment of hippocampal slices with MFA or
CBX resulted in a significant reduction of the number of dye coupled astrocytes and
strongly decreased the cumulative fluorescence intensity of the few remaining coupled
cells (Figure 13).

In accordance to the ‘spatial K* buffering concept’, K* is redistributed in the astrocytic
network by a net K* current that is conducted through the gap junction channels (Orkand,
1986). However, the analysis of the dye-diffusivity within the astrocytic network is only an
indirect readout for the gap junction channel conductivity between single astrocytes.
However, reproducing the dye-diffusion in the astrocyte network with a previously
published model (Anders et al., 2014) revealed that our results can be explained by a near
complete inhibition of coupling between individual astrocytes (Breithausen et al., 2020).
The dye-coupling approach also did not reveal the time course of the pharmacological gap
junction uncoupling, i.e. it is not clear at which time point the observed decrease in
coupling was achieved or if the uncoupling was still proceeding at the moment of imaging
the dye-coupled network. No differences of the astrocytic resting membrane potential or
resistance were found after 10 minutes of MFA or CBX treatment compared to control
conditions (Figure 12). This indicates that the membrane properties of astrocytes were not
affected by MFA or CBX. However, open gap junction channels are expected to increase
the membrane conductivity and, in turn, decrease to the membrane resistance.
Conversely, the inhibition of gap junction channels is expected to increase the membrane
resistance, as it was revealed by biophysical modelling of astrocytes (Savtchenko et al.,
2018) and by the genetic-deletion of connexin from astrocytes (Wallraff et al., 2006). In
contrast, other studies found unaltered membrane resistances in coupling-deficient
astrocytes (Pannasch et al., 2011; Wallraff et al., 2004).

These discrepancies might be explained by considering the following aspects. First,
astrocytes gap junction coupling is likely to occur predominantly in the periphery and not

at the soma. Second, astrocytes show a large resting K* conductance (Djukic et al., 2007,
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Seifert et al., 2009) and thus cause an inefficient control over the membrane properties
distant from the patch-pipette. Since the astrocytic membrane properties were determined
by somatic recordings, the analysis provides rather information about the membrane
properties close to the soma than about the periphery. As a consequence, the effect of
acute gap junction uncoupling on the overall membrane resistance might be largely
underestimated. Also the quality of the access to the cell cytoplasm via the patch-pipette
influences the control over the astrocytic membrane properties and could underlie the
discrepancies in the literature.

In summary, the presented inhibition of dye-coupling within the astrocyte network
indicates that the treatment with 100 uM MFA or 50 uM CBX also reduced the electrical
coupling, i.e. the trafficking of ions, such as K*, between astrocytes within 10 minutes
while minimizing developmental side effects. Importantly, there are, at least to my

knowledge, virtually no reports about unspecific actions of MFA or CBX on astrocytes.

5.1.1 Clearance of K" transients that are associated with physiological neuronal
activity

The next upcoming question was if the acute gap junction uncoupling affected the
clearance of extracellular K* increases. Therefore, an experimental setup was employed
that is commonly used to investigate hippocampal synaptic transmission (Chapter 4.1.2).
A paired pulse stimulation of the SCs evoked axonal and synaptic activity that was
accompanied by the release of K*into the ECS (Figure 14). This stimulation paradigm is
commonly used to evoke neuronal activity that is assumed to represent physiological
conditions. The corresponding extracellular K* transients had relatively small amplitudes
(~0.1 mM). However, the gap junction uncoupling with 200 uM MFA in hippocampal slices
from juvenile and adult animals did not affect the decay and peak amplitude of the evoked
K* transients. These findings point towards an insignificant role of gap junction coupling
for the clearance of extracellular K* in the CAL str. radiatum during those experimental
conditions.

This could be explained by the small K* transient peak amplitudes and the corresponding
relatively small amount of released K*. The basic idea of spatial K* buffering is a
membrane depolarization-accompanying K* current that distributes the accumulated K*
via the cytoplasm and, if so, through gap junctions to sites exhibiting a lower membrane
potential (Orkand, 1986). Thus, a requirement for the involvement of gap junctions in this
scenario would be a membrane area affected large enough to reach gap junction
channels. If the extracellular amount of K* is not sufficient to evoke a substantial

membrane depolarization that exhibits an adequate length constant (i.e. spatial spread),
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inhibition of gap junction coupling would have no effect. It was reported that the average
distance between astrocytic gap junction channels is 1-1.2 um in the barrel cortex
(Genoud et al.,, 2015). Considering the same for hippocampal astrocytes, spatially
distributed local K* sources (e.g. induced by active single synapses) that dissipate within a
micrometer range between astrocytic gap junction channels would be unaffected by acute
uncoupling. Therefore, it has to be considered that for the clearance of these small
extracellular K* transients other uptake mechanisms or simple extracellular diffusion were
rather involved.

These experiments were performed in hippocampal slices obtained from juvenile and
adult rats in order to probe if gap junction coupling differently affects K* clearance during
aging. It is assumed that a reduction of ECS fraction observed during aging (Sykova et al.,
1998, 2002) impairs the extracellular diffusion and leads to a facilitated accumulation of
neuroactive substances and ions, such as K* (Sykova, 2004; Sykova and Nicholson,
2008). Surprisingly, there was no difference of the evoked K* accumulations between
hippocampal slices obtained from juvenile and adult animals. There are at least two
possible explanations for this observation. First, the impact of the age-dependent
reduction of the ECS on the extracellular accumulation of relatively small amount of K*
might be too marginal to be detected. Second, the K™ clearance mechanisms also adapt
during aging to the reduced ECS fraction and, in turn, limit K* accumulation.

Since neuronal activity and extracellular K* are mutually affecting each other, it was also
analyzed if the synaptic transmission was affected by the gap junction uncoupling or by
potential side effects of MFA. Although there are a few side effects of MFA, such as
opening KCNQ2/3 potassium channels (Peretz et al., 2005) and modulation of GABAAR
(Woodward et al., 1994), reported in the literature, the synaptic transmission was not
affected by the treatment with MFA, except for a small change of the paired-pulse ratio in
hippocampal slices from juvenile animals. Also interneurons are coupled via gap junction
channels (Connors and Long, 2004; Fukuda and Kosaka, 2000; Kosaka and Hama, 1985)
and were, in turn, presumably also affected by MFA. A potential increased interneuron
activity would, for instance, attenuate neuronal activity and, in turn, lead to a reduced
activity-dependent K* release. This could counteract increased extracellular K*
accumulation that were mediated by a potential impaired extracellular K* clearance and
thereby mask an effect of acute uncoupling of astrocytic gap junctions. However, the
unaffected fEPSP amplitudes indicate that the evoked neuronal activity was not altered
upon MFA application. In summary, these experiments indicate that the gap junction
coupling does not contribute to the clearance of extracellular K* transients in the low sub
millimolar range in the CA1 str. radiatum during these conditions. Such extracellular K*

elevations are generally observed during physiological activity, such as light-evoked
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activity in the visual cortex (Connors et al., 1979) or activity in the spinal cord after skin-
stimulation (Heinemann et al., 1990).

The next question emerging from these findings was if gap junction coupling is involved in
the clearance of larger extracellular K* loads (Chapter 4.1.3). Considering that larger
extracellular K* accumulations would also affect a larger membrane area, astrocytic gap
junction coupling might have a more pronounced role in limiting the local membrane
potential. Thus, a stronger stimulation protocol was used in the following experiments in
order to evoke K* transients of larger peak amplitude. Interestingly, Wallraff and
colleagues found in hippocampal slices obtained from mice lacking astrocytic Cx43 and
Cx30 that K* transients evoked by strong alvear stimulation showed increased peak
amplitudes in the CALl str. pyramidale. This was found for K* transients with peak
amplitudes of several millimolar and in the sub millimolar range evoked by paired pulses
and a pulse train, respectively, but only when the maximal number of CA1 neurons was
activated. The authors concluded that a sparse activation of CA1 neurons could evoke K*
release distant from the recording site and that the following K* diffusion towards the
recording site attenuates the increased K" transient peak amplitudes (Wallraff et al.,
2006). Thus, Schaffer collaterals were stimulated with a HFS at a stimulation intensity that
activated the maximal number of axonal fibers in order to evoke K* release close to the
recording site. Since this kind of HFS (100 Hz for 500 ms) is commonly used to induce
and investigate synaptic plasticity, AMPAR and NMDAR inhibitors were present in order to
prevent uncontrolled changes of the stimulated cells and, in turn, K* release.
Consequently, K* was only released from axons and presynaptic compartments, whereas
the post synaptic compartments, which are considered as the main source of activity-
evoked K* release (Poolos et al., 1987), were silenced. However, this stimulation was
sufficient to evoke K* transients in the CAL str. radiatum with peak amplitudes several
times larger compared to the previous experiments (Figure 15). Although larger compared
to the previous experiments, the extracellular K* elevations were similar to those observed
during physiological conditions (Rasmussen et al., 2019).

Again, the experiments were performed in hippocampal slices obtained from juvenile and
adult animals in order to test for an age-dependent effect of gap junction uncoupling. In
contrast to the previous experiments using MFA, CBX was used in order to acutely inhibit
gap junction coupling, because it was shown in previous experiment from our laboratory to
increase stimulus-induced astrocyte depolarization (Bedner et al., 2015). Interestingly,
axonal activity and the corresponding K* transients evoked in hippocampal slices obtained
from the juvenile animals were unaffected by the CBX treatment, whereas FV amplitudes
and the corresponding K* transient peak amplitudes were significantly increased in

hippocampal slices from adult animals. This suggests that, at least in the CA1l str.
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radiatum, the amount of activated fibers did not determine if an effect of gap junction
uncoupling on K* clearance is observed, because the stimulation activated the same
maximal number of fibers (similar FV amplitudes) in both age groups. However, it needs
to be emphasized that the str. radiatum and pyramidale differ significantly in their
structure. Whereas K* transients in the str. pyramidale are predominantly recorded close
to the somata of pyramidal neurons, K* transients in the str. radiatum are recorded in the
proximity of much smaller structures, such as axons, dendrites and astrocyte processes. If
and to which degree the structure of the CNS influences K* clearance remains
speculative.

Counterintuitively, the K* accumulations were smaller in hippocampal slices from adult
compared to juvenile animals despite their reported reduced ECS fraction (Sykova and
Nicholson, 2008). This surprising finding might indicate that an age-dependent reduction
of the ECS does not per se facilitate extracellular K* accumulation, but also other
mechanism that shape extracellular K* transients, such as activity-dependent K* efflux,
are affected during aging. Interestingly, similar was found for stimulation-induced K*rises
in the CAL1 str. pyramidale of rat hippocampal slices and was suggested to depend on the
maturation state of astrocytes (Nixdorf-Bergweiler et al., 1994).

Nevertheless, the increased FV and K* peak amplitudes in hippocampal slices of adult
animals after CBX-treatment could indicate that gap junction uncoupling under these
conditions impaired K* clearance, facilitated extracellular K* accumulation and, in turn,
increased axonal excitability. However, broadening of action potentials is a known gap
junction-independent effect of CBX on neurons as shown in neuronal-astrocyte cocultures
(Tovar et al., 2009). Consequently, the described scenario is not distinguishable from CBX
directly increasing axonal excitability, facilitating the recruitment of axons and thereby
evoking increased K* transients independently of gap junction uncoupling. In contrast, a
different study on neurons cocultured with astrocytes indicated a CBX induced increase of
their action potential threshold and a decreased spike rate (Rouach et al., 2003). It has
also been shown that CBX had no impact on intrinsic membrane properties of CA3 and
CA1 pyramidal neurons in acute rat hippocampal slices (Kéhling et al., 2001; Schmitz et
al., 2001) and interneurons of hippocampal slices prepared from guinea pig (Yang and
Michelson, 2001). In summary, although there are many more studies (Connors, 2012;
Rouach et al., 2003; Tovar et al., 2009; Travagli et al., 1995; Vessey et al., 2004)
investigating the action of CBX with various approaches and arguing for and against gap
junction-independent effects of CBX, it remains uncertain if the observed effects in the
present study were gap junction independent. It is also not clear how a potential gap
junction-independent action of CBX would affect axons in hippocampal slices from adult

animals but not from juvenile. Interestingly, the FV amplitudes further increased in
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hippocampal slices from adult rats after the treatment with CBX although the stimulation
intensity was adjusted to elicit the maximal FV amplitude already during baseline
conditions. One possible explanation is that the same number of axons might be activated
more synchronously due to the K*-induced increased excitability or a direct effect of CBX
(e.g. on the action potential threshold) and thereby led to the increased FV amplitudes.
Taken together, peak amplitudes of K* transient in the sub millimolar range increased
exclusively in hippocampal slices obtained from adult animals when evoked over a period
of 500 ms by a HFS. However, the decay of the K* transient was unaffected by acute gap
junction uncoupling. This is in agreement with studies that impaired spatial K* buffering by
acute inhibition of the Kir4.1 channel, a proposed requirement for passive K* uptake
during K* buffering. This resulted in augmented peak amplitudes of extracellular K*
transients, but had no effect on their decay back to basal levels (Jauch et al., 2002;
Larsen et al., 2014). Thus, our results support that astrocytic gap junction channels
facilitate spatial K™ buffering during the accumulation phase of extracellular K* and the
decay is mainly mediated by the Na*/K*-ATPase (D’Ambrosio et al., 2002; Larsen and
MacAulay, 2014; Larsen et al., 2014; Ransom et al., 2000).

Since the experiments performed so far revealed only a small impact of acute gap junction
uncoupling on the K* peak amplitudes, an emerging question was if the experimental
conditions itself would prevent the establishment of spatial K* redistribution. A postulated
requirement for spatial K* redistribution is an extracellular concentration gradient of K* that
evokes differences in the local membrane potential of the astrocyte and, in turn, creates a
driving force for the electrotonic spread of K* from sites of elevated extracellular K* to
distant sites with a lower extracellular K* concentration (Orkand, 1986). Thus, a
homogenous elevation of the extracellular K* concentration could prevent such a driving
force and consequently also the establishment of the required K* currents. Considering
the highly collateralized axons of CA3 pyramidal cells (Schaffer collaterals) pervading the
CA1l str. radiatum and their corresponding synapses on the elongated dendrites of
pyramidal neurons (Andersen et al., 2007), it cannot be excluded that their synchronous
activation led to a extracellular K* elevation over a large area in the str. radiatum.
However, the exact spatial-temporal extracellular K* dynamics elicited by the used
stimulations remain speculative since KSMs only record the K* concentration at a single
point without providing any spatial resolution.

To summarize, the experiments described so far revealed that the clearance of small
extracellular K* elevations were unaffected or only slightly affected by acute gap junction
uncoupling. Since such extracellular K* elevations are commonly observed during
physiological neuronal activity (Connors et al., 1979; Heinemann et al., 1990; Rasmussen

et al., 2019), it can be concluded that astrocytic gap junction coupling play an insignificant
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role during physiological conditions or experimental approaches commonly used for
probing hippocampal physiology. These findings could be explained when the stimulation-
induced synaptic activity in our experiments evoked small, local and spatially-distributed
extracellular K* elevations that dissipate within a few micrometers in the ECS.
Consequently, the extracellular K* concentration might return to basal levels within
micrometers and only affects a small astrocyte membrane area without/only a few gap
junction channels. In such a scenario, acute astrocytic gap junction inhibition would not
affect the clearance of the extracellular K*. Importantly, this does not exclude that K* is
spatially redistributed along the extracellular K* concentration gradient, but very locally
without gap junction channels involved. Other active K* uptake mechanism (e.g. Na*/K*-
ATPase) might also be involved. On the other hand, when the employed strong axonal
high-frequency stimulation evoked extracellular K* elevations over a large-area, an
extracellular K* concentration gradient would be less prominent. Consequently, K* would
be less efficiently redistributed via astrocytic gap junction channels and their acute

uncoupling inhibition would have less effect on the K* clearance.

5.1.2 lontophoretically evoked K" transients of different amplitudes

The previous experiments have found that acute inhibition of gap junction coupling slightly
augment the peak amplitude of extracellular K* transients and the corresponding axonal
activity. However, the two following aspects could have influenced these observations.
First, unspecific side-effects of CBX might have increased neuronal excitability, led to the
increased axonal activity and, in turn, to the augmented extracellular K* transients
independently of astrocytic gap junction uncoupling. Second, the strong axonal stimulation
might have evoked homogenous extracellular K* elevations in the tissue and thereby
impaired the K* redistribution assisted by astrocytic gap junction channels. Consequently,
the impact of acute gap junction coupling on the clearance of extracellular K* transients
would be underestimated.

Thus, the next question was if the clearance of extracellular K* accumulations were
controlled by a gap junction-dependent mechanism when simultaneous extracellular K*
elevations over a large area were prevented. In order to investigate this, K* transients
were no longer evoked by neuronal activity, but by the iontophoretic application of K*
directly into the ECS. This approach also enabled the investigation of extracellular K*
transients by drastically reducing potential side effects of CBX on neuronal activity and, in
turn, on K* release since neuronal activity was virtually absent during these experiments
(inhibition of AMPARs, NMDARs and voltage-gated Na* channels). In contrast to evoking

K* transients by neuronal activity, the iontophoretic K* application allowed to control the
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amount of applied K*as a point source at a known location and resulted reliably in a K*
concentration gradient in the ECS. By adjusting the amplitude and length of the
application current, the amount of applied K* and, in turn, the amplitude of the evoked K*
transients was regulated. Before using this approach to test the impact of acute gap
junction uncoupling on K* clearance, the two following issues were addressed.

First, the spatial spread of the applied K* in the ECS was determined (Chapter 4.1.4). This
revealed that extracellular K* concentration in the CA1 str. radiatum declined on average
by 63.2% (decay constant t) over a distance of ~13 um independently of the amount of
applied K* (Figure 17). This provided an estimation about the potential number of
astrocytes with direct contact to the applied K* considering the following. Astrocytes in the
CA1 str. radiatum have been found to occupy exclusive territories with only a small
overlap to neighboring astrocyte territories (Bushong et al.,, 2002) and show a polar
orientation, i.e. astrocytes orientate their larger branches and territory parallel to the
pyramidal cell apical dendrites. Accordingly, astrocyte span their larger branches over a
distance of approximately 100 um in perpendicular to the str. pyramidale, but much less in
parallel as shown in rat hippocampal slices (Anders et al., 2014; Nixdorf-Bergweiler et al.,
1994). Considering astrocyte territories as spherical with a mean area of ~3320 pm? as
reported for hippocampal slices obtained from adult mice (Ogata and Kosaka, 2002), the
maximal distance to the territory boundaries within such a territory from the K* source is
~32 um. Incorporating the polar astrocyte orientation in the CAL str. radiatum would even
further reduce the minimal distance to the next astrocyte. Importantly, no difference in the
territory area of mouse and rat hippocampal astrocytes were reported (Ogata and Kosaka,
2002). Therefore, it can be estimated that the iontophoretically applied K* spread across
the territory boundaries into at least one neighboring astrocyte since the K* concentration
is at least ~8.5% of its initial amplitude at a distance of 32 um.

Second, it was tested if the spatial spread was direction-dependent, i.e. if the diffusion of
the applied K* was facilitated in the perpendicular or parallel direction to the str.
pyramidale, for the following reasons. The extracellular diffusion of ions has been shown
to be anisotropic in the CAL str. radiatum as shown with the real-time TMA*-iontophoresis
approach. It was argued that the orientation of the SCs in the CAL str. radiatum favor the
diffusion in parallel to the str. pyramidale (Mazel et al., 1998; Sykova and Vargova, 2008).
In addition, it was shown that astrocyte coupling is anisotropic in the CA1 str. radiatum,
i.e. astrocytes located close to the str. pyramidale were coupled preferentially in parallel to
the pyramidal cell layer, while astrocytes located more distal coupled preferentially
perpendicular to the pyramidal cell layer (Anders et al., 2014). Accordingly, the
extracellular K* diffusion could be shaped if gap junction were involved in the clearance of

the extracellular K*. However, no such anisotropic diffusion was observed for the
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iontophoretic applied K* during these experimental conditions. Although this finding
contrasts the observed diffusion anisotropy for TMA™ in the CAL1 str. radiatum, it has to be
considered that TMA*, in contrast to K*, is almost not cleared from the ECS (Nicholson
and Phillips, 1981; Nicholson and Sykova, 1998) and, hence, might be more affected by
the structure of the ECS. Furthermore, compared to the relatively long-lasting application
of TMA* (1 minute) in these studies, K* was applied here over a much shorter duration
and diffused not that far into the ECS. Thus, the local ECS structure (e.g. depending on
the local cellular structures, such as blood vessels or dendrites, which are not necessarily
anisotropic) close to the K* source might rather affect the local diffusion of K* than the
general diffusion anisotropy of the CA1 stratum radiatum.

Taken together, the iontophoretic K* application provides an interesting approach to study
the extracellular K* clearance with the following advantages. First, the amount of applied
K* can be controlled by adjusting the amplitude and duration of the iontophoretic
application current. Second, the initiation site of the corresponding K* transient is known.
Finally, the K* application as a point-source resulted in a reliable K* concentration gradient
in the ECS that is likely to spread over the territory border of a single astrocyte and, in
turn, gap junction channels between adjacent astrocytes and reflexive gap junction
channels.

In the following experiments, the impact of acute gap junction uncoupling was investigated
using the just described approach (Chapter 4.1.5). First, K* transients of relatively small
peak amplitude, similar to those evoked by the HFS of SCs, were evoked by the
iontophoretic K* application (Figure 18). However, no significant impact of acute gap
junction uncoupling on the peak amplitude of those evoked K* transients was found. Since
the K* transients were recorded at varying distances to the K* source and, in turn, with
different basal peak amplitudes, it was tested if one of these factors determined if gap
junction coupling was involved in their clearance. For instance, it could be possible that an
effect of gap junction uncoupling becomes more pronounced the more gap junction
channels were located between K* source and the recording site, because the
contribution to the recorded K* transient would be larger. Consequently, the impact of gap
junction uncoupling on K* transients would be expected to increase with increasing
distance to the K* source. In contrast, it could be argued that gap junction coupling only
contributes to K* clearance by limiting substantial astrocytic membrane depolarization
induced by large extracellular K* loads. Accordingly, gap junction uncoupling would have
a larger impact on K* transients with larger peak amplitudes. Thus, an impact of gap
junction uncoupling on K* transients would be positively correlated with their basal peak
amplitude and, in turn, negatively with the distance to the K* source. However, no such

correlations were found for the iontophoretically evoked small K* transients. This indicates
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that gap junction coupling is not involved in the clearance of small iontophoretically-
evoked K* transients. Consequently, these findings support the previous conclusion that
astrocytic gap junction coupling does not facilitate the clearance of extracellular K*
elevations with peak amplitudes in the low millimolar range.

The K* transients investigated so far exhibited peak amplitudes similar to those found in
vivo during physiological conditions. For instance, extracellular K* increases in the sub to
low millimolar range were observed in the motor and visual cortex of mice upon running
onset (Rasmussen et al., 2019), the visual cortex of cats after light stimulation (Connors et
al., 1979; Singer and Dieter Lux, 1975) and in the spinal cord of cats during an innocuous
stimulation of the skin and movement of their leg (Heinemann et al., 1990). In contrast,
extracellular K* elevations up to 10 mM were recorded during ictal activity in the cortex
(Moody et al., 1974) and hippocampus (Fisher et al., 1976) of epileptic cats. It has often
been argued that impaired K* clearance contributes to the accumulation of such large
extracellular K* loads and thereby facilitates neuronal excitability during those
pathophysiological conditions. Indeed, it was shown that Kir4.1-mediated K* clearance
mechanisms were absent in sclerotic hippocampal slices obtained from epileptic rats and
from patients suffering from epilepsy (Heinemann et al., 2000; Jauch et al., 2002; Kivi et
al., 2000). Experiments with slices obtained from non-epileptic rodents further revealed
that Kir4.1 is involved in the clearance of extracellular K*, because the pharmacological
inhibition and astrocyte-specific genetic deletion, respectively, of these channels facilitated
extracellular K* accumulation (Jauch et al., 2002; Larsen et al., 2014). It was argued that
the passive K* uptake via Kir4.1 channel is required for spatial K* buffering (Kofuji and
Newman, 2004; Larsen and MacAulay, 2014). However, spatial K* buffering, i.e. the
spatial redistribution of K* from sites with an elevated extracellular K* concentrations
(‘active’) to those with a lower extracellular K* concentrations (‘resting’), can also occur
when active and resting astrocytic domains are efficiently connected without gap junction
channels. Thus, the acute inhibition of Kir4.1 channel provide important information about
the K™ uptake important to establish spatial K* buffering, but do not provide information
about the role of astrocytic gap junction channels. On the other hand, astrocytes in
sclerotic hippocampi from epilepsy patents were found to be devoid of gap junction
coupling and, thus, proposed to be proepileptiform through an ineffective clearance of
extracellular K* (Bedner et al., 2015). Therefore, the next aim was to investigate if gap
junction uncoupling affect K* transients that were generally associated with
pathophysiological conditions.

For this purpose, the iontophoretic current amplitude and duration were increased in order
to evoke K* transients with larger peak amplitudes of up to ~30 mM (Figure 20) (Chapter

4.1.5). Thus, the extracellular K* concentration partly exceeded the described ceiling level
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of ~11 mM during seizure activity and prolonged electrical stimulation, respectively, in the
cat cortex (Heinemann and Lux, 1977) and even reached concentrations that were
recorded during spreading depression (Somjen, 2001; Theis et al., 2003). During
conditions of inhibited gap junction coupling, the peak amplitudes of these K* transients
then significantly increased compared to control conditions. This indicates that the
clearance of large extracellular K* transients, in contrast to the small K* transients
described before, was facilitated by gap junction coupling. Accompanying the increase of
the K* peak amplitudes during acute gap junction uncoupling, K* transients recorded
during control conditions tend to decrease their peak amplitudes. A simple explanation
would be a clogging of the iontophoresis pipette by particles from the back-fill solutions or
a slight decrease of K*-sensitive microelectrodes sensitivity for K*. Another potential
explanation could be a K* clearance mechanism increasing its efficiency over time. For
instance, elevations of the extracellular K* concentration have been shown to increase the
coupling between astrocytes in culture (De Pina-Benabou et al., 2001; Enkvist and
McCarthy, 1994) and in acute slices obtained from mouse olfactory glomeruli.
Accordingly, it was argued that extracellular K* elevations could facilitate their clearance
by mediating increased astrocytic coupling and, in turn, an increased spatial buffering
efficiency (Roux et al., 2011). If this mechanism was also induced by the repetitive K*
applications used in this study and caused the slight decrease of the K* peak amplitudes
remains to be tested. This could be done by repeating the experiments in control
conditions without the repetitive injection of K* via the iontophoresis. Instead, K* transients
will be evoked only a few times at the beginning of experiment and after 15-20 minutes.
As a consequence, gap junction coupling should not be affected and no reduction of the
K* peak amplitudes should be observed. However, it was assumed that the underlying
effect was also present in the experimental group treated with CBX and, in turn,
attenuated the observed effect of acute gap junction uncoupling on the K* peak
amplitudes. The comparison of the relative peak amplitude changes between CBX and
control conditions was therefore considered to be the best for quantifying the effect of
acute gap junction uncoupling.

Interestingly, the gap junction uncoupling mediated increase of K* peak amplitudes was
most prominent for K* transients recorded close to the K* application site and for those
with the largest initial peak amplitudes. Since the initial peak amplitude of K* transients
was largely affected by the recording distance to the K* application site, it was
investigated which of these parameters was critical to mediate gap junction dependent K*
clearance. Further analysis revealed that small K* transients recorded close to the K*
source (< 15um) were virtually unaffected by gap junction uncoupling, whereas large K*

transients showed significantly increased peak amplitudes (Figure 24). This suggests that
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the amount of applied K* and, in turn, the K* peak amplitude of the corresponding K*
transient determined if gap junctions were involved in their clearance. The causal role of
gap junction uncoupling for the increased peak amplitudes of large K* transients was then
further supported by reproducing this effect with MFA instead of CBX (Figure 23).
Interestingly, the peak amplitudes of large and local K* transients were similarly increased
(~30%) by the treatment with CBX and MFA. In contrast to the previous experiments
(Chapter 4.1.1 & 4.1.2), the MFA stock solution was prepared with DMSO (final
concentration in the aCSF: 0.2%) since the used MFA batch was not completely
dissolving in H.0. However, it was reported that K* uptake of reactive astrocyte in rat
hippocampal slices was not affected by even 1% DMSO in the aCSF (Walz and Wuttke,
1999). Since there are, at least to my knowledge, no reports about the direct action of
DMSO on extracellular K* clearance, DMSO is not likely to cause of the observed effect.
Taken together, this strongly suggests that astrocytic gap junction uncoupling, a shared
effect of MFA and CBX, induced the increased peak amplitudes rather than a gap junction
independent side effect of both drugs.

The experiments conducted indicate that larger K* transients were rather affected by
acute gap junction uncoupling than smaller K* transients. The emerging question from this
finding was then at which extracellular K* concentration gap junctions contribute to K*
clearance. Therefore, K* transients with increasing peak amplitudes were evoked before
and after acute gap junction uncoupling (Figure 25 & Figure 27) (Chapter 4.1.6). These
experiments showed that the peak amplitudes of K* transients were significantly increased
by gap junction uncoupling provided that their basal peak amplitudes exceeded ~10-15
mM. This indicates that gap junction coupling is involved in limiting the accumulation of
extracellular K* loads that are generally associated with pathophysiological conditions. In
contrast, K* transients that are observed during physiological conditions are not controlled
by gap junction mediated spatial buffering. These findings suggest that K* clearance of
small extracellular K* loads is mainly mediated by gap junction-independent mechanisms,
such as the Na‘*/K*-ATPase. When these mechanisms are saturated and are unable to
cope with the large extracellular K* loads, K™ redistribution assisted by gap junction
channels sustain K* uptake and thereby limit the extracellular K* accumulation. These
considerations could explain the observed specific effect of acute gap junction uncoupling

on extracellular K* transients with large peak amplitudes exceeding 10-15 mM.

5.1.3 Decay of iontophoretically evoked K™ transients
In addition to the impact of gap junction uncoupling on the peak amplitudes, the decay of

the K* transients was investigated. However, the decay of the K* transients was
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unaffected by acute gap junction inhibition in all conducted experiments and supports the
general idea that the return to basal extracellular K* levels is not mediated by spatial K*
buffering. This idea is based on previous experiments employing the acute inhibition of
Kir4.1 channels, the predominant astrocytic K* channel (Seifert et al., 2009) and proposed
key contributor to spatial K* buffering currents by mediating the in- and efflux of K*
(Ballanyi et al., 1987; Karwoski et al., 1989). For instance, the acute inhibition of Kir4.1
channels by Ba?" had no effect on the decay of extracellular K* transients evoked by
neuronal activity in the in the CA3 (D’Ambrosio et al., 2002) and CA1l region of the
hippocampus (Larsen et al., 2014; Meeks and Mennerick, 2007), in the dentate gyrus
(Xiong and Stringer, 2000) and in the rat optic nerve (Ransom et al., 2000). On the other
hand, inhibition of Kir4.1 channels was shown to increase the peak amplitude of
iontophoretically evoked extracellular K* transients (Jauch et al., 2002; Larsen et al.,
2014). These findings together with the increased K™ peak amplitudes after gap junction
uncoupling observed in this study, indicate that spatial K* buffering limit the accumulation
of K™ in the ECS during the K* application phase. This has been already suggested by
Larsen and MacAuly based on the observations made by Karwoski and colleagues in the
amphibian retina. There, light-evoked extracellular K* elevations in the inner plexiform
layer were redistributed into the vitreous humor through the Miiller cell in a Ba?*-sensitive
manner (‘K* siphoning’) only during the light pulse, i.e. the phase of extracellular K*
accumulation but not during the decay phase (Karwoski et al., 1989; Larsen and
MacAulay, 2014). This is in line with previous studies that report the Na*/K*-ATPase as
the predominant mediator for the decay of extracellular K* transients back to basal levels
in the hippocampus (D’Ambrosio et al.,, 2002; Larsen et al., 2014) and optic nerve
(Ransom et al., 2000).

In contrast, it needs to be mentioned that slowed K* decay rates in the brain stem and
hippocampus of mice with a astrocyte specific Kir4.1 deletion were reported in vitro (Haj-
Yasein et al., 2011; Neusch et al., 2006) and in vivo (Chever et al., 2010). However, it was
argued that the side-effects induced by the Kir4.1 deletion such as smaller brains and
stress-induced seizures (Djukic et al., 2007) complicate the interpretation of these findings
(MacAulay and Zeuthen, 2012).

In summary, our findings strongly support that spatial K* redistribution assisted by
astrocytic gap junction channels do not contribute the recovery of extracellular K*
elevation back to basal concentration levels. On the other hand, astrocytic K™ uptake
currents and the decay of extracellular K* transients was slowed in hippocampal slices
with an astrocyte-specific deletion of Cx30 and 43 (Pannasch et al., 2011; Wallraff et al.,
2006). However, it is not clear if the altered polarization and fine process morphology

reported for Cx30-deficient astrocytes (Ghézali et al., 2018; Pannasch et al., 2014) were
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underlying the slowed decay rates rather than the gap junction uncoupling. Taken
together, the absent effect of acute gap junction uncoupling on the K* transients’ decay is
in accordance with the emerging picture from the literature and the proposed minor role
for (Kird.1-mediated) spatial K* buffering (Larsen and MacAulay, 2014; MacAulay and
Zeuthen, 2012).

Importantly, the decay characteristics observed for the extracellular K* transients in this
study were similar to those found previously (Strohschein et al., 2011; Wallraff et al.,
2006). For the iontophoretically evoked K* transients, three major characteristics were
found. First, the decay of small K* transients was best fitted by a single exponential
function whereas the decay of larger K* transients was best fitted by a biexponential
function. Second, the fast component of the biexponential decay function became more
prominent with increasing peak amplitude of the corresponding K* transient. Third,
increasing K* transient peak amplitudes were accompanied by accelerated decay rates.
These findings are generally in line with previous studies that addressed extracellular K*
clearance with different approaches in various conditions. For instance, K* transients in
the str. pyramidale of mouse hippocampal slices evoked by an alveus stimulation
exhibited decreased decay rates with increasing peak amplitudes (Strohschein et al.,
2011; Wallraff et al., 2006). Indeed, the Na*/K*-ATPase of cultured astrocytes was shown
to increase its activity with increasing extracellular K* concentrations until a steady state
was reached at 12 mM (Rose and Ransom, 1996; Walz and Hertz, 1982). Thus, the
observed negative correlation of the decay rates and the peak amplitude of K* transients
(< 12 mM) evoked by weak K* injections (800 nA for 200 ms) could be explained by the
increasing astrocytic Na*/K*-ATPase activity. Also, the fast decay rate of K* transients
evoked by strong K* injections (900 nA for 500 ms). Interestingly, the amplitude
dependent acceleration of the fast decay rate was most prominent in the amplitude range
of <15 mM and seems to reached a steady state at even larger amplitudes (Figure 22).
This is roughly in line with what would be expected when the astrocyte Na*/K*-ATPase
was mediating the fast decay rate assuming the reported Na*/K*-ATPase characteristics
are similar among astrocytes in culture and in acute hippocampal slices.

In addition to the fast decay rate, the slow decay rate of K* transients evoked by a strong
K* injection was also accelerated with increasing peak amplitudes (Figure 22).
Experiments with the rat optical nerve suggested that the slower decay phase of
stimulation-evoked K* transients was mediated by the neuronal Na*/K*-ATPase (Ransom
et al., 2000). However, it seems unlikely that the neuronal Na*/K*-ATPase was by itself
responsible for the observed correlation due to the following reasons. Experiments with
neuronal cultures indicated that the neuronal Na*/K*-ATPase increases its activity with

increasing intracellular Na* concentrations but is less sensitive to extracellular K* levels
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(Rose and Ransom, 1997). Since the used iontophoretic K* application in combination
with inhibited voltage-gated Na® channels has been considered to minimize the
accumulation of intracellular Na* (Jauch et al., 2002), the uptake rate of the neuronal
Na*/K*-ATPase should be less affected by increasing K* peak amplitudes. This does not
exclude that the neuronal Na*/K*-ATPase is involved in the clearance of K*, but indicates
that other clearance mechanism(s) contribute that adjust their activity to the extracellular
K* concentration. A possible candidate would be the previously suggested NKCC1-
mediated transmembrane Na*® cycle. This cycle comprises K*-dependent NKCC1-
mediated uptake of Na* that is subsequently expelled by the Na*/K*-ATPase (MacAulay
and Zeuthen, 2012). NKCC1 that was shown by Larsen and colleagues to increase its
activity with increasing extracellular K* concentrations up to 30 mM in cultured rat
astrocytes and when expressed on oocytes. In the same study, however, the decay of
stimulation-induced K* transients in the CA1 str. radiatum of rat hippocampal slices was
unaffected by acute inhibition of the NKCC1 (Larsen et al., 2014). Since the activity of
NKCC1 depends on the transmembrane driving force for Na*, intracellular Na*
accumulations, for instance evoked by neuronal activity, could decrease the activity of
NKCC1. In contrast, K™ transients evoked by iontophoretic application of K™ are expected
to cause less intracellular Na®™ accumulations compared to those evoked by neuronal
activity (Jauch et al., 2002) and would facilitate NKCC1-mediated Na® and K* uptake.
Thus, the clearance of the iontophoretically evoked K* transients would be accelerated
directly by the K* uptake via the NKCC1 and indirectly by the increased neuronal Na*/K*-
ATPase activity induced by the NKCCl-mediated intracellular Na*® accumulation.
However, it has to be mentioned that the neuronal expression of NKCC1 during
adolescence is debated (Blaesse et al., 2009). If this mechanism underlies the observed
accelerated decay rates of the iontophoretically evoked K* transients in the present study
remains speculative. In summary, the accelerated fast decay rates at higher extracellular
K* concentration were likely mediated by an increased astrocytic Na*/K*-ATPase activity.
The accelerated slow decay rates at higher extracellular K* concentration could be caused
by an NKCC1-mediated transmembrane Na* cycle that indirectly increases the neuronal
Na*/K*-ATPase activity. However, a more detailed exploration of the contribution of the
different K* clearance mechanisms mediating the decay of extracellular K* transients were
beyond the scope of this study.

Noteworthy, K* undershoots, i.e. decline of the extracellular K* concentration below basal
levels, were not observed after the decay of iontophoretically evoked K* transient evoked
in this study. It was only observed in a minority of experiments employing the high-
frequency stimulation of axons to evoked extracellular K* transient. The K" undershoot

was shown in different studies to be mediated by the Na*/K*-ATPase and supposed to
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depend on the accumulation of intracellular Na* mediated by neuronal activity (D’Ambrosio
et al., 2002; Forstl et al., 1982; Heinemann and Lux, 1975). Accordingly, it was shown that
the K" undershoot after neuronal additivity was more pronounced with an increasing
stimulation duration (Chever et al., 2010). Since a significant K* undershoot in the just
mentioned study was only observed at stimulation duration longer than 10s, the
stimulation durations used in this study to evoke neuronal activity and, in turn, K*
transients were potentially too short. Consequently, less Na* accumulated intracellularly,
no prolonged Na‘/K*-ATPase activity was evoked and, in turn, no pronounced K*
undershoot. The absence of a K* undershoot after the iontophoretically evoked K*
transients can be explained by the inhibited neuronal activity during these experiments
and the resulting reduced intracellular Na* accumulation, as suggested already previously
(Jauch et al., 2002).

5.1.4 General and technical aspects concerning the experiments

Before the physiological relevance of the presented results will finally be discussed, a few
technical aspects need to be mentioned. An unavoidable disadvantage of KSMs is the
disruption of the ECS (‘dead space’) by inserting the electrode into the tissue. Since the
electrode tip is several times larger than the ECS, it cannot be excluded that the actual
extracellular K* concentrations would be different in an undisturbed tissue (Heinemann
and Lux, 1977). Newly development optical sensors for extracellular K* imaging could
overcome this problem (Bazzigaluppi et al., 2015; Bischof et al., 2017; Wellbourne-Wood
et al., 2017). Furthermore, these sensors would allow investigating the extracellular K*
landscape over larger areas. This is of particular interest because it could provide further
information about the spatial spread of extracellular K* and if this is facilitated by gap
junction closure. Furthermore, it could help to estimate how many coupled astrocytes are
involved in spatial buffering since the re-release of K* from the astrocytes might result in
the increase of the extracellular K* concentration distant from the K* source.

Another point to be considered is the absence of neuronal activity during the experiments
employing the iontophoretic application of K*. Although the inhibition of neuronal activity
prevented an additional activity-dependent K* release, a neuronal depolarization and, in
turn, a putative release of neuromodulators, such as endocannabinoids (Navarrete and
Araque, 2010), was still possible. Therefore, a so far unreported side effect of CBX on
postsynaptic depolarization, neuromodulator release or altered astrocytic Ca?* signaling
that, in turn, impacts on astrocytic K* clearance cannot be completely excluded. For
instance, it was reported that astrocytic Ca?* signaling via G-protein coupled receptor

activation modulated astrocytic Na*/K*-ATPase activity (Wang et al., 2012). However, this
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scenario is rather unlikely to underlie the increased peak amplitudes of the K* transients
observed after CBX treatment in the present study. Although inhibition of the Na*/K*-
ATPase was shown to augment the peak amplitude of iontophoretically evoked K*
transients (Jauch et al., 2002), also slower decay rates are generally associated with
Na*/K*-ATPase inhibition (D’Ambrosio et al., 2002; Larsen et al., 2014; Ransom et al.,
2000). This was never observed after CBX treatment in our experiments and therefore
indicates unaltered Na*/K*-ATPase activity.

Furthermore, the presented experiments were all conducted in hippocampal slice
preparation that largely preserve the astrocyte network and neuronal microcircuits, but
provide no blood flow pervading the tissue. Since an intact blood flow could act as a
constant K* sink, similar to the vitreous humor during K* siphoning in the retina (Newman
et al., 1984), the astrocytic contact to blood vessels via their highly Kir4.1-expressing
endfeet (Higashi et al., 2001) could also be an important route for K* redistribution.
Therefore, the significance of gap junction channels for K* redistribution in the slice
preparation might be overestimated due to the absent K* sink of the blood flow.

Finally, the conducted experiments revealed a significant role of astrocytic gap junction
channels for limiting large extracellular K accumulations. In fact, astrocytes form gap
junction channels with adjacent astrocytes, but also reflexive (or autocellular) gap
junctions, i.e. gap junctions channel with themselves (Genoud et al., 2015; Giaume et al.,
2010). MFA and CBX would presumably also affect those reflexive gap junctions and, in
turn, do not allow a discrimination of their functions from intercellular gap junctions. It
could be argued that the inhibition of reflexive gap junctions reduces the connectivity
between depolarized and less depolarized regions in the same astrocyte territory.
Consequently, the efficiency of K* redistribution would be impaired and, in turn, the
extracellular K* clearance. However, the relative contribution of these gap junction
populations to K* clearance remains unclear until the different populations of gap junction

channels can be selectively inhibited.

5.1.5 Relevance of spatial K" buffering assisted by astrocytic gap junction
channels

In summary, the experiments of this study indicate that gap junction coupling contributes

to the clearance of extracellular K* accumulations when high concentrations of around

~10 mM are reached. | suggest that this mechanism requires a steep extracellular K*

concentration gradient as, for instance, generated by a single K* point source or several,

but temporally or spatially separated K* sources. The (patho-) physiological relevance of

these findings shall be discussed in the following section. Previous in vivo studies
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reported that during maximal brain stimulation or epileptic activity the extracellular K*
concentration reached a ceiling level of ~10-12 mM (Heinemann and Lux, 1977; Sypert
and Ward, 1974). Even higher concentration were only reported during spreading
depression (Somjen, 2001; Theis et al., 2003). Based on these finding, the question
emerges if gap junction coupling limits the severity of those pathophysiological conditions
and if gap junction uncoupling even facilitates their induction. According to Bedner and
colleagues, dissected sclerotic hippocampi from pharmaco-resistant mesial temporal lobe
epilepsy (MTLE) patients were devoid of gap junction coupling between astrocytes. The
same study reported that astrocyte uncoupling preceded the occurrence of spontaneous
seizures in an epilepsy mouse model that reproduced the features of the human MTLE.
The authors conclude that astrocytic dysfunction including their uncoupling might be
causal to the development of epilepsy by, for instance, impaired K* clearance (Bedner et
al., 2015). The concentration-dependent effect of gap junction uncoupling found in the
present study suggests that gap junction mediated K* clearance might be particular
involved in attenuating epileptic activity through limiting the corresponding extracellular K*
accumulations. Since an extracellular K* concentration gradient is a proposed requirement
for spatial K* buffering (Orkand, 1986), gap junction mediated K* redistribution might be of
special importance at the seizure initiation site and propagation front. Indeed, a recent
study reported that focal cortical seizures in mice originate within a spatially confined area
comprising hyperactive neuronal ensembles followed by a traveling wave of neuronal
activity (Wenzel et al., 2019). Such initial ‘microseizures’ were also found to occur in
human and precede the seizure onset (Schevon et al., 2008; Stead et al., 2010). Thus,
gap junction-mediated K* clearance might be involved in limiting the spread of epileptic
activity into non-excited areas by attenuating the activity-induced K*accumulation and, in
turn, the neuronal excitability. Another potential phenomenon that involves gap junction-
mediated K* clearance is spreading depression, which is characterized by a
depolarization wave followed by a phase of neuronal inactivation (Somjen, 2001). A
common feature of this depolarization wave is the excessive accumulation of extracellular
K* at the propagation front (Somjen, 2001), however, the exact mechanism and role for
gap junctions during its propagation is not fully understood. Interestingly, the uncoupling of
astrocytes by a genetic deletion of Cx43 increased the propagation velocity in the
hippocampus. It was therefore suggested that astrocytic gap junction uncoupling impaired
the redistribution of K*, which led to a more abrupt local K* rise and, in turn, to a fast
propagation of spreading depression (Theis et al.,, 2003). This is in line with the
observations of this study and points further towards an important role for gap junctions
during conditions comprising large extracellular K* accumulations in combination with an

extracellular K* concentration gradient.
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Another interesting question to be addressed is if the limited contribution of gap junction
coupling to extracellular K* clearance can be observed also in other brain region. This
study focused on the K* clearance in the CA1l str. radiatum. In this subregion of the
hippocampus, astrocytes reveal an elongated morphology and thus might favor spatial K*
redistribution. However, astrocytes in other brain regions exhibit different cellular
morphologies (Anders et al., 2014; Nixdorf-Bergweiler et al., 1994; Wallraff et al., 2006). In
order to investigate if the conclusions drawn from the present study also apply for other
brain regions than the hippocampal CA1 str. radiatum, it would be interesting to perform

additional experiment in other brain regions.

5.1.6 Impact of gap junction uncoupling during conditions of a reduced ECS
fraction

The experiments discussed above have shown that gap junction coupling facilitate the
clearance of large extracellular K* loads that are commonly associated with
pathophysiological conditions. In contrast, smaller extracellular K* loads found during
physiological conditions seem to not rely on gap junction coupling. The corresponding
experiments were performed with hippocampal slices bathed in an isomolar (~300
mOsm/kg) aCSF, which was shown to maintain the ECS fraction similar to those found in
vivo (Hrabétova, 2005; Mazel et al.,, 1998; Sykova et al.,, 2002). However, large
extracellular K* elevations, either during epileptic activity (Slais et al., 2008) or by
artificially raising the extracellular K* concentration (Sykova et al., 1999), can lead to
cellular swelling, a substantial reduction of the ECS fraction and constrained extracellular
diffusion. In turn, further extracellular K* accumulation would be facilitated and could
amplify neuronal activity. In order to test if gap junction coupling is involved in the
attenuation of extracellular K* accumulation during those conditions, extracellular K*
transients were monitored during the induction of cellular swelling in the presence or
absence of gap junctions coupling (Chapter 4.1.7 & 4.1.8). This was of particular interest,
because spatial K* redistribution was proposed to clear extracellular K* without an
intracellular accumulation of K* and, in turn, astrocyte swelling (MacAulay and Zeuthen,
2012; Orkand, 1986). Consequently, gap junction mediated spatial buffering could provide
the astrocyte with an efficient mechanism to maintain K* clearance particularly when the
ECS is already narrowed.

A commonly used method to induce the shrinkage of the ECS is the application of a
hypoosmolar solution to the brain slices (Kilb et al., 2006; Kume-Kick et al., 2002). It is
assumed that such a hypoosmolar challenge causes a water influx from the ECS into the

cells by altering the osmotic pressure without changing the total tissue water content
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(Sykova and Nicholson, 2008). Similar as reported for slice preparations of the spinal cord
and the cortex (Kilb et al., 2006; Kume-Kick et al., 2002), reducing the osmolarity of the
aCSF by 100-120 mOsm/kg resulted in a significant reduction of the ECS fraction to ~50%
compared to isomolar conditions (Figure 28). However, the reduced osmolarity was
achieved by reducing the NaCl concentration of the aCSF and would therefore alter the
cellular transmembrane gradient for Na® and CI during the experimental time course.
Astrocytes express various different pumps and transporter proteins that mediate
important homeostatic functions and rely on the Na* transmembrane gradient
(Verkhratsky and Rose, 2020). The altered Na* transmembrane gradient could have, for
instance, impacted directly on the clearance of extracellular K* transients by altering the
transport rate of NKCCL1. Other indirect effects via Na*-dependent mechanisms, such as
altered activity of the Na*/Ca?*- and Na*/HCOs-exchanger resulting in distorted Ca?* and
pH homeostasis, respectively, are also conceivable. Thus, the osmolarity of the aCSF was
instead modified by adding and withdrawing sucrose from the aCSF while maintaining the
extracellular ionic composition throughout the experiment. Sucrose is not metabolized by
cells in the CNS and therefore should only affect the osmolarity of the aCSF. This resulted
in a similar reduction of the ECS fraction as seen before (Figure 29) but bypassed
potential side effects induced by the acute change of the extracellular Na* concentrations.
This approach was also in parallel to the iontophoretic application of K* into the ECS
(Chapter 4.1.8). As expected during shrinkage of the ECS, the peak amplitude of the
evoked extracellular K* transients increased rapidly after the application of the
hypoosmolar solution. Simultaneously, the basal extracellular K* concentration started to
increase (Figure 29). In order to probe if gap junction coupling facilitates extracellular K*
clearance and, in turn, attenuates the accumulation of extracellular K*, the gap junction
inhibitor CBX was applied together with the hypoosmolar aCSF. However, gap junction
uncoupling had no effect on the peak amplitude of the evoked extracellular K* transients
or on the basal K* concentrations during hypoosmolar conditions. Surprisingly, the
extracellular K* transients that augmented for several minutes during the application of the
hypoosmolar aCSF began to attenuate in subset of experiments (Figure 31).

An often-reported observation when cellular, in particular astrocytic, swelling was induced
is the rapid shrinkage of the ECS that is followed with a delay of a few minutes by a
normalization of the cellular volume and subsequent ECS widening. This can be observed
in astrocytic cell cultures (Kimelberg and Frangakis, 1985; Olson et al., 1986) as well as in
the acutely isolated spinal cord (Sykova et al., 1999). The proposed corresponding
mechanism was termed ‘regulatory volume decrease’ (Cala, 1977) and involves the
release of various ions, such as K* and CI, and other organic osmolytes in order to

normalize the cellular volume as shown for cultured astrocytes (Bender and Norenberg,
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1994; Morales and Schousboe, 1988; Vitarella et al., 1994). This could principally underlie
the observed decreasing K* transient peak amplitudes after they had initially increased,
however, the required ECS widening during the hypoosmolar conditions was not observed
by the previous TMA™ diffusion analysis (Figure 28). This is puzzling, however, it needs to
be kept in mind that no additional K* was iontophoretically applied during the TMA*
diffusion experiments. Thus, additional extracellular K* might be involved in initiating the
regulatory volume decrease. Interestingly, such a normalization of the ECS fraction was
observed when ECS shrinkage was initially evoked by the application of a high
extracellular K* concentration in the isolated spinal cord, but was nearly absent when the
tissue was instead treated with a hypoosmolar extracellular solution that maintained the
extracellular K* concentration at basal levels (Sykova et al., 1999). Consequently, the
observed delayed decrease of the K* transients could be caused by a local regulatory
volume decrease that was induced by the iontophoretic application of K* into the ECS
without being observed during TMA* diffusion experiments.

If this was the case, how it was mediated and why it was only observed in a subset of
recordings remains, however, speculative. The cellular structures, such as fine astrocytic
processes or their main branches, might exhibit a differently efficient regulatory volume
decrease. Thus, the local composition of cellular structures at the K* recording site might
have influenced if and to what extend a regulatory volume decrease was initiated. This
could then explain why the extracellular K* transients normalized only in a subset of
experiments since it would depend on the cellular structures close to the K* recording site
that vary between experiments.

More importantly, the acute inhibition gap junction coupling had no effect on the fate of the
K* transients and the basal K* concentration in this subset of experiments (Figure 31B).
Similar was observed for the peak amplitude of the K* transients that showed no delayed
attenuation during the hypoosmolar conditions (Figure 31C). Taken together, these
experiments could not reveal a significant impact of gap junction coupling on the peak
amplitude of evoked K* transients during conditions of a reduced ECS. This observation
would be explained if the astrocyte swelling would induce gap junction closure.
Consequently, the pharmacological inhibition of gap junction channels would have on
further impact on the extracellular K* transients. Increasing intracellular Ca?* concentration
in astrocytes were found to reduce the coupling between astrocytes (Enkvist and
McCarthy, 1994; Peracchia, 2004). Interestingly, astrocyte swelling was also shown to be
associated with increased intracellular Ca®* concentrations (O’Connor and Kimelberg,
1993). To test this hypothesis, the astrocyte coupling analysis as shown in chapter 4.1.1
could be performed during hypoosmolar conditions. However, also other factors could

have affected the K* clearance and, in turn, prevent gap junctions from participating. For
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instance, increased GFAP labeling (indicating astrogliosis) and morphology changes were
observed for astrocytes in the spinal cord after prolonged treatment with an hypoosmolar
solution or a high extracellular K* concentration (Sykova et al., 1999). Furthermore, the
induction of cellular swelling by hypoosmolar conditions were associated with a
membrane depolarizing of cultured astrocytes (Kimelberg and O’Connor, 1988). These
scenarios could, principally, have already impaired spatial K* buffering und, in turn,
occluded the effect of CBX on the K* peak amplitudes.

In contrast, the increase of the basal K* concentration during the hypoosmolar treatment
was more pronounced in control conditions compared to CBX when the evoked K*
transients showed no delayed attenuation (Figure 31C, bottom). If gap junction uncoupling
interfered in this subset of experiments with the potential K* release in order to normalize
the cellular volume remains speculative. However, CBX might also inhibit the opening of
connexin hemichannels. This could suggest that when a regulatory volume decrease is
inefficient (e.g. observed by the absent attenuation of the extracellular K* transients), K* is
released via hemichannels to support the regulatory volume decrease. In this scenario,
one would expect a delayed attenuation of the extracellular K* transients, which was not
captured by the conducted experiments since the recording was terminated after 30
minutes. However, these considerations require distinct gating mechanism for unapposed
hemichannels and hemichannels that form gap junction channels. Interestingly, both
hemichannels and gap junction channels were reported to exhibit two molecular distinct
gating mechanism (Bukauskas and Verselis, 2004) that could be differentially affected by
the hypoosmolar conditions. It would be of particular interest to further investigate the role
for gap junction channel and hemichannels in cellular volume regulation, because cellular
swelling and ECS shrinkage is observed in many pathophysiological conditions including
epilepsy and ischemia (Slais et al., 2008; Sykova and Nicholson, 2008; Vofisek and
Sykova, 1997). Consequently, active modulation of these channels might be a future

target to interfere with pathophysiological cellular volume changes.
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5.2 Mechanism underlying the proepileptiform effect of astrocyte

morphology changes and uncoupling

Physiological brain function relies on the balance between excitatory and inhibitory
neuronal activity that is integrated in a meaningful way. In the hippocampus, excitatory
synaptic transmission is mainly mediated by glutamate released from pyramidal neurons
(Rose et al., 2018), whereas inhibitory synaptic transmission is based on the release of
GABA by interneurons (Pelkey et al., 2017). Astrocytes are known to closely contact both
types of neurons and modulate their activity by several mechanisms (Mederos and Perea,
2019; Perea and Araque, 2010). Consequently, a dysfunction of astrocytes could lead to a
distortion of proper neuronal function (Henneberger, 2017; Steinhduser et al., 2015) and,
in turn, to neuronal hyperexcitability (Chapter 1.2 & 1.6).

The experiments discussed in the following chapter were based on previous work from Dr.
S. Anders that investigated the role of astrocyte morphology changes in an acute model of
epilepsy. It could be shown that the induction of epileptiform activity by the inhibition of
GABA-receptors in acute hippocampal slices rapidly induced shrinkage of the fine and
medium astrocytic processes. This was paralleled by a significant decrease of the
intracellular diffusion in astrocytes and the diffusion between astrocytes via gap junctions.
Inhibiting the ROCK-pathway and, in turn, the modulation of the actin cytoskeleton
prevented these morphology changes. Importantly, this resulted in a significant
attenuation of the epileptiform activity and points towards a proepileptiform action of
astrocyte morphology changes. Furthermore, the epileptiform discharges persisted after
the reestablishment of GABAsR-mediated inhibitory transmission at a frequency which
was correlated with the degree of astrocyte morphology changes (Anders, 2016).
However, the mechanism underlying the persistent epileptiform activity remained not fully
understood and was therefore the objective of the present study.

In order to replicate the observed astrocyte morphology changes, epileptiform discharges
were induced similar as in the previous work by the application of the GABAAR antagonist
penicillin (Chapter 3.4.5). Since the morphology changes were observed within minutes
after the onset of epileptiform activity, it was assumed that the corresponding
proepileptiform effect had been already established during this induction period. Next, the
penicillin was removed from the aCSF and the glutamate receptor antagonists D-APV and
NBQX were applied in order to reestablish the GABAAR-mediated inhibitory synaptic
transmission and to terminate the ongoing epileptiform activity, respectively. The
emerging question was then which parameter was altered by the evoked astrocyte
morphology changes compared to control conditions (no inhibition of GABAAR and, in turn,

no epileptiform activity and morphology changes) and could have a proepileptiform effect.
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5.2.1 Inhibitory synaptic transmission after epileptiform activity

In the hippocampus, interneurons represent 10-15% of the neuronal population and
provide the major GABAergic synaptic input. This involves the activation of GABAAR, the
concomitant influx of CI" and a transient membrane hyperpolarization or shunting of the
postsynaptic neuron. Thus, GABAergic synaptic input regulates neuronal excitability and
can impact on circuit functions (Pelkey et al., 2017). Astrocytes are known to react to
inhibitory synaptic activity by intracellular Ca®* signaling and, in turn, with the release of
neuroactive substances (‘gliotransmitter’) (Chapter 1.5.2). Consequently, the previously
observed decreased intracellular diffusion (Anders, 2016) might distort Ca?*-mediated
gliotransmission and, in turn, synaptic transmission. It was shown in several studies that
inhibitory transmission is modulated by astrocytes via gliotransmission (Losi et al., 2014;
Mederos and Perea, 2019; Roux and Buzsaki, 2015) or the glutamine synthetase activity
(Ortinski et al., 2010) and thus was the first candidate to be investigated (Chapter 4.2.1).
In line with the previous work (Anders, 2016), the inhibition of GABAAR had no effect on
the slope of the evoked fEPSPs but led to multiple population spikes (Figure 32). This is in
line with the assumption that the fEPSP slope mainly represents excitatory synaptic
transmission, because glutamatergic presynaptic terminals are directly activated by
axonal stimulation. In contrast, GABAergic synapses are activated with a temporal delay,
because the axonal stimulation activates first the interneuron, which then leads to the
activation of the GABAergic synapses. As a consequence, GABAaR inhibition impacts on
the later phase of the neuronal activity, i.e. fEPSP amplitude and population spike.
Importantly, the frequency of epileptiform discharges in the presence of penicillin was
similar as previously observed by Dr. S. Anders. Accordingly, it was assumed that also the
astrocyte morphology changes were occurred in a similar fashion.

However, the frequency and amplitude of the spontaneous sIPSCs were not affected by
epileptiform activity (Figure 33A-B). On the other hand, the sIPSCs recorded in slices that
experienced epileptiform activity showed faster decay rates and a tendency towards
smaller width (Figure 33C-D). This could point towards a shortened presence of
extracellular GABA at the synapses and thus facilitate neuronal excitability by an
inefficient inhibitory input. In order to further support that the decreased decay times were
indeed caused by the astrocyte morphology changes, we would need to repeat the
experiments and induce epileptiform activity in the presence of Y27632. In these
conditions, the astrocyte morphology changes would be inhibited and the decay and width
of the sIPSCs are expected to be similar to control conditions. Another experimental
approach could also provide more details about the inhibitory input onto pyramidal
neurons after epileptiform activity. In the presented experiments, the inhibitory input was

recorded by patch-clamp recordings from the neuronal soma. Thus, inhibitory synaptic
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input at the distal dendrites might not be efficiently sampled due to space-clamp problems.
As a consequence, changes of the inhibitory synaptic transmission by the astrocyte
morphology changes might be underestimated by the employed approach. The usage of
fluorescent sensors in future experiments could overcome this problem by directly
assessing the extracellular GABA dynamics (Marvin et al., 2019). The decay rates of the
recorded sIPSCs (~7 ms) were shorter than what is reported in the literature. Previous
studies recorded sIPSCs in rat CA1 pyramidal neurons at room temperature and found
average decay rates of ~8-11 ms (Collingridge et al., 1984; Gage and Robertson, 1985).
Another study recorded sIPCSs at 34°C in CAl pyramidal neurons in hippocampal slices
obtained from mice and revealed decay rates of on average ~15 ms (Matos et al., 2018).
However, experimental differences in temperature, recording solutions, used species or
the age of the used animals could explain the different sIPSC kinetics.

Although the frequency and amplitude of the sIPSCs was unaffected, the faster decay
after epileptiform activity could indicate a less efficient inhibition and thus an increased
neuronal excitability. However, the recordings of sIPSCs were performed in the presence
of glutamate receptor inhibitors in order to isolate the inhibitory inputs and to avoid a bias
by ongoing neuronal activity. Consequently, altered modulatory effects on the inhibitory
synaptic transmission mediated by glutamate receptors were also prevented under these
conditions. For instance, a previous study found that interneuron activity evoked GABA&gR-
mediated Ca?* elevations in astrocytes. This resulted in the release of glutamate which
potentiated inhibitory transmission on CAl pyramidal neurons (Kang et al., 1998).
Accordingly, an impaired astrocytic Ca?* signaling due to the astrocyte morphology
changes might prevent potentiation of inhibitory transmission and led to increased
neuronal excitability. However, the inhibitory effect on synaptic transmission observed by
Kang and colleagues (1998) was absent in the presence of glutamate receptor
antagonists and would consequently be undetectable in the presented experiments.
Consequently, the effect of the astrocyte morphology changes on inhibitory synaptic
transmission might be underestimated in our experiments.

In conclusion, spontaneous inhibitory currents in CA1 pyramidale neurons were reduced
after epileptiform activity and could underlie the proepileptiform activity of astrocyte
morphology changes. Thus, inhibitory synaptic transmission is an interesting candidate for

further experiments that will help to validate our conclusions.

5.2.2 The extracellular space during and after epileptiform activity
The concentration of ions, neurotransmitter and gliotransmitter depend on the released

amount and the volume into they are released. This volume is the extracellular space and
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its structure can, thus, impact on the extracellular concentration and diffusion of
neuroactive substances. Shrinkage of the ECS was observed during evoked neuronal
activity (Larsen et al., 2014; Pannasch et al., 2011) and epileptic activity (Slais et al.,
2008). Furthermore, those reductions of the ECS were also shown to augment
epileptiform activity, presumably by facilitated accumulation of extracellular K* and
glutamate (Kilb et al., 2006; Traynelis and Dingledine, 1989). On the other hand, reduced
accumulations of inhibitory neurotransmitter, such as GABA, by an increase of the ECS
could also promote epileptiform activity.

Thus, the observed astrocyte morphology changes could affect the ECS structure and, in
turn, increase neuronal excitability by two different scenarios. First, the decreased intra-
and intercellular diffusivity (Anders, 2016) could lead to a more pronounced astrocyte
swelling during neuronal activity. The concomitant reduction of the ECS would then lead
to facilitated K* or glutamate accumulations that, in turn, increased neuronal excitability.
Second, the shrinkage of the fine astrocyte processes could increase locally the ECS and,
in turn, reduce the accumulation of inhibitory neuro- or gliotransmitter, such as GABA or
adenosine. In both scenarios, an altered ECS could have a proepileptiform effect.

In order to test if the induced astrocyte morphology changes facilitated an activity-
dependent ECS shrinkage or itself modulated the ECS structure, the ECS fraction was
monitored throughout the experiments, i.e. during baseline conditions, control conditions/
induced epileptiform activity and inhibited postsynaptic activity (Chapter 4.2.2). However,
the ECS fraction during epileptiform activity was not different from control conditions. In
addition, also the inhibition of postsynaptic activity in both conditions did not impact the
ECS fraction (Figure 34). This suggests that the astrocytic morphology changes observed
for the fine and medium-large processes were not capable to significantly affect the ECS
fraction. Interestingly, the ECS fraction was also not affected during epileptiform activity
compared to baseline conditions as it would be expected from an increased neuronal
activity. However, the previous studies that showed an ECS shrinkage during neuronal
activity employed a continuous stimulation over several seconds (Larsen et al., 2014;
Pannasch et al., 2011). Thus, the rather short epileptiform discharges occurring every few
seconds might not be sufficient to elicit a detectable impact on the extracellular TMA*
diffusion. It also has to be kept in mind that the employed technique provides an average
value of the ECS structure over several hundred micrometers. Since astrocytes occupy
only ~5% of the volume of their territories (excluding the soma) and the shrinkage was
predominantly observed for fine and medium-large processes (Anders, 2016), the impact
on the ECS fraction might not be detectable with the employed technique. However, this

does not exclude that the shrinkage of the fine processes located close to the synapses
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had a greater functional impact than it would be predicted from the employed TMA®
diffusion analysis.

5.2.3 Extracellular K* clearance after epileptiform activity

Impaired K* clearance has often been associated with epilepsy. Impaired extracellular K*
clearance could result in an excess of extracellular K* and, in turn, an increased neuronal
excitability (Balestrino et al., 1986; Hablitz and Lundervold, 1981; Rausche et al., 1990;
Voskuyl and ter Keurs, 1981). As a consequence, this could facilitate the generation of
epileptic activity. It was for instance shown that the expression of Kir4.1 channels was
reduced in sclerotic hippocampi of MTLE patients (Das et al., 2012; Heuser et al., 2012).
Further studies reported that the Kir4.1-mediated K* clearance was impaired in sclerotic
tissue of humans and rats after epileptic activity (Heinemann et al., 2000; Jauch et al.,
2002; Kivi et al., 2000). In addition, hippocampal astrocytes lost their ability to limit K*-
induced membrane depolarization via gap junction channels after epileptic activity
(Bedner et al., 2015). The experiments of these studies were performed several hours to
weeks after epileptic activity and thus provide important information about later stages of
epilepsy. However, the involvement of K* clearance during early epileptogenesis
remained largely unexplored. Thus, we investigated if K™ clearance was also impaired by
the rapid astrocyte morphology changes that were observed shortly after the onset of
epileptiform activity.

Epileptiform activity induced a rapid shrinkage of the fine astrocyte process and resulted
in a smaller intracellular volume and reduced intra- and intercellular diffusivity (Anders,
2016). A decreased diffusivity could lead to an impaired spatial K* redistribution and
thereby lead to more pronounced K*-induced membrane depolarizations. The resulting
impaired K* uptake via, for instance, Kir4.1 channels would then lead to augmented peak
amplitudes of extracellular K* transients as it was suggested previously (Larsen and
MacAulay, 2014; Larsen et al., 2014) and further supported in the this study (Breithausen
et al., 2020). However, the K" peak amplitudes were unaffected by epileptiform activity
indicating that the decreased intra- and intercellular diffusivity had no significant effect on
the spatial K* redistribution. This is in line with our findings on the extracellular K*
clearance after acute gap junction uncoupling. We showed that the inhibition of
intercellular and presumably also the intracellular diffusivity impacted only on the K* peak
amplitudes when concentrations of 8-10 mM were exceeded (Breithausen et al., 2020). In
contrast, the extracellular K* transients that were evoked by the epileptiform discharges
and the axonal stimulation exhibited peak amplitudes in the submillimolar range. Thus, it

unlikely that the reduced intra- and intercellular diffusivity impacted on the extracellular K*
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clearance by impairing the K* redistribution under these conditions.

On the other hand, other mechanisms are also involved in the clearance of extracellular
K*accumulations and could be impaired by the rapid astrocyte morphology changes. For
instance the Na*/K*-ATPase was shown to largely mediate the decay of extracellular K*
transients back to basal levels (D’Ambrosio et al., 2002; Larsen et al., 2014; Ransom et
al., 2000). A slowed K* decay rate would indicate a prolonged extracellular accumulation
of K" that, in turn, could promote epileptiform activity by increasing the neuronal
excitability. However, also the decay of the evoked extracellular K* transients was not
affected by the epileptiform activity. Taken together, these experiments indicate that the
rapid astrocyte morphology changes had no effect on the K* accumulation during the
neuronal activity and the decay back to basal levels. Thus, an impaired K* clearance
cannot explain the proepileptiform effect of the rapid astrocyte morphology changes.
Although the evoked K* transients had similar peak amplitudes as the K* transients
observed during epileptiform discharges, probing the impact of morphology change on K*
clearance with other experimental approaches could be interesting. Since the used K*-
sensitive microelectrodes provide no information about the spatial profile of the
extracellular K* during epileptiform activity, new developed optical sensors for extracellular
K* could be useful tools for additional experiments (Bazzigaluppi et al., 2015; Bischof et
al., 2017; Wellbourne-Wood et al., 2017). These sensors might provide new information
about the location and size of local K* release sites during epileptiform activity. This could
help us to design new experimental conditions that better mimic the neuronal and synaptic

activation during epileptiform activity.

5.2.4 Glutamate clearance

Excitatory synaptic transmission in the hippocampus is mediated by glutamate and its
clearance from the ECS is mainly mediated by astrocytes that express high efficient
glutamate transporters (Rose et al., 2018). The importance of glutamate clearance for
synaptic function was revealed when glutamate transporters were acutely inhibited. This
resulted in facilitated glutamate spill-over and the concomitant activation of extrasynaptic
NMDARs (Asztely et al., 1997). Thus, impaired astrocytic glutamate clearance could
facilitate the activation of NMDARS on neighboring neurons and, in turn, promote neuronal
synchronization which might contribute to epileptiform activity. Interestingly, the genetic
deletion of the glutamate transporter GLT-1 or the acute infusion of a broad-spectrum
glutamate transporter inhibitor into the hippocampus evoked spontaneous seizures in
mice (Demarque et al., 2004; Tanaka et al., 1997). In particular the exposed position of

the astrocyte processes close to the synapses was found to be an important factor for
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efficient glutamate clearance. This was supported by a study that revealed that a
decreased synaptic coverage by astrocytes was associated with an impaired glutamate
clearance (Oliet et al.,, 2001). Thus, it was investigated if the observed astrocyte
morphology changes (Anders, 2016) might impair glutamate clearance and thereby
facilitate epileptiform activity. For instance, glutamate uptake was shown to depend on the
cotransport with Na* (Nicholls and Attwell, 1990; Rose et al., 2018). Accordingly, a
reduced transmembrane Na® gradient by intracellular accumulations of Na* was
suggested to impair extracellular glutamate clearance (Karus et al., 2015). Since the
observed morphology changes were accompanied by an decreased intra- and intercellular
diffusion (Anders, 2016), facilitated intracellular Na* accumulations could hypothetically
underlie an impaired glutamate clearance. Another potential mechanism that was found to
impair extracellular glutamate clearance is an impaired motility of glutamate transporters
in the astrocyte membrane (Murphy-Royal et al., 2015). If the observed shrinkage of the
fine astrocytic processes interfere with the membrane diffusion of glutamate transporters
is, however, not clear but it could in theory interfere with the spatial positioning of
glutamate receptors at the synapses and, in turn, impair their efficiency (Henneberger,
2017).

In order to probe if impaired glutamate clearance is causal for the observed persistent
epileptiform discharges, the fluorescent glutamate sensor iGluSnFR (Marvin et al., 2013)
was virally expressed in the hippocampus of mice (Chapter 4.2.4). After two to three
weeks, astrocytes in the hippocampal slices obtained from these mice showed reliable
iGluSnFR expression (Figure 37A). Similar to the previously described experiments, 4 mM
penicillin evoked epileptiform discharges that were terminated after 30 minutes by
inhibiting glutamatergic synaptic transmission, action potential firing and metabotropic
glutamate receptors (Figure 36). Surprisingly, the discharges frequency was relatively low
compared to the previous experiments from this study (Figure 32D) and from the previous
study (Anders, 2016). Since it was shown that the frequency of penicillin-induced
epileptiform discharges in rat hippocampal slices was similar compared to hippocampal
slices of mice (Anders, 2016), the expression of iGluSnFR might have reduced the
susceptibility to generate epileptiform discharges. A potential explanation for that
observation could be the expressed iGluSnFR that binds extracellular glutamate and thus
might act as an additional glutamate buffering mechanism.

Nevertheless, the extracellular glutamate homeostasis was then investigated by applying
glutamate via an iontophoresis pipette. The iontophoretic glutamate application resulted in
a local glutamate transient that spread over a distance of roughly 10 um (Figure 37D). The
analysis of the corresponding spatial glutamate profile revealed a trend towards a

pronounced extracellular glutamate spread after epileptiform activity. This could point
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towards a facilitated glutamate spill-over that activates more synapses and thus could
promote the generation of epileptiform activity. The fluorescence ‘sag’ in the glutamate
line profile that was observed in a subset of experiments might complicate the
interpretation of the data. However, this was observed in both experimental conditions and
thus allows a comparison. Nevertheless, additional experiments are required to further
validate if the extracellular glutamate spread was facilitated after epileptiform activity.

The duration of the iontophoretic glutamate application (200 ms) resembled roughly the
duration of interictal discharges that can be observed in an electroencephalogram of
epilepsy patients (de Curtis and Avanzini, 2001). Since effective glutamate clearance
might attenuate the build-up of extracellular glutamate during such activity and, in turn,
tones down epileptiform epileptic activity, the accumulation of glutamate during the
glutamate application phase was investigated (Figure 37C). Intuitively, the glutamate
accumulation was the largest close to the glutamate application point and decreased with
distance from this point (Figure 37F). As expected, the glutamate accumulation rate
decreased with distance from the glutamate application point due to its diffusion in the
ECS and the concomitant dilution (Figure 37E). Surprisingly, there was a slight but
significant trend towards a faster glutamate accumulation in control conditions compared
to after epileptiform activity which was independent of the distance from the glutamate
source. However, this trend was rather small and accompanied with large data variability
that was potentially due to small variations of the distance between line scan and the
glutamate source. In addition, the concentrations of the glutamate accumulations were
overall not affected by epileptiform activity. This observation was also independent of the
distance from the glutamate source, i.e. was independent of the local glutamate
concentration. This local glutamate concentration ranged from several micromoles close
at the pipette tip to sub micromolar levels distant from the glutamate source. These
concentrations were previously suggested to roughly reflect what is expected during the
activity of a pool of synapses. This assumption was based on a study that simulated how
extracellular glutamate accumulations are affected by the number of functional glutamate
transporters. It was revealed that synaptic activity that is sufficient to excite CA1 pyramidal
neurons evoked local glutamate elevations of ~1 uM when glutamate uptake mechanisms
are fully intact. Extracellular glutamate accumulations exceeding ~1 UM were only
observed when glutamate transporter activity was almost completely switched off (Zheng
et al., 2008). This could indicate that the glutamate transporters are not able to cope with
the large extracellular glutamate accumulations under our experimental conditions.
Although it was reported that astrocytic glutamate transporters in the hippocampus were
not overwhelmed by the amount of glutamate that was released even by a high-frequency

stimulation (Diamond and Jahr, 2000), the iontophoresis might have released even larger
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amount of glutamate that saturated the astrocytic glutamate transporters. Thus, glutamate
clearance would have less impact on the accumulation of the applied glutamate in the
ECS. As a consequence, an impaired glutamate uptake mediated by astrocyte
morphology changes would also have less impact and, in turn, was not detectable under
these conditions. In order to test this hypothesis, the glutamate application period or the
application current could be decreased in further experiments in order to evoked
extracellular glutamate accumulations in the submillimolar range.

It also has to be kept in mind that during synaptic transmission glutamate release is
mainly restricted to the synaptic clefts and thus extracellular glutamate transients might
originate more or less time-locked from several sources. In contrast, the employed
iontophoretic glutamate application creates a single point source randomly in the ECS.
Consequently, it can be assumed that not only the fine perisynaptic astrocyte processes
get in contact with the extracellular glutamate and but also other parts of the astrocytes,
such as thicker branches and soma. Since the astrocytic morphology changes were
predominantly observed for the fine astrocyte processes (Anders, 2016), the effect of
these changes on glutamate clearance might be underestimated by employing the
iontophoretic application of glutamate.

Thus, extracellular glutamate transients were evoked in the following experiments by an
axonal stimulation and the subsequent glutamate release from the presynaptic terminals.
Since the frequency of epileptiform discharges was relatively low in hippocampal slices
from iGluSnFR-expressing slices during the previous experiments, Mg?* was removed
from the aCSF during the application period of the penicillin. This was shown to release
the Mg?" block from the pore of the NMDAR which results in facilitated neuronal
excitability and epileptiform activity (Gloveli et al., 1995; Mody et al., 1987). Indeed, this
resulted in an increased frequency of epileptiform discharge similar as observed
previously (Figure 38D) and led to the assumption that the astrocyte morphology changes
had occurred as reliably as in the previous study (Anders, 2016) (Chapter 1.6.1). Inhibition
of the ROCK-pathway by the application of its inhibitor Y27632 prevented astrocyte
morphology changes and reduced the frequency of epileptiform discharges (Anders,
2016). Surprisingly, the application of Y27632 did not significantly reduce the frequency of
epileptiform discharges. However, the effect of Y27632 was previously only tested when
epileptiform activity was induced by the application of penicillin in the presence of Mg?
(Anders, 2016). Thus, it cannot be ruled out that the facilitated NMDAR activation by the
removal of the Mg?* block was a too strong stimulus and, in turn, redundantized the
proepileptiform astrocyte morphology changes. Nonetheless, if the astrocyte morphology
changes impacted on the clearance of glutamate released from synapses, this effect

should still be observable and sensitive to the ROCK inhibition by Y27632. Interestingly,
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the decay rate of the glutamate evoked fluorescence transients (also designated as
‘glutamate transients’) in control conditions were slightly but significantly accelerated
compared to baseline values. Also, the glutamate transients after epileptiform activity in
the presence of Y27632 revealed a trend towards faster decay rates. On the other hand,
this effect was less pronounced for glutamate transients after epileptiform activity in the
absence of Y27632 (Figure 39C). It is not clear if just an unspecific time-dependent effect
or the inhibition of AMPARs and NMDARs were underlying the observed accelerated
decay rates. Inhibition of these receptors was found to reduce the surface motility of
astrocytic glutamate transporter that was suggested to facilitate extracellular glutamate
clearance (Murphy-Royal et al., 2015). Consequently, glutamate receptor inhibition would
decrease the decay rates of the extracellular glutamate transients, i.e. slow glutamate
uptake. Since the opposite effect was observed (Figure 39C), it is unlikely that an
impaired glutamate transporter motility mediated the observed effect.

On the other hand, the inhibition of excitatory synaptic transmission and the concomitant
reduced activity-dependent K* release could have affected the glutamate uptake. Since
glutamate uptake is electrogenic and depends additionally to the cotransport of Na* on the
export of K*, an extracellular K* accumulation was suggested to attenuate extracellular
glutamate uptake (Barbour et al., 1988; Rose et al., 2018). Thus, the observed
accelerated glutamate clearance might be a consequence of the inhibited postsynaptic
activity since this could reduce activity-dependent extracellular K* accumulations. This
could result in less depolarized astrocytes and a K* membrane gradient that favored
glutamate uptake. As already mentioned, the accelerated decay rates were less
pronounced in hippocampal slices that experienced epileptiform activity in the absence of
Y27632. Hypothetically, the reduced intracellular diffusivity accompanying the astrocyte
morphology changes could have enhanced intracellular Na* accumulations during
glutamate uptake and, in turn, counteracted the facilitation of glutamate uptake during
inhibited neuronal activity. However, the observed changes of the extracellular glutamate
decay rates were relatively small and the absolute decay rates were not statistically
different among the three experimental groups. The peak amplitudes of the glutamate-
evoked fluorescence signals after induction of epileptiform activity further indicate that
also the activity-dependent glutamate release was unaffected (Figure 39E). This is in line
with the stable fEPSP slopes since they represent the glutamatergic synaptic transmission.
In turn, altered glutamate release would directly affect the fEPSP slopes.

In summary, these experiments could not reveal that the clearance of iontophoretically
and synaptically evoked glutamate accumulations was substantially affected by the
induction of epileptiform activity. This suggests that changes of the glutamate clearance

do not explain the proepileptiform effect of the astrocyte morphology changes. However,
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additional experiments that further investigate the extracellular diffusion of glutamate
might validate the observed trend towards an increased glutamate spread after
epileptiform activity. Interestingly, the inhibition of glutamate clearance was shown to
induce epileptic activity in mice (Demarque et al., 2004, Tanaka et al., 1997) and
increased glutamate concentrations were found in the human epileptic hippocampus
(During and Spencer, 1993). Although this indicated that impaired glutamate clearance is
involved in epilepsy, impaired glutamate homeostasis could be a characteristic of later
stages of epilepsy rather than early epileptogenesis. It was for instance shown that even
high-frequency synaptic activation over 100 ms did not overwhelm astrocytic glutamate
transporters in the hippocampus (Diamond and Jahr, 2000) and that those transporters
seem to clear extracellular glutamate 20 to 50 times faster than the rate that glutamate is
released from synapses during moderate activity (Zheng et al., 2008). These findings
indicate that glutamate clearance in the brain is highly efficient. Consequently, the
observed rapid shrinkage of the fine astrocyte processes might not be sufficient to
drastically impair glutamate clearance at the investigated time point. However, further
progression of the astrocyte morphology changes and their long-term effects might lead to
a pronounced impairment of glutamate clearance and thus a proepileptiform effect at later
time points.

Glutamate clearance is modulated by the neuronal activity and can differ between brain
regions. For instance, it was revealed that glutamate clearance in the cortex is slowed by
specific presynaptic activity (Armbruster et al., 2016). Another study showed that
glutamate clearance in the somatosensory cortex was faster during high frequency
neuronal stimulation compared to lower stimulation frequencies. The opposite was
observed in the barrel cortex. Although the underlying mechanisms remain to be explored,
these findings suggested that the astrocyte machinery for glutamate clearance is
preferentially tuned to a specific neuronal activity (Romanos et al., 2019). As a
consequence, the astrocyte morphology changes in the hippocampus might also only
impact on glutamate clearance under specific neuronal activity. Therefore, future
experiments could investigate the specific presynaptic activity pattern during epileptiform
discharges using fluorescent Ca?*-indicators expressed specifically in presynaptic
terminals as previously used to study stimulation-evoked Ca?*-signals in the hippocampus
(Al-Osta et al.,, 2018). Afterwards, glutamate clearance can be investigated with a
stimulation paradigm that mimics the neuronal activity during epileptiform activity. These
experiments will then reveal if the astrocyte morphology changes impact on glutamate

clearance specifically during epileptiform activity.
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6 Summary & Conclusions

The present study addressed the contribution of astrocytic gap junction channels to
extracellular K* clearance. Astrocyte form large networks through gap junction coupling
that enables intercellular communication and trafficking of ions. The contribution of this
network was proposed to facilitate extracellular K* clearance by the spatial redistribution
of K* via the gap junction coupled network. However, the quantitative contribution of this
mechanism to K* clearance was not fully clear. In order to obtain further insights, the
extracellular K* concentration in the CA1 str. radiatum of hippocampal slices was recorded
with K*-sensitive microelectrodes in parallel to the inhibition of intercellular molecule
trafficking. For this purpose, a pharmacological approach to acutely uncouple gap junction
channels was employed. This allowed the fast disruption of the gap junction coupled
astrocyte network and prevented potential cellular alterations induced by a long-term
absence of gap junction coupling. Next, different experimental approaches were used to
evoke extracellular K* transients before and after the acute inhibition of gap junction
coupling. A commonly used stimulation paradigm to probe hippocampal circuit functions
evoked neuronal activity and extracellular K* transients with relatively small K* peak
amplitudes. However, acute gap junction uncoupling had no effect on these K* transients.
Also, extracellular K* transients with larger K* peak amplitudes evoked by more intense
neuronal stimulation were largely unaffected by gap junction uncoupling. Next, the
iontophoretic application of K* was introduced in order to evoke extracellular K* transients
in the absence of neuronal activity. This allowed the application of K™ as a point source
and the control of the K* transient’s peak amplitudes by adjusting the amount of injected
K*. Interestingly, iontophoretically evoked K* transients with peak amplitudes in the low
millimolar range were also unaffected, but large K* transients with peak amplitudes that
exceeded ~10 mM showed further augmentation after gap junction uncoupling. These
results demonstrate that the contribution of gap junction coupling to buffering of
extracellular K* gradients is limited to large and localized K* increases. Since such large
extracellular K* accumulations are commonly observed in association with
pathophysiological conditions, astrocytic gap junction coupling might act as a rescue
mechanism when other K* clearance mechanisms are not able to cope with extensive
extracellular K* loads. Thus, the astrocyte network might not play a pivotal role for K*
clearance during physiological conditions but rather in pathophysiological scenarios. In
particular the attenuation of spatially confined epileptic activity or the dampening of
spreading depression could be an important function of astrocyte gap junction coupling
since these conditions could provide a steep extracellular K* gradient as observed in the

present experiments.
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Figure 40 Summary of the experiments investigating the impact of acute gap junction uncoupling on
K* clearance. The acute inhibition gap junction coupling had no effect on small extracellular K* transients. In
contrast, large extracellular K* transients with peak amplitudes exceeding ~10 mM further increased after the
acute gap junction inhibition.

The second aspect addressed by this study was the impact of rapidly occurring astrocyte
morphology changes in the CAL str. radiatum that were triggered by epileptiform activity.
Previous experiments have shown that this morphology changes were accompanied by
an impaired intra- and intercellular diffusion and had a proepileptiform effect (Anders,
2016). However, the underlying mechanism that mediated this proepileptiform effect
remained uncertain. Thus, in the present study several approaches investigated the link
between astrocyte morphology and the increased epileptiform activity.

First, it was tested if the induction of epileptiform activity and the concomitant morphology
changes modulated inhibitory synaptic input on CAl pyramidal neurons. This was
guantified by recording spontaneous inhibitory currents from CA1 pyramidal neurons after
epileptiform activity. We found that the frequency and amplitude of the spontaneous
inhibitory currents were unaffected by epileptiform activity, but their decay was shorter
compared to control conditions. This suggests that the astrocyte morphology changes

decreased the inhibitory synaptic input onto CA1 pyramidale neurons and thereby might
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induced neuronal hyperexcitability. In order to validate this, further experiments that
employ the acute inhibition of the astrocyte morphology changes will be performed.
Second, it was analyzed if the extracellular space fraction was affected by the induction of
epileptiform activity using a diffusion analysis of TMA*. This analysis revealed that the
epileptiform activity and astrocyte morphology changes had no influence on the
extracellular space fraction.

Third, we employed K*-sensitive microelectrodes to measure extracellular K* transients
after epileptiform activity. The peak amplitude and decay of these K* transients were not
different compared to control conditions. This indicates that the astrocyte morphology
changes did not impair extracellular K* clearance and thus is unlikely to underlie the
proepileptiform effect.

Finally, the extracellular glutamate clearance was investigated using the fluorescent
glutamate sensor iGIuSnFR. Extracellular glutamate elevations were either evoked by an
iontophoretic application or by synaptic activity. We found that also glutamate clearance
was largely unaffected by the epileptiform activity and thus cannot explain the observed
proepileptiform effect of the astrocyte morphology changes. However, there was a
tendency toward an increased spatial spread of glutamate into the extracellular space.
This could contribute to a facilitated activation of glutamate receptors and, in turn, to an
increased neuronal activity. Again, additional experiments are required to validate this
observation.

In conclusion, this study provided further information about the functional consequences
of rapid astrocyte morphology changes. Although, the mechanism underlying the
proepileptiform effect of the morphology changes is still not finally clear, the conducted
experiments helped to narrow down the list of possible candidates. Moreover, the
experiments investigating the inhibitory synaptic transmission and glutamate clearance

provided good starting points for further experiments.
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7 Perspectives

My study revealed that astrocytic gap junction coupling facilitates the clearance of large
and localized extracellular K* elevations. Since these K* elevations are generally
associated with pathophysiological conditions, future experiments could investigate if the
opening of astrocytic gap junction channels can be used to attenuate pathophysiological
conditions. For this purpose, pharmacological agents that acutely open gap junction
channels would be required. For instance, those gap junction openers could be used in
combination with an animal model that was shown to mimic human MTLE (Bedner et al.,
2015). In accordance to our hypothesis, the acute application of the gap junction openers
before or during the induction of epileptic activity would attenuate the excessive
accumulation of extracellular K*. Consequently, a reduced severity or number of epileptic
seizures would be expected. These experiments could provide new information about gap

junction channels as a therapeutic target to treat epilepsy.

The mechanisms underlying the proepileptiform effect of rapid astrocyte morphology
changes were also investigated in this study by several experimental approaches. These
morphology changes resulted in a decreased intracellular volume and a reduced intra-
and intercellular diffusivity (Anders, 2016). Astrocytes integrate neuronal activity with
intracellular Ca?* signals (Araque et al., 1999). Thus, further experiments employing Ca?"
sensitive indicators could reveal if the astrocytic Ca?* signaling is affected by the astrocyte
morphology changes. The corresponding results could then serve as a starting point for
further experiments.

It was for instance shown that astrocytes release D-serine depending on intracellular
Ca?*-signaling and thereby control synaptic plasticity (Henneberger et al., 2010). An
altered intracellular Ca?*-signaling could, in turn, alter the D-serine release and modulate
postsynaptic activity. Novel fluorescent sensors for D-serine that are currently developed
in collaboration with the lab of Colin Jackson could provide new insights about D-serine
release during and after epileptiform activity. In addition to D-serine, glycine is also a
coagonist of the NMDAR (Johnson and Ascher, 1987). Thus, glycine release might also
be of interests for following experiments that could employ a novel fluorescent sensor for
glycine (Zhang et al., 2018).

Another aspect to be investigated could be slow NMDAR-mediated inward currents of
CA1 pyramidal neurons. These currents were shown to depend on activation of
extrasynaptic NMDARs and occur spontaneously or can be evoked by evoking astrocytic
Ca?" signaling. (Angulo et al., 2004; Fellin et al., 2004). The induction of astrocytic Ca?*

signaling during enhanced neuronal excitability was also associated with slow NMDAR-
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mediated inward currents in the entorhinal cortex and promoted ictal discharges (Gomez-
Gonzalo et al., 2010). Interestingly, it was further shown by Fellin and colleagues that the
slow inward currents can occur highly synchronized in neighboring CAl pyramidal
neurons. These findings were then suggested to serve as an astrocytic feedback
mechanism that can modulate neuronal excitation and synchronicity (Fellin et al., 2004).
This was further supported by a study that revealed synchronized NMDAR-mediated slow
inward currents in CAl pyramidal neurons when an astrocyte was mechanically
stimulated (Angulo et al., 2004). Thus, rapid astrocyte morphology changes might
promote slow inward currents, promote neuronal synchronization and thereby facilitate the
generation of epileptiform discharges.

Our experiments indicated that the clearance of fast glutamate accumulation evoked by
synaptic activity or iontophoretic glutamate application was largely unaffected by
epileptiform activity. However, this does not exclude that the resting glutamate levels were
affected by the astrocyte morphology changes. Increased resting glutamate levels could
be a result of a decreased sensitivity of glutamate transporters or an increased glutamate
release from astrocytes. Both scenarios would facilitate neuronal excitability by facilitating
glutamate receptor activation. Therefore, additional experiments that probe the time-
course of the basal glutamate concentration over the complete experimental time course
could reveal important insights about the proepileptiform effect.

We also observed that the excitatory synaptic transmission (fEPSP slopes) was
unaffected by inhibiting the inhibitory GABAergic synaptic transmission and, in turn, by the
astrocyte morphology changes. In contrast, action potential firing was drastically
increased represented by the increased amplitude and number of population spikes.
Thus, it could be interesting to probe if the transformation of the synaptic potentials into
action potential firing is facilitated by the astrocyte morphology changes. To test this
possibility, the ratio of the fEPSP slope and the population spike amplitude will be
monitored over the complete experimental time course. After the inhibition of the
GABAergic synaptic transmission and the induction of epileptiform activity, the ratio
should increase. Conversely, if astrocyte morphology changes facilitate action potential
firing, the acute inhibition of the morphology changes is expected to attenuate the ratio
increase.

Taken together, my study provided new insights about the role of astrocytic gap junction
channels for extracellular K* clearance. In addition, | revealed possible candidates that
underlie the proepileptiform effect of rapid astrocyte morphology changes. Furthermore,

my work provides interesting aspects that could serve as the basis for future studies.

158



Appendix

8 Appendix

In addition to the two main aspects that were already addressed in this thesis, |
participated on a few side projects that will be briefly introduced in the following chapters.
First, the consequences of astrocyte hyperactivity on synaptic transmission and plasticity
in an Alzheimer’s disease model was investigated by electrophysiological tests of acute
hippocampal slices (Reichenbach et al., 2018). Second, the impact of the genetic deletion
of the chemokine CCL17 was also tested by probing synaptic transmission and plasticity
in acute hippocampal slices (Fulle et al., 2018). Finally, | participated in collaboration with
Dr. D. Minge in the development of a novel fluorescent sensor for glycine (Zhang et al.,
2018).

8.1 Consequences of astrocyte hyperactivity on hippocampal
synaptic transmission and plasticity in an Alzheimer’s

disease model

These experiments were part of a study that addressed the consequences of P;Y1
receptor mediated astrocyte hyperactivity in the APP/PS1 Alzheimer's disease mouse
model. This mouse model comprises a mutation of the amyloid precursor protein (APP)
and presenilin 1 (PS1) which results in the formation of amyloid-B plaques, a characteristic
of Alzheimer’s disease. A previous study found that astrocytes in these APP/PS1 mice
exhibit hyperactive Ca?* activity. This hyperactivity was most prominent close to the
amyloid-B plaques and was mediated by P,Y1 receptor activation (Delekate et al., 2014).
Thus, the effect of a P,Y1 receptor inhibition on the cellular and behavioral level was
investigated. Interestingly, it was revealed in the present study by Reichenbach and
colleagues that the P,Y1 receptor expression increased with age significantly in the cortex
and hippocampus of APP/PS1 mice. As previously reported (Delekate et al., 2014), this
was accompanied by hyperactive cortical and hippocampal astrocytes. Furthermore, the
hyperactivity of cortical astrocytes in APP/PS1 mice was diminished after the chronic
intracerebroventricularly application of the P,Y1 receptor inhibitor MRS2179 for 6 weeks.
This was also accompanied by an improved performance in a spatial learning task
compared to untreated mice (Reichenbach et al.,, 2018). Since an impaired LTP
(Chapter1.5.3) was already previously observed in the hippocampus of APP/PS1 mice
(Gengler et al.,, 2010), it was probed if this was also present here and if the acute

inhibition of P,Y1 receptors could restore this impairment.
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For this purpose, 300 uM thick hippocampal slices from 8-10-month-old wild-type (WT)
and APP/PS1 mice were obtained. Field recordings in the CAl str. radiatum were then
performed in the interface-type chamber as described above (Chapter 3.4.2). In order to
probe the basal synaptic transmission, fEPSPs were evoked by single stimulations of SCs
(15 s interval) for 10 minutes with a stimulation intensity that was adjusted to obtain a half
maximum fEPSP amplitude (Figure 41A). Interestingly, the basal synaptic transmission,
guantified by the average slope of the fEPSPs during the baseline period, was
significantly reduced in hippocampal slices of APP/PS1 mice compared to WT mice
(Figure 41E, Left panel). Importantly, the stimulation intensities used for WT were not
different from those used for hippocampal slices of APP/PS1 mice (WT, 66.16 + 3.40 pA,
n = 12; APP/PS1, 69.38 + 7.64 YuA, n = 8, p = 0.689, two-sample Student’s t-test). Next,
LTP was induced by stimulating SCs three times at an interval of one minute with a theta-
burst stimulation (TBS). During TBS, eight stimulation trains consisting of four stimuli (100
Hz) were applied at a frequency of 5 Hz. Afterwards, single stimulations were again
applied for 30 minutes to monitor the potentiated synaptic transmission (Figure 41C). As
the examples in Figure 41A depict, the TBS led to potentiated fEPSPs in hippocampal
slices from WT and APP/PS1 mice. However, this potentiation of the fEPSP slope was
less pronounced in hippocampal slices of APP/PS1 compared to WT (Figure 41E, right
panel). These experiments were then repeated in the presence of 30 uM of the P,YR1
antagonist MRS2179. Again, fEPSPs were evoked during baseline conditions and after
the potentiation by the TBS (Figure 41B). In contrast to the experiments in the absence of
MRS2179, the basal synaptic transmission in hippocampal slices of WT mice was not
different from APP/PS1 mice (Figure 41F, left panel). Again, the used stimulation
intensities were similar in both groups (WT, 39.71 + 10.35 YA, n = 7; APP/PS1, 46.82 +
5.85 uM, n = 11, p = 0.527, two-sample Student’s t-test). Even more importantly, the
potentiation of the synaptic transmission by the TBS was no longer different between
hippocampal slices of WT and APP/PS1 mice (Figure 41D&F, right panel). In summary,
these experiments indicate that the impaired synaptic transmission and plasticity in
APP/PS1 mice could be restored by the acute inhibition of P,YR1. Since LTP is
considered as the cellular correlate of learning and memory, the observed effect in vitro
and the diminished astrocyte hyperactivity in vivo might explain the improved cognitive
performance after long-term P.YR1 inhibition (Reichenbach et al., 2018). It will be
interesting to reveal the underlying mechanism that linked the astrocyte hyperactivity and
impaired synaptic plasticity. Astrocytes are known to release several gliotransmitter in a
Ca?*-dependent manner (Sahlender et al., 2014) including D-serine, which was shown to
underly LTP in the hippocampus (Henneberger et al., 2010). Thus, probing astrocytic D-

serine release in APP/PS1 mice could be the first target for future studies.
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Figure 41 Synaptic transmission and plasticity in hippocampal slices of APP/PS1 mice was restored
by the inhibition of P2Y1 receptors. A) Field EPSPs evoked by Schaffer collateral stimulation were recorded
in the CA1 str. radiatum in the absence or B) presence of 30 uM of the P,Y1 receptor antagonist MRS2179.
Field potentials were evoked during a baseline period (black) and after the induction of synaptic plasticity by a
theta burst stimulation (TBS) in hippocampal slices of wild-type (WT, green) and APP/PS1 mice (orange).
C&D) The fEPSP slopes were monitored over time and normalized to their respective baseline values (first 10
minutes) in the absence (C) or presence of MRS2179 (D). After the baseline period, synaptic plasticity was
induced by the TBS that resulted in a potentiation of the fEPSP slopes. E) The basal fEPSP slopes (Left
panel; WT, -0.802 + 0.085 mV/ms n = 12, APP/PS1, -0.461 + 0.065 mV/ms, n = 8, p = 0.00958, two-sample
Student’s t-test) and the fEPSP slope potentiation (Right panel; WT, 93.49 + 21.93%, n = 12, APP/PS1, 30.18
+ 5.81%, n = 8, p = 0.0121, Mann—-Whitney U test) were significantly reduced in hippocampal slices of
APP/PS1 mice compared to WT in the absence of MRS2179. F) In the presence of MRS2179, no significant
differences between the basal fEPSP slopes (Left panel; WT, -0.757 + 0.104 mV/ms, n = 8, APP/PS1, -0.722
+0.069 mV/ms, n = 11, p = 0.776, two-sample Student’s t-test) and the fEPSP slope potentiation (Right panel;
WT, 71.46 + 23.06%, n =8 12, APP/PS1, 68.78 + 11.39%, n = 11, p = 0.911, two-sample Student’s t-test) were
observed between hippocampal slices of WT and APP/PS1 mice.
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8.2 Impact of the chemokine CCL17 deficiency on hippocampal

synaptic transmission and plasticity

Chemokines belong to the family of cytokines and control the migration and positioning of
immune cells (Zlotnik and Yoshie, 2012). In the CNS, chemokines and their receptors
were found to be expressed by several cell types including microglia, astrocytes and
neurons (Rosténe et al.,, 2011). The present study was interested in the chemokine-
dependent interaction of neurons and microglia (Fille et al., 2018). Microglia represent the
resident immune cell of the CNS that exhibit highly ramified processes in order to monitor
their microenvironment for damage or injury. They are known to be involved in controlling
neuronal survival and synapse elimination. When microglia become activated by
proinflammatory cytokines that are released during tissue damage or infection, microglia
change their morphology, migrate towards the inflammatory site and remove dying cells or
protein aggregates (Nayak et al., 2014). During those conditions, neurons were shown to
upregulate specific chemokines in order to communicate with the activated microglia. The
present study addressed the role of the chemokine CCL17 that is known to promote
inflammation in skin allergy. Interestingly, the genetic deletion of the receptor for CCL17
induced behavioral abnormalities of mice indicating a function for CCL17 also in the brain
(Ambrée et al., 2016). Indeed, CCL17 in the murine CNS was predominantly found in a
subset of CAl pyramidal neurons in the hippocampus. The genetic deletion of CCL17
resulted in a reduced number of hippocampal microglia with an altered morphology that
resembled the morphology of activated microglia (Fulle et al., 2018). Since the depletion
of microglia was shown to impact learning and synaptic functions (Parkhurst et al., 2013),
it was tested if synaptic transmission and plasticity was affected in the CCL17-deficient
mice. For this purpose, similar experiments as described in the previous chapter were
performed with hippocampal slices obtained from 8-12-weeks-old wild-type (WT) and
CCL17-deficient mice (CCL17KO). SCs were stimulated with paired pulses (20 Hz) in
order to probe the presynaptic release probability. Interestingly, the basal synaptic
transmission in hippocampal slices from CCL17KO mice was significantly increased
compared to WT mice (Figure 42A). However, the PPR, an indirect determinant for the
presynaptic release probability, and LTP in hippocampal slices of WT mice were not
different from CCL17KO mice (Figure 42B&C). Since it was shown that synaptic
transmission was facilitated during systemic inflammatory conditions, it was further tested
if the CCL17 deficiency also has an impact during those conditions (Galic et al., 2008;
Shen et al.,, 2016). Thus, WT and CCL17KO mice were injected i.p. 16h before the
experiments with lipopolysaccharides (LPS) that are known to evoke a systemic
inflammation, the production of inflammatory cytokines and also the activation of microglia

(Dantzer et al., 2008; Hoogland et al., 2015). Indeed, microglia in hippocampal slices of
162



Appendix

WT mice exhibited an altered morphology after LPS treatment that resembled the
morphology of microglia in hippocampal slices of untreated CCL17KO mice. In contrast,
the microglia morphology in hippocampal slices from LPS-treated CCL17KO mice was not
altered compared to the untreated CCL17KO mice (Fllle et al., 2018). Similar to the
untreated hippocampal slices (Figure 42A-C), PPR and LTP in hippocampal slices of LPS-
treated WT mice were not significantly different from LPS-treated CCL17KO mice (Figure
42E&F). Interestingly, the previously observed facilitated basal synaptic transmission in
CCL17KO mice compared to WT mice was not observed when the mice were treated with
LPS (Figure 42D). Taken together, these results indicate that during homeostatic
conditions (no systemic inflammation) CCL17 deficiency facilitated synaptic transmission.
This was presumably mediated by a postsynaptic mechanism like an increased synapse
number, since presynaptic neurotransmitter release probability seemed to be unaffected.
Thus, it was suggested that CCL17 expression is required to maintain the typical ‘resting’
state of microglia during homeostatic conditions. On the other hand, microglia of WT mice
acquired an activated phenotype in systemic inflammatory conditions while microglia of
CCL17 deficient mice showed no further morphological modifications. In addition, no
difference of the basal synaptic transmission in hippocampal slices of WT and CCL17KO
mice was observed indicating that the basal synaptic transmission in WT mice was
upregulated and CCL17 had no additional inhibitory effect during these inflammatory
conditions. Further studies will be required to uncover the mechanism how CCL17

attenuated the synaptic transmission during homeostatic conditions.
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Figure 42 CCL17 deficiency and synaptic transmission and plasticity. A-C) Field EPSPs evoked by
Schaffer collateral stimulation were recorded in the CAl str. radiatum of hippocampal slices from WT or
CCL17-deficient mice injected i.p. with phosphate buffered saline. A) The basal fEPSP slopes recorded in
hippocampal slices from CCL17-deficient mice were significantly increased compared to WT mice (WT, -0.54
+ 0.83 mV/ms, n = 11, CCL17KO, -0.83 + 0.13 mV/ms, n = 10, p = 0.0221, Mann-Whitney U test). B) The
paired-pulse ratio (PPR) was not affected by the CCL17 deficiency (WT, 1.34 + 0.69, n =11; CCL17KO, 1.31
+ 0.03, n = 10, p = 0.729, two-sample Student’s t-test). C) After a baseline period, synaptic plasticity was
induced by a theta-burst stimulation (TBS) that resulted in the potentiation of the fEPSP slopes. Example
fEPSP are depicted in the inset (black, baseline; green, WT after TBS; orange, CCL17KO after TBS). The
potentiation of the fEPSP slopes 30 minutes after the TBS in hippocampal slices of WT mice were not different
from CCL17KO mice (WT, 162.9 + 16.93%, n = 11; CCL17KO, 150.1 + 10.8%, n = 10; p = 0.699, Mann—
Whitney U test). D-F) When the mice were injected i.p with LPS, the (D) basal fEPSP slopes (WT, -0.71 +
0.06, n =10; CCL17KO, -0.61 + 0.07 mV/ms, n = 12; p = 0.315, Mann-Whitney U test), (E) the PPR (WT, 1.36
+ 0.06, n = 10; CCL17KO, 1.35 + 0.04, n = 12, p = 0.921, Mann—-Whitney U test) and the (F) TBS-induced
potentiation (149.76 + 12.02%, n = 10; CCL17KO, 128.31 + 8.48%, n = 12; p = 0.151, two-sample Student’s t-

test) in hippocampal slices from WT mice were not different from CCL17KO mice. Inset as in C).

164



Appendix

8.3 Characterization of a novel optical sensor for glycine

The experiments presented in this chapter were conducted in collaboration with Dr. D.
Minge and were part of a study that described a novel fluorescence sensor for glycine
(Zhang et al., 2018). Glycine is an important neurotransmitter in the CNS that can activate
inhibitory glycine receptors or act as a co-agonist on NMDARs (Betz, 1991; Johnson and
Ascher, 1987; Schell, 2004). So far, studying extracellular glycine dynamics is limited by
the experimental approaches. Electrophysiological recordings of the NMDAR activity
provided a lot of insights in the co-agonist signaling, but it remains an indirect readout that
lacks any spatial resolution and discrimination between different co-agonists. In contrast,
microdialysis approaches allow a discrimination between the different co-agonists but also
have little spatial resolution. Thus, this study aimed to develop a novel fluorescence
sensor that allows direct monitoring of the spatial and temporal glycine dynamics in brain
tissue. This sensor (GlyFS) is composed of two fluorophores attached to a glycine-binding
domain that induces a conformational change upon glycine binding. The used
fluorophores were the enhanced cyan fluorescent protein (ECFP) and Venus-fluorescent
protein (Venus), a fluorophore-pair that can undergo Forster resonance energy transfer
(FRET) (Zhang et al., 2018). FRET is a physical phenomenon in which an excited donor
fluorophore transfers its excitation energy to an adjacent acceptor fluorophore that, in turn,
emits its specific fluorescence. The efficiency of FRET is highly dependent on the distance
between donor and acceptor and, thus, can be modulated by a conformational change of
the sensor (Bajar et al., 2016). It was shown that the ratio of the fluorescence intensities
(R) of ECFP and Venus increased with increasing glycine concentrations with a Kp and a
dynamic range of ~20uM and ~20%, respectively. This feature was then used to measure
the extracellular glycine levels during resting conditions and after the stimulation of CA3/1
SC synapses with a HFS in hippocampal slices. This stimulation evoked a significant
increase of the glycine concentration as indicated by an increased fluorescence intensity
ratio (Zhang et al., 2018). Since changes of the extracellular K* and Ca?* concentration as
well as pH changes were observed previously during neuronal activity (Sinning and
Hubner, 2013), it was tested if those changes can impact on the fluorescence intensity
ratio independently of glycine.

For this purpose, GIyFS diluted in phosphate- buffered saline (PBS) or HEPES-buffer was
imaged at room temperature with an excitation wavelength of 800 nm at the FV10MP two-
photon microscope system (Olympus, Japan) using the photon-count function in order to
determine the fluorescence intensities of the two fluorophores. First, the ratio of the two
fluorophore fluorescence intensities (R) was determined in the presence of different K*

and Ca?* concentrations or pH values, respectively, but in the absence of glycine.
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Finally, glycine was added (5 mM) to saturate GlyFS and to obtain the maximal
fluorescence ratio (Rmax). The fluorescence intensity ratios (R) in the absence of glycine
were then normalized to the maximal fluorescence ratio (Rmax) in order to account for
differences of the absolute fluorescence intensities between the single experiments. In
order to test if GlyFS was affected by extracellular K*, the GlyFS ratio (R/Rmax) was
determined (in PBS, pH 7.4) in the presence of a physiological K* concentration (2.7 mM)
and a concentration that was described as the ‘ceiling K* concentration’ reached during
neuronal activity (Heinemann and Lux, 1977). However, the GlyFS ratio was not affected
by increasing the K* concentration (Figure 43A). In the next set of experiments, the Ca?
concentration was reduced from 2.0 to 1.8 mM which represents the decrease of the
extracellular Ca?* concentration that is expected during a 100-pulse HFS of SCs (Zhang et
al., 2018). For this purpose, the concentration of the in PBS-diluted GlyFS was increased
using centricons (Vivaspin 500, 10 kDa cutoff, Sartorius Stedim Biotech) in order to
resuspend the GIyFS in a HEPES buffer. The HEPES buffer contained 2mM Ca?" and 1.8
mM Mg?* (similar to the aCSF in the slice experiments, the free Ca?" and Mg?
concentrations were estimated using the WebMax Chelator?). In order to reduce the Ca?
concentration from 2.0 to 1.8 mM, Ca?*-free HEPES buffer was added to the GIyFS
containing buffer. Again, the GIyFS ratio was not affected (Figure 43B). Finally, it was
tested if GIyFS reacts to changes of the pH since neuronal stimulation can led to an
extracellular acidification with following alkalization (Sinning and Hubner, 2013). This was
for example observed for mouse motor nerve terminals (Zhang et al., 2010) and the
hippocampus. In the hippocampus, a single pulse SC stimulation evoked an initial and fast
acidification in the str. radiatum of <0.005 pH units. This was followed by longer lasting
alkalization of ~0.01 pH units (Krishtal et al., 1987). Furthermore, prolonged SC
stimulation at 2 Hz for several seconds led to an alkalization of ~0.1 pH units (Tong et al.,
2006) and a HFS with 10 pulses at 100 Hz resulted in a alkalization of roughly 0.04-0.05
ApH (Makani and Chesler, 2007). Thus, the pH-sensitivity of GlyFS was tested by
changing the pH from 7.4 to 7.2 to 7.0 (in PBS by adding HCI) but no significant ratio
change was observed (Figure 43C).

In summary, these experiments indicate that the observed GIyFS ratio increase during the
HFS of Schaffer collateral was indeed evoked by an increase of extracellular glycine

levels and not by other mechanism.

2https://somapp.ucdmc.ucdavis.edu/pharmacology/bers/maxchelator/webmaxc/webmaxcS.htm
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Figure 43 GIyFS ratio in response to different K* and Ca?" concentrations and pH changes. A)
Increasing the K* concentration by 10 mM did not significantly affect the GlyFS ratio (R/Rmax) (n = 3, p = 0.61,
paired Student’s t-test). B) Lowering the Ca?* concentration by 0.2 mM had no effect on the GIyFS ratio (n = 3,
p = 0.57, paired Student’s t-test). C) The GIyFS ratio was also not affected by pH changes from 7.4 to 7.0 (n =
4, p = 0.13, one-way repeated measures ANOVA). Analysis performed by Dr. C. Henneberger.
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