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Abstract

Chemotaxis of slow moving cells plays a crucial role in numerous physiological and patho-

physiological processes; including tumour metastasis, development, and wound healing.

Therefore, a comprehensive understanding of chemotactic behaviour, and the characte-

risation of extracellular signals and cues that prompt directed cell migration is highly

desirable. The state-of-the-art chemotaxis assays are in general designed either with re-

spect to the migration characteristics of fast moving cells (such as cells of the immune

system), or focus on an in-depth investigation of chemotactic behaviour, requiring a time-

demanding and labour-intensive analysis of individual cell trajectories. Such approach

poses a limitation for experiments challenged by an increased number of samples; e.g.,

screenings for chemoattractants, or molecules and genetic mutations with the potential

to inhibit or promote the chemotactic effect.

Therefore, the first aim of this thesis was to develop a novel chemotaxis assay suit-

able for slow moving cells (e.g., keratinocytes, cancer cells), which would enable fast and

effortless evaluation of the chemotactic response. For that purpose, advanced stimuli-

responsive materials and micro-patterning methods were applied, and a chemotaxis cham-

ber with hydrogel migration arena was established. The assay employs a gradient gene-

rator that maintains a well-defined long-term stable chemical gradient, essential for the

investigation of chemotaxis in slow moving cells. The design of the assay enables evalu-

ation of the chemotactic effect from the end-point state of the experiment. This method

substantially facilitates the analysis, providing for an increased experimental throughput.

Characterisation and quantification of the chemotactic behaviour of whole cell popu-

lations provide the fundamental information on the chemotaxis-inducing stimuli and the

relevant response, which is often cell-type specific. However, to get a complete picture of

cell behaviour during chemotaxis, further detailed investigations of single cells in condi-

tions close to their physiological environment is required. Therefore, in another part of

the thesis, the focus was set on establishment of experimental procedures for studying the

migratory behaviour of single chemotaxing cells in long-term stable gradients with advan-

ced imaging techniques, such as traction force microscopy, and light-sheet fluorescence

microscopy.

Finally, the novel tool was employed to investigate the chemotaxis of primary keratino-
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cytes, slow moving cells that play a central role in re-epithelialisation of wounds. For the

first time, the normal human epithelial keratinocytes (nHEK) were exposed to chemical

gradients of several growth factors over long time-periods. The chemotactic response to

a range of varying chemical conditions was evaluated quantitatively with the end-point

assay. From the tested substances, the epithelial growth factor (EGF) and transforming

growth factor α (TGFα) were most potent in inducing the directed migration of nHEK

cells. The identification and quantification of the parameters that prompt keratinocyte

chemotaxis made it possible to establish a model for further investigations of gradient

sensing and directed migration of epithelial cells, aiming for new therapeutic strategies

to promote wound repair.
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1 Introduction

Cell migration, the locomotion of cells through their environment, is a fundamental feature

of both prokaryotic and eukaryotic life. In higher multicellular systems, the ability to actively

migrate through the surrounding tissues is reserved to specialised cell types, and is orchestrated

and coordinated with a great balance in space and time by a multitude of extracellular signals [1–

4]. The fashion of cell locomotion varies in regard to the specific function and whereabouts of the

cells [5–7]. On their way through the body, cells move along two-dimensional structures, through

confined spaces, or invade dense three-dimensional matrices [8–11]; some cell types proceed fast

to reach an assigned destination, as do the immune cells recruited to a site of infection [12];

others move slower, such as fibroblasts steering through the connective tissue, rebuilding the

surrounding matrix [13]. Cell migration is a complex, integrated process regulated by guidance

cues of both physical, and chemical substance, presented to the cells by the constantly changing

environments that surround them [9,14].

With the development of live-cell imaging techniques, the ability to study cell migration in

detail emerged. To the present day, advanced imaging methods enable direct observation of cells

encapsulated in a 3D matrix [15], visualisation of sub-cellular structures thanks to non-invasive

labelling methods [16], or direct visualisation of cell migration in vivo [17]. Hand in hand with

the outburst of live-cell imaging, a multitude of investigative tools that enable studying cell

migration in vitro under specific parameters has been established [18]. In the recent decade,

much effort has been dedicated to the development of advanced bio-compatible materials in

the pursue of building synthetic matrices and micro-environments mimicking the physiological

environment of the cell as close as possible [19–23].

Most of the cells migrating in vivo are exposed to a dynamic chemical environment. The cells

are able to sense the changes in the concentrations of substances relevant for their function,

and react to them by changing the direction of locomotion [2, 3]. This phenomenon is known

as chemotaxis, where taxis signifies a movement responding to an external stimuli, and chemo-

specifies the nature of the signal [24]. Its central role in numerous physiological and pathophy-

siological processes makes chemotaxis of the highest research interest. In cancer, as metastatic

cells disseminate from the primary tumour, they orient towards chemical signals that navigate

them through the tissues towards blood vessels and further up to the site of a secondary tu-

mour [25]. In the process of wound healing, chemotaxis is involved on multiple cellular levels:

first, the chemical signals released on the injury site attract inflammatory cells, being followed

by fibroblasts, which secrete extracellular matrix (ECM) composites to repair the tissue, and
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endothelial cells that vascularise the newly formed matrix [26–28]. All the cells that approach

the wound secrete further molecules to recruit more cells. Finally, the cells of the upper skin

layers, the keratinocytes, are attracted to the wound to close the injury and restore the skin

integrity [29, 30]. Besides, chemotaxis also underpins crucial processes during embryogenesis,

and immune responses [31,32].

Although the long history of chemotaxis research is laced with important discoveries that

shed light on the basic mechanisms of cell movement, much remains to be revealed yet in

order to fully comprehend the process; especially its specific characteristics in various cell

types [33]. Historically, the seminal research activities focused on chemotaxis of bacteria and

fast moving eukaryotic cells, such as the amoeba Dictyostellium discoideum (one of the earliest

model organisms of cell migration), or the cells of the immune system [34, 35]. Chemotactic

response of these cells is almost immediate and the directed migration can be observed in

real-time within a relatively short time period [36]. Subsequently, also specific tools for the

investigation of chemotaxis were designed to suit the migration characteristics of the highly

motile cells. Yet, the accumulating evidence proves that there are differences between the

mechanisms employed by chemotaxing fast moving cells, and other cell types that move at

considerably lower speed [33]. Cells that are designated as slow moving, such as fibroblasts,

keratinocytes, endothelial cells, and many types of cancer cells, cover approximately one cell-

body length per hour (i.e., 50-100 µm/h); hence migrating at speed rates 10-30x slower than

the fast moving cells (leukocytes or amoebas) [12, 14, 37]. Thus, for a reliable analysis of the

chemotactic behaviour of slow moving cells, it is necessary to employ investigative tools that

generate defined gradients that remain stable over several hours [38]. Up to date, only a handful

of ready-to-use systems for observing cell migration under long-term gradient conditions are

available; all of them belonging to the category of microfluidic devices and chambers [39–41].

Typically, evaluation of the chemotactic behaviour in such assays is based on reconstructing

the complete migration trajectories of cells [39]. Such analysis provides detailed information

on cell migration [42]; however, it is a time-consuming and tedious procedure; especially, since

manual tracking is usually the method of choice for reconstructing the cells paths. In spite

of the intensive endeavour and fast advances in the field of automated cell tracking in recent

years, it has not yet reached the reliability of a human observer in recognizing one moving cell in

two subsequent frames of a time-lapse sequence [43]. Furthermore, the lengthy and challenging

analytical process complicates the application of such chemotaxis assays in high-throughput

studies, typical for biomedical and clinical research. Hence, there is a lack of investigative tools

that at the same time provide a long-time stable chemical gradient, and enable fast and simple

quantification of the chemotactic effect. As a consequence, not many specific chemoattractants

of particular slow moving cell types were identified yet, relative to the fast moving cells [38].

Yet, the substantial role the slow moving cells play in numerous physiological and pathological

processes dictates the necessity of understanding how their behaviour is regulated in tissues.

For example, chemotactic regulation of slow migrating cells can be observed on several levels
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during tumour metastasis [44, 45]. Along with chemical signals that guide the metastatic cells

on their way towards the site of the secondary tumour, the production of chemotactic factors

by cancer cells also controls the migration of endothelial cells and vascularisation of tumour

tissues [28,46]. Likewise, several types of slow moving cells are involved in the chemically trig-

gered recolonisation of injured tissues during wound healing; namely, fibroblasts, endothelial

cells, and keratinocytes [26,27,30].

This thesis deals mostly with the chemotactic behaviour of human primary keratinocytes.

As noted above, these cells play a major role in wound closure [29]. In the epithelialisation

phase of the process, keratinocytes migrate across the newly formed tissue of the wound bed

to close the gap of the injured area, and are thus responsible for restoring the integrity of the

skin barrier. A successful re-epithelialisation is an essential component of the wound healing

process; impaired epithelialisation leads to chronic wounds [47]. Therefore, comprehension

of the mechanisms that regulate keratinocyte migration could help to reveal new therapeutic

methods to promote wound healing [48].

Keratinocyte migration in wound closure

Keratinocytes (KCs) are relatively slow moving cells of the upper skin layers (epidermis), rich in

intermediate filaments of keratin that form a dense cross-linked meshwork in the cytoplasm [49].

KCs of a normal (uninjured) skin are closely interconnected with the neighbouring cells, forming

a confluent layer attached to the basal membrane. Characteristic is the baso-apical polarity of

epithelial cells. However, following a cutaneous wound, KCs undergo a dramatic morphological

change and become flat, persistently migrating cells, with a broad lamellipodium at the cell

front, and thin retraction fibres at the rear [50]. Junctions that mediated KCs connection with

the basal membrane (hemodesmosomes) and with other cells (desmosomes) are disassembled

and internalised; both the intermediate filament and microfilament networks are reorganised and

contractile stress fibres are formed across the cell body [49]. As the KCs acquire the migratory

phenotype, they invade the wounded epidermis, they proliferate, and ultimately they close the

wound gap. Multiple signals contribute to the KC activation and their navigation into the

wound [51,52]. An acute wound substantially changes the environment and signal input of the

cells, provoking many molecular events on cellular and extracellular level in both epidermis

and dermis [29]. A provisional matrix, the fibrin cloth, is formed over the wound, containing

blood platelets and adhesion proteins, foremost fibrin and fibronectin [53]. Immune cells and

fibroblasts are lured into the wound by tissue factors, chemokines and growth factors (GFs)

that are released after the injury,1 and once there, they secrete additional factors. Basal KCs

start to migrate into the wound several hours after the injury, following the immune cells and

fibroblast [27].

1For example, the platelet-derived growth factor (PDGF), secreted by the platelets and macrophages
present in the wound, is known to attract fibroblast into the injured dermis [26,54].
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The exposure to the GFs and other soluble or substrate bound agents secreted by those

cells is one of the most important triggers of KC activation. The migrating KCs themselves

leave behind tracks of ECM proteins that are used as paths by other cells [49, 55]. Besides,

the loss of tight contacts with the neighbour cells (i.e., loss of contact inhibition) also actu-

ates the KC transition from sedentary to migratory phenotypes, and the free edges at the

wound margin act as mechanical stimuli leading to KC colonisation of the bare area of the

wounded epidermis [56, 57]. Relative to fibroblast-like cells, migrating KCs still form quite

strong cell-cell contacts—engaging with other cells, and collective migration is the hallmark of

KC migration [58]. While fibroblasts migrate rather independently in vitro, without any signif-

icant reaction to an occasional collision with other cells; colliding KCs tend to “stick together”

and stall for a few minutes before proceeding in the forward migration, often in a new direction.

Figure 1.1: Scheme of the wound closure process. In the initial, inflammatory and proliferative
phases of wound healing, immune cells and fibroblasts are recruited to the site of injury. Fi-
broblasts produce components of extracellular matrix (ECM), such as collagen and fibronectin,
and fill the wound bed with a new matrix. Both cell types secrete further signal molecules that
attract other cells into the wound bed, and promote angiogenesis (i.e., the formation of new
blood vessels). During the re-epithelialisation phase, proliferation and motility of the keratino-
cytes of the basal layer at the wound margins is activated, the cells gain a migratory phenotype
and move over the wound. The arrows indicate the direction of their migration from the wound
margins towards the middle of the wound bed, where the two migrating sheets meet and close
the gap.

Role of growth factors in keratinocyte migration

The numerous growth and tissue factors produced in the injured area affect basal keratinocytes

at the wound margin, acting as mito- and/or motogens (factors inducing cell division, or cell

motility, respectively). The role of the diverse GFs in the activation of the wound KCs, their

navigation into the wound, and finally their proliferation, was thoroughly studied in the last
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decades. In 1988, Martinet et al. [59] described that KC migration is stimulated by the wound

fluid, as well as with fibroblast and smooth muscle cells conditioned media. Later, numerous

specific GFs and chemokines with chemokinetic effect on KCs were identified, as reviewed

in [30, 49, 51, 60, 61]. It is presumable that the basal keratinocytes are guided into the wound

bed not only in result of the natural cell tendency to colonise cell-free areas and by haptotaxis,

but also chemotactically.

A multitude of chemical factors that activate keratinocytes at the wound margins and stim-

ulate their migration over the wound have been identified so far [30,51]. However, the evidence

on the capacity of these factors to induce a truly directional migratory response (in contrast to

general stimulation of cell motility and speed) remains inconclusive. Furthermore, along with

chemical gradients, cell behaviour is regulated by diverse mechanical stimuli [9, 10]; which is

also the case for keratinocytes in the re-epithelialisation process [56, 57]. Understanding how

the diverse chemical and mechanical stimuli are integrated, and discerning the specific role of

particular signals in directed migration of keratinocytes could lead to the identification of novel

therapeutic targets or approaches for promoting a successful wound closure.

Therefore, the focus of this thesis was set on analysing the chemotactic behaviour of human

keratinocytes exposed to long-term gradients of diverse growth factors. For that purpose, an

end-point chemotaxis assay suitable for the investigation of slow-moving cells under multiple

parallel conditions was established. Identification of specific keratinocyte chemoattractants,

and quantification of the chemotactic effect allowed to specify the parameters that reliably

and reproducibly induce directed migration; thus providing an epithelial chemotaxis model

for further investigations on directed migration of these cells. The increased experimental

throughput of the end-point assay permitted to quantitatively analyse the chemotactic capacity

of multiple growth factors towards the cells. Besides, experimental set-ups for investigation of

cell migration in long-term stable chemical gradients with advanced imaging techniques were

established. That was namely the traction force microscopy, and the light-sheet fluorescent

microscopy, making it possible to study the motility of single cells under multiple defined

parameters in further detail. The rationale of the three sub-goals of this work is summarised

in the next chapter.
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1.1 Goals and objectives of the thesis

The goal of this thesis is the development of advanced chemotaxis assays suitable for studying

the migratory response of slow moving cells, and characterisation of the chemotactic response

of primary human keratinocytes in defined gradients of growth factors. The aims of the work

can be divided in three parts:

1. Establishment of an end-point chemotaxis assay for a fast and simple evaluation of the

chemotactic effect

2. Characterisation of the chemotactic effect of growth factors on normal human epithelial

keratinocytes (nHEKs)

3. Designing experimental tools that combine chemical gradients and advanced imaging tech-

niques for an in-depth analysis of the chemotactic behaviour

1.1.1 End-point read-out of the chemotactic effect

In order to fasten and simplify the analysis of the chemotactic behaviour of slow moving cells,

a diffusion-based gradient generator for direct-observation of cell migration will be modified

in a way that will enable evaluation of the chemotactic effect solely from the end-point of the

experiment. This can be achieved by confining the cell migration in the chemotaxis chamber

to defined areas. This will allow to monitor the changes in cell distribution over time simply

by optical observation at any time-point of the experiment. The underlying idea is that the

application of a chemical gradient triggers a chemotactic response in cells that are initially

distributed evenly over the defined area, leading to directed migration towards the increasing

chemoattractant concentration. Due to the confinement, the chemotaxing cells will accumulate

in one part of the restriction area, proximal to the chemoattractant source (Fig 1.2). Thus,

it should be then possible to identify the chemotactic effect from the change of cell distribu-

tion between the initial, and end-point state. In other words, the chemotactic effect will be

represented by the displacement of the total cell mass in the defined area.

The area of cell migration will be outlined by a spatially defined functionalisation of the

surface of the chemotaxis chamber with materials that enhance, or prevent cell adhesion, re-

spectively. For that purpose, advanced, bio-compatible materials will be employed and micro-

patterned or micro-structured in the chemotaxis chamber by UV-photolithography. The basic

principles of surface-functionalisation techniques will be explained in Chapter 2.4.

The objectives of this part of the work include analysing the possibilities of modifying the

chemotaxis chamber with diverse micro-patterning and micro-structuring methods, optimisa-

tion of a fabrication procedure yielding the cell migration restrictive areas in the chemotaxis

chamber, and the establishment of an end-point based analytical method for quantifying the

chemotactic effect. In order to validate the assay and verify the results obtained by the end-

point analysis, the chemotaxis of HT1080 fibrosarcoma cell line in gradients of fetal bovine
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Figure 1.2: Scheme of the basic idea of the end-point evaluation of chemotaxis. Cell migration
in the chemotaxis chamber is restricted to a defined adhesive area (grey). Initially, cells are
distributed evenly in the whole adhesive area (Tstart). When a gradient of a chemoattractant
is applied, cells migrate towards the chemoattractant source, which results in an accumulation
of the cell mass in one part of the adhesive pattern (Tend). The chemotactic effect can be
evaluated by comparing the cell distribution at the start and end of the experiment based on
the displacement of the centre of the cell mass.

serum (FBS) will be analysed, which is a well established model of chemotaxis of slow moving

cells [39, 62]. HT1080 are fibroblast-like mesenchymal cells that are widely used in 2D and

3D migration experiments in vitro for their ability of spontaneous locomotion on extracellular

matrix components, and for their high invasive potential in 3D matrices [63–66]. Chemotaxis

of HT1080 cells can be induced by a gradient of 0-10% FBS [39]. In contrast, the cells move

randomly in all directions when exposed to an uniform concentration of FBS. Uniformly applied

FBS (10%) stimulates the random migration of HT1080; i.e., induces chemokinesis. Therefore,

in order to verify that the end-point chemotaxis assay allows to discern the chemotactic ef-

fect from random migration and chemokinesis, HT1080 exposed to uniform, both serum-free

(0% FBS), and 10% FBS conditions, will be included in the experiments as a control.

The results of this part of the work are presented in Chapter 4.

1.1.2 Chemotaxis of keratinocytes

In the next part of this work, the previously established end-point chemotaxis assay will be

employed to identify a chemoattractant of normal human epithelial keratinocytes (nHEK), and

to quantitatively characterise their chemotactic response.

By the present day, a number of chemokines and growth factors have been reported to

stimulate KCs migration, or even induce chemotaxis [30, 49, 51]. However, the assay of choice

practically in all studies of chemically induced KC migration was the Boyden chamber assay,

or its modifications [59, 67–74]. As will be discussed in detail in Chapter 2.3.2, this type

of assay is not optimal for studying chemotaxis of slow moving cells, and it cannot discern

chemotaxis from a general increase in random locomotion. Therefore, such experiments could

reveal the chemokinetic capacity of the tested agent, but are inconclusive in regard to the
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genuine chemotactic effect and directionality of the cell response. Among the agents that were

reported to induce KC chemotaxis in these experiments were chemokines, such as interferon-

γ (IFN-γ), interleukin-1α (IL-1α), or interleukin-8 (IL-8) [67, 69, 70, 75]; GFs of the epithelial

growth factor (EGF) family [68, 71, 76], transforming growth factor β-1 (TGFβ), and platelet-

derived growth factor (PDGF) [68]; or the β-amyloid precursor protein sAPP [74].

In this study, the chemotactic capacity of five different agents in varying gradient parame-

ters will be analysed, including the epithelial growth factor (EGF), transforming growth fac-

tor α (TGFα), transforming growth factor β -1 (TGFβ), insulin, and the bovine pituitary extract

(BPE). These growth factors were chosen for being previously reported as the most potent mod-

ifiers of keratinocyte migration [69,71,75–79]. The migratory response of KCs in vitro has been

by now only examined in experiments that exposed the cells either to an uniform concentration,

or steep and unstable gradients of the chemical in question. The aim of this thesis is to inves-

tigate the long-term chemotactic response of KCs exposed to stable linear gradients of varying

steepness.

The findings on the chemotaxis of nHEK cells are described in Chapter 5.

1.1.3 Combined assays for the observation of cell migration in long-term

stable chemical gradients with advanced microscopy techniques

The end-point chemotaxis tool should enable a robust analysis of the chemotactic behaviour on

the cell population level, and provide for a rapid screening for chemotactically active extracellu-

lar substances, as well as for signalling molecules that are involved in the intracellular machinery

responsible for gradient sensing and relevant migratory response. However, a comprehensive

understanding of the chemotactic behaviour requires a subsequent detailed characterisation of

the migration on a single cell level; taking into account the multiple parameters of the micro-

environments that cells face in vivo. Therefore, the next aim of the thesis is to develop tools

and experimental set-ups that would combine long-term stable gradients with advanced mi-

croscopy techniques, in order to enable an in-depth insight in single cell migratory behaviour

under chemotactic conditions. Taken together, the end-point chemotaxis assay will make it

possible to identify and tune such parameters that reproducibly induce chemotaxis in a given

cell type. The entailed challenge is to apply these parameters with specialised tools to visualise

specific components of the directed migration, such as the traction forces applied by cells on

the substrate, or the cell-substrate and cell-cell interplay within 3D environments.
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Traction Force Microscopy

An indispensable component of cell motility are traction forces that are applied by the migrating

cells on the substrate to ensure the net displacement of cell body [80]. The cell traction forces

are applied to the substrate via focal adhesions, which mediate the inside-out interactions of

the cytoskeleton and the surrounding matrix.

The forces generated on the cell-surface interface depend on the specific cell type and the

mode of its migration (e.g., the speed, or strength of the adhesion to the substrate), as well

as on the mechanical and chemical conditions of the surrounding micro-environment [81–84].

In respect to these factors, the forces can differ in the magnitude, orientation, duration, or

spatial distribution. For example, it was observed that in anchorage-dependent cells, such as

fibroblasts or epithelial cells, the sites of the active force generation are the adhesions on the

cell leading edge [85–87]; whereas in high-speed moving cells (e.g., Dictyostelium, neutrophils,

or fish keratocytes), which are less dependent on adhesion, and their propulsion is driven by

the actomyosin contraction of the cortical cytoskeleton, the propulsive forces are localised at

the cell rear respective to the direction of the migration [80,88,89].

Typically, the traction forces have been analysed in cells moving through a chemically uniform

environment. Except from that, Jannat et al. investigated the traction forces of neutrophils

chemotaxing on stiff and soft substrates in chemoattractant gradients of varying steepness.

They found a correlation between the force magnitude and the directional motion, but only in

case of cell migration in steep gradients on stiff substrates [88]. These data indicate that the

chemically induced direction of migration could affect cell forces, and that this effect depends

on the mechanical properties of the environment.

Traction Force Microscopy (TFM) is an imaging method that enables visualisation and es-

timation of the forces applied on the interface of the cells and the substrate. In TFM, the

cells adhere to a soft, elastomeric substrate that can be deformed in respect to the traction

forces [90]. The deformations are visualised and quantified by implementing fluorescent nano-

beads within the elastomer. As the cell migrates over the substrate, the applied traction forces

lead to a displacement of the nanobeads (Fig 1.3); and knowing the mechanical properties of

the elastomer, it is possible to recover the traction forces from the bead displacement [91].

Measuring of the forces on the cell-substrate interface helps to characterise and comprehend

the migratory process.

The goal of this work is to combine a chemotaxis chamber with an elastomeric substrate

decorated with covalently bound fluorescent beads, in order to characterise the traction forces

generated by chemotaxing cells exposed to a long-term stable gradient of a chemoattractant.

The experimental set-up, and a study of forces exerted by chemotaxing and randomly migrating

keratinocytes, is presented in Chapter 6.1.
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Figure 1.3: Scheme of the Traction Force Microscopy. In TFM, cells migrate over a well charac-
terised elastic substrate (blue) with embedded fluorescent beads (in red). The traction forces
generated by the migrating cells on the soft elastomer translate in a deformation of the sub-
strate that can be quantified from the displacement of the beads by particle image velocimetry.
Subsequently, based on the known mechanical properties of the elastomeric substrate and the
measurement of the bead displacement, the traction forces can be estimated. In the scheme, the
beads displacement is represented by the black arrows; dotted lines outline the initial position
of beads in the substrate when in relaxed state.

Light-sheet microscopy

The light-sheet fluorescence microscopy (LSFM) is a non-destructive imaging technique with

a good optical sectioning capacity that enables multidimensional, high-speed visualisation of

structures deep within large specimens, such as tissue samples and whole organs, embryos, and

whole organisms [92–95]. LSFM uses a laser light-sheet to illuminate only a thin section of the

specimen at a time. Hence, relative to other fluorescent microscopy methods, the excitation-

induced phototoxic stress imposed on the cells is considerably diminished [96]. This enables

observation of spatio-temporal changes on subcellular level in living multicellular specimens over

long time periods. Therefore, LSFM could make an interesting tool for an in-depth investigation

of the migration of slow moving cells within complex 3D micro-environments.

Since the focus of this thesis lies on the development of methods for studying chemotaxis, the

challenge is to search for a suitable strategy to generate a long-term stable chemical gradient

across a LSFM sample. In the light-sheet microscope, the specimen is illuminated by the light-

sheet from sides; i.e., perpendicular from the direction of the detection objective (Fig 1.4). Such

arrangement poses a specific challenge on the sample mounting. Typically, the sample is placed

vertically in the LSFM chamber, which is filled with a water-based immersion medium (e.g.,

such set-up is employed in the commercially available LSFM system Lightsheet Z.1 from Zeiss).

The specimen is usually embedded in a cylinder of a soft transparent 3D gel (e.g., agarose) that

is extruded from a glass capillary hanging from above the chamber [92].

However, in order to sustain a chemical gradient, it will be necessary to isolate the specimen

from the immersion medium in the sample chamber. It is important that the material chosen

to enclose the sample matches the refractive index of water (1.335), so that the light path

is not disturbed as it traverses the sample container, and the imaging quality is maintained.
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Figure 1.4: Scheme of the sample placement in a light-sheet fluorescence microscope. The sam-
ple in LSFM is situated vertically in a medium-filled chamber. A thin plane of the specimen
is illuminated from sides with a laser light-sheet (direction indicated with the blue arrow), and
the excited fluorescent signal is detected by a microscope objective placed orthogonally from
the light-sheet (yellow arrow).

This requirement is met in the fluoropolymer fluorinated ethylene propylene (FEP),2 a bio-

compatible plastics with the refractive index of 1.334. Tubes of FEP were used previously in

LSFM to hold samples of zebra-fish embryos [95], or plant seedlings [98,99].

Therefore, in order to be able to observe the migratory behaviour of slow moving cells exposed

to a long-term gradient within a 3D collagen matrix, the last goal of this work is to analyse

the possibility of using a FEP tube as a container that would enable mounting such sample

in the light-sheet microscope, and to establish an experimental procedure to apply a chemical

gradient on the cells within the FEP tube.

The results of this work are presented in Chapter 6.2.

2FEP is a copolymer of tetrafluoroethylene and hexafluoropropylene, also known under the brandname
Teflon® FEP [97].
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2 Foundations

...and I must say, for my part, that no more pleasant
sight has ever yet come before my eye than these many
thousands of living creatures, seen all alive in a little
drop of water, moving among one another, each several
creature having its own proper motion.

— Anthony van Leeuwenhoek [100]

The ability of cell bodies to move through their environment fascinates scientists since

the time of Anthony van Leeuwenhoek, who already in 1674 described his microscopic ob-

servations of the minuscule objects (which he called ”animalcules”) moving in a drop of wa-

ter [100, 101]. Chemically directed migration—chemotaxis—as an object of scientific scrutiny

can be traced back to late 19th century to the investigations of bacterial behaviour by W. Pfeffer

and T. W. Engelmann,1 or the discoveries of the nobelist I. I. Mechnikov, who described che-

motaxis as the first step of the phagocytosis of a pathogen [104]. Chemotaxis is a directional

migratory response of an organism to a chemical stimuli applied in a concentration gradient.

The response can be positive; i.e., directed migration along the gradient direction, towards the

source of a chemical stimuli, the chemoattractant. Contrariwise, a bacteria escaping a phago-

cyte represents negative chemotaxis, triggered by sensing a chemorepellent. If a chemical agent

induces non-directional migration—random walk—we talk about chemokinesis [24]. Chemo-

taxis is an ubiquitous biological phenomenon, present in various types of motile cells that

employ diverse migration strategies: from the flagella-driven swimming of bacteria and sper-

matozoa [102,105], to the coordinated crawling of the amoeba Dictyostelium discoideum [106],

amoeboid-like locomotion ofa leukocyte on the pursuit of a pathogen [107], or slow, adhesion-

dependent roaming of fibroblasts or metastatic cells through the connective tissue [25].

This thesis focuses on the migration and chemotaxis of slow moving eukaryotic cells; fibrob-

last and epithelial cells in particular. The migration mechanisms of fast moving cells such as

bacteria or amoebas have already been intensively studied, basically since the light microscopy

made it accessible for observations. The outburst of modern cell and molecular biology in the

1The physiologists W. Pfeffer and T. W. Engelmann studied the bacterial response to various stimuli,
such as light, oxygen, salt, and other nutrients. Pfeffer used for the first time the term chemota-
xis to describe the tendency of bacteria to move towards (or away from) diverse substances [102].
Engelmann observed the positive chemotaxis of bacteria towards oxygen and their attraction to algae
chloroplasts, and deduced that it is the locus of oxygen production. Engelmann also utilised the aero-
tactic bacterial behaviour in experiments that revealed the action spectrum of photosynthesis [103].
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second half of the 20th century led to development of novel imaging techniques and cell cul-

ture methods that facilitated the investigation of a broader spectrum of cell types, including

cells that move at considerably slower rates. With the time, accumulating scientific data have

provided numerous proofs of the importance of chemotaxis of slow moving cells in critical phy-

siological and pathological processes, including wound healing and tumour metastasis [25, 30].

The recognition of the clinical relevance of chemotaxis in turn led to development of novel

methods and tools for studying cell migratory behaviour [39–41]. The evolution of chemotaxis

assays is summarised in Chapter 2.3. However, before addressing the chemotactic behaviour

and the means of its investigation, it is first necessary to introduce the basic machinery of cell

locomotion (Chapter 2.1). Chapter 2.2 then reviews the current understandings of how the

external chemical stimuli influence the course of a migrating cell, and what are the mechanisms

that mediate the chemotactic response. Finally, the basic principles of micro-patterning and

micro-structuring techniques are described in Chapter 2.4, as these methods were employed in

the process of development of the novel chemotaxis assay in this thesis.

2.1 Cell in motion

Indispensable for the motility of eukaryotic cells is the cytoskeleton, the micro-scaled parallel to

the human musculosceletal system. The cytoskeleton is a protein-based meshwork of filaments

and tubules that provides a structural basis of cell body, organises its intracellular contents,

and mediates cell motility [108]. It is formed by three types of filaments: thin and dynamic

microfilaments (actin filaments); thick and firm microtubules, and flexible, cell type-specific

intermediate filaments.2

2.1.1 Actin cytoskeleton drives cell migration

The cytoskeletal filaments are interconnected by numerous accessory proteins with one another

and with other cellular compartments [108]. The microfilaments, attached to the cytoplas-

mic membrane, are responsible for moving the cell surface; whereas microtubules organise the

intracellular movements, such as transport of molecules between organelles, cytokinesis, or en-

docytosis. Intermediate filaments are formed from a variety of proteins, depending on the cell

type, and their function is mostly structural. From the three interconnected systems, it is the

actin cytoskeleton that plays the central role in the processes that underlie cell migration [110].

Actin filaments (AF) localised in the cytoplasm are arranged by cross-linking proteins into

bundles and meshes that form different AF subcompartments [108,110]. A dense meshwork of

cortical actin underlays the plasma membrane. Contractile actin bundles, called arcs, and stress

fibres are strung across the cell body (Fig 2.2). Stress fibres are connected to the membrane via

2Although the three highly conserved cytoskeletal filaments are unique to eukaryotic cells, homologue
filamentous proteins were found in prokaryota; e.g., the tubulin-related protein FtsZ, or the actin
ortholog MreB [109].
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clusters of proteins—focal adhesions (FAs). FAs mediate the contact of the cytoskeleton and

the extracellular matrix (ECM) through the membrane-bound ECM receptors, integrins. FAs

have not only a structural function, but serve also as important signalling nodes, transducing

chemical as well as mechanical stimuli between the cytoskeleton and the ECM [111–113].

Actin assembly by treadmilling

Microfilaments are formed by polarised assembly of globular actin monomers (termed G-actin)

on the account of adenosine triphosphate (ATP) hydrolysis. Actin subunits have a binding

cleft for the nucleotide. Following the assembly of the filamentous actin polymer (F-actin),

the actin-bound ATP is hydrolysed, and the γ-phosphate slowly dissociates. Therefore, the

subunits in the F-actin polymer bind adenosine diphosphate (ADP), except for a few subunits

at the growing end (Fig 2.1). The actin-bound nucleotide significantly affects the assembly

rate of the monomers: although the polymerisation of both ATP-actin and ADP-actin occurs

spontaneously in vitro, the critical polymerisation concentration of ATP-actin is notably lower

than the one of ADP-actin [114]. In result, the F-actin assembly is faster on one end of the fibre

(the +, or “barbed” end), where new monomers of ATP-actin are added, and the subsequent

ATP hydrolysis leads to disassembly of the ADP-subunits on the other, “pointed” (–) end.

The filaments are in the state of dynamic instability: continuously growing at the barbed end

and depolymerizing on the pointed end, which at the end results in a net forward displace-

ment of the filament. This process—“treadmilling”—plays an important role in generating the

Figure 2.1: Actin treadmilling. Microfilaments consist of two helical strands of actin subunits.
ATP-actin (in green) assembles at the + end of the F-actin filament. The polymerisation is
followed by ATP hydrolysis; therefore, except for an “ATP cap” at the + end, F-actin is formed
of ADP-binding subunits (orange). F-actin depolymerise at the - end. The treadmilling results
in overall forward motion of the filament that drives the protrusion of cell membrane at the
leading edge.
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protrusive forces crucial for forward motion of the cell [115].

The dynamic state of actin filaments enables fast and spatially localised control over its poly-

merisation, in reaction to incoming stimuli. The assembly and remodelling of actin cytoskeleton

is extensively regulated by numerous accessory proteins, that control and alternate the kinetic

and localisation of actin polymerisation in the cell [116]. For example, profilin stimulates addi-

tion of actin monomers to the filament and promotes nucleotide exchange of ADP for ATP in

G-actin; thymosin sequesters the soluble monomers, thus preventing the polymerisation; cofilin

severs the filaments and promotes F-actin dissociation; capping proteins stabilise the filament

ends. Nucleation proteins initiate AF polymerisation: protein complex Arp2/3 is responsible for

nucleation of the new “branches” of F-actin from pre-existing filaments, and formins nucleate

new, unbranched polymers [117]. The activity and localisation of the regulation proteins, and

therefore the remodelling of the cytoskeleton in the whole cell, is coordinated and orchestrated

by small G proteins of the Rho family [2].

Rho GTPases as regulators of the actin cytoskeleton

The Rho family of small guanosine triphosphate (GTP)-binding proteins (GTPases) plays a cen-

tral role in the coordination of processes that lead to cell migration. Rho GTPases are small

proteins that work as a molecular signalling switch: when binding GTP, the protein is in an ac-

tive conformation and interacts with its downstream effector proteins, while hydrolysis of GTP

leads to deactivation, and the signalling pathway is “switched off”. The activity of the GTPases

is controlled by three groups of proteins: (1) GTPase activating proteins (GAPs) catalyse GTP

hydrolysis, and thus inactivate the GTPase signalling. (2) Guanosine nucleotide exchange fac-

tors (GEFs) activate GTPases by inducing the release of GDP (guanosine diphosphate) from

the inactive protein and binding of a new GTP. Most of the Rho GTPases are prenylated and

anchored in the cytoplasmic membrane, where they locally activate their downstream targets

and interact with the regulatory proteins. (3) Guanine nucleotide dissociation inhibitors (GDIs)

block the isoprenyl anchor, thus preventing GTPase localisation at the membrane and signal

transduction. In every cell, there are numerous GEFs, GAPs and GDIs that are recruited in

response to diverse extracellular stimuli. Upon activation of a signalling pathway downstream

of the respective surface receptor, the GTPase regulating proteins are brought to the proximity

of the membrane, where they interact with the GTPase [118,119].

Rac1, RhoA, and Cdc42 belong to the most highly conserved and best studied GTPases of the

Rho family, each of them playing a specific role in cell migration [120–122]. In general, Rac1

is associated with lamellipodia formation, Cdc42 with filopodia protrusion, and RhoA with

actomyosin contraction. Among the downstream effectors are various proteins responsible for

regulating the actomyosin cytoskeleton and other migration related processes, such as formation

of adhesion complexes [2, 118, 123]. For example, Rac1 and Cdc42 stimulate WASP/WAVE

proteins that activate the Arp2/3 nucleation factor; and RhoA activates the ROCK kinase,

which controls the phosphorylation of myosin light-chain (MLC), important for the activity of
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the motor protein myosin II and the contractility of stress fibres.

2.1.2 Cell migration over 2D surfaces

Continuous remodelling of the actin cytoskeleton, adhesion to the substrate, and force genera-

tion are the key processes that drive cell locomotion. The mechanism of cell migration can be

described as a repeating cycle of four steps (Fig 2.2): 1) polarisation of the cell body and its

protrusion on the cell front; 2) adhesion of the cell front to the substrate; 3) contraction of the

cell body and its movement forward; and finally 4) release and retraction of the rear end [1,5].

Figure 2.2: Cell migration along 2D substrate. In upper left corner, scheme of actin subcom-
partments in a sessile, non-polarised cell. Migration cycle: 1. Polarisation: polymerisation of
new barbed ends at the leading edge generates protrusive forces that pushes the membrane
forward, forming a lamellipodium. 2. The protrusion of the cell front is stabilised by adhesion
to the substrate. Traction is built up across the cell body. 3. Cell body and nucleus move
forward by contraction of stress fibres. 4. Retraction of cell rear. Integrin-based adhesions are
recycled by endocytosis, or left behind, bound to the substrate. Actin cytoskeleton is figured
in red. Arrows indicate the direction of traction and/or movement.
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1. During polarisation, the cell body forms a morphologically distinguishable cell front

(“the leading edge”) and a rear end, following changes in distribution of F-actin, membrane-

bound receptors, Rho GTPases and other signalling molecules [107]. The process can be

triggered by sensing a directional extracellular stimulus, such as a soluble, or substrate-

bound chemical gradient. However, cell polarisation can be as well completely intrinsic,

or prompted by a short local fluctuation of an otherwise uniformly present chemical agent

(chemokinesis) [124].

The polarity is sustained by Rac1 and RhoA GTPases. Active Rac1 localise at the cell

front, whereas RhoA activity is limited to the cell rear. RhoA and Rac1 maintain this

distribution by suppressing each other’s activity [125, 126]. Rac1 at the cell front stimu-

lates membrane ruffling and formation of protrusions: planar lamellipodia, or elongated,

cylindric filopodia. The protrusions are rich in actin filaments that are in filopodia or-

ganised in thick parallel bundles. In lamellipodia, new actin filaments are nucleated in

45° angle on the pre-existing ones, thus building up a planar web of barbed ends. Crucial

molecule responsible for the nucleation of novel actin fibres in the lamellipodia is the

Arp2/3 complex, activated by Rac1 and Cdc42 signalling [120,121]. Actin polymerisation

in the polarised cell is localised at the leading edge, with the barbed ends of the filaments

facing the membrane [127]. The nucleation and outgrowth of new filaments generate the

propulsive forces needed for the forward motion of the cell [80, 116].

2. The protruding membrane adheres to the surface. Binding of the integrin receptors to

the substrate ligands stimulates formation of early focal contacts and activation of Rho

dependent signalling pathways [122, 128]. The adhesions convert the protrusion into for-

ward cell movement. As the cell body slides over them, the adhesions subsequently travel

backwards (in relation to the cell centre), towards the cell rear, and grow into mature

focal adhesions.

3. As the cell front protrudes and adheres to the substrate, a gradient of binding and traction

forces is formed across the cell [129]. In result, the cell body and the nucleus are pulled

forward. The increasing traction forces are mediated along the cell through the actin stress

fibres. The FAs stay in contact with the substrate the whole time. An important role in

establishing an effective traction plays the actin-related motor protein, myosin II. Bundles

of myosin interact with the actin filaments and—in the same manner as during a muscle

contraction—cause contraction and shortening of stress fibres [130]. The actomyosin

contraction is controlled by the Rho-ROCK signalling pathway [131,132].

4. Finally, the cell contraction leads to disassembly of the mature FAs, de-adhesion of the

cell rear from the substrate, and retraction of the cell tail. The integrins are either ripped

out of the membrane, remaining on the substrate; or dissociate from their ligands, are

internalised by endocytosis, and trafficked through the cytoplasm back to the cell front

to be recycled.
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The model described here is based on in vitro migration of fibroblasts; i.e., strongly adherent

cells, across a 2D substrate. In vivo, cells migrate in a complex 3D environment, and the

migratory strategy of each cell type varies according to its function and localisation in the body.

It is evident that the locomotion in 2D is dependent on cell adhesion—or more specifically, on

the balance between the adhesion and subsequent detachment from the substrate. The strength

of the adhesion determines the rate of migration—too strong attachment can slow down the

cell, or anchor it on the spot [133]. Contrariwise, some chemokines activate cell motility by

means of weakening the adhesions [134, 135]. In general, fibroblast-like cells move at the rate

of tens µm per hour; while cells with weaker adhesions, such as amoebas or leukocytes, migrate

10x–60x faster, advancing at several µm/min [80]. The next chapter will show that in the 3D

matrix, some cells adopt a migration strategy that is independent on focal adhesions. Still, the

basic principles demonstrated in the model are valid in both 2D and 3D in a wide spectrum of

cell types.

2.1.3 Cell migration in 3D environment

In vivo, migrating cells encounter a 3D environment that differs in many aspects from the 2D

conditions in vitro [129]. The extracellular matrix is formed by the basal membrane and a gel-

like interstitial matrix composed of cell-secreted fibrous proteins; e.g., collagen and fibronectin,

glykoproteins and proteoglycans [136]. The exact composition and structure of the ECM de-

pends on the type and function of the connective tissue, and its cell constitution. Numerous

signalling and adhesive molecules are present, soluble or bound to the ECM—provided to the

cell in much higher density and variety than in 2D. ECM surrounds the cell with a complex

landscape of biochemical and biophysical signals that affect not only its migratory behaviour,

but also its growth, differentiation and survival [9, 137]. The meshwork of collagen fibres rep-

resents a substrate orders of magnitude softer than the plastic surface of a culture dish, which

has impact on the cellular forces and cell morphology [82, 138]. Unlike in 2D, the cells in 3D

have to deal with the matrix rigidity in order to overcome mechanical barriers as they move

through the tissue,3 and they choose different strategies how to do so.

Mesenchymal and amoeboid mode of migration

The migration strategies employed by cells in 3D alter in the dependency on integrin-mediated

adhesions and proteolytic ECM degradation [6]. The slow moving, mesenchymal-like cells

overcome the spatial barriers of the 3D environment by rebuilding the surrounding matrix and

tunnelling its way through; whereas the fast moving, amoeboid-like cells dynamically adapt

their morphology and squeeze through the pores in the ECM.

3Cells migrating on a 2D substrate have to face the viscous drag of the liquid medium; however the
forces needed to overcome the viscous resistance are negligible [101,139].
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1. Integrin-dependent, mesenchymal migration:

Fibroblasts, endothelial cells, and many types of cancer cells utilise membrane-bound and

secreted matrix metalloproteinases (MMPs) to cleave the ECM proteins. Mesenchymal-

like migration is dependent on integrin-mediated interaction with the ECM. The cells

move along the ECM fibres in a manner corresponding to the mechanism of 2D migration

described sooner, with the addition of a step reflecting the matrix degradation at the

leading edge that follows cell protrusion and adhesion [13, 140]. Mesenchymal cells are

large, with a prolonged and spindle-shaped morphology that is given by the traction forces

of the adhesions at the cell front and rear. The interaction with the ECM and activation

of integrin signalling is necessary for generating the traction forces, and stimulates the

expression of MMPs. By digesting and remodelling the ECM, the cells create passages

through which they move forward [6]. Integrin-dependent migration is relatively slow,

with the rate of approximately one cell length (ca. 50 µm) per hour. The direction of

cell migration can be biased by the orientation of the collagen fibres due to the contact

guidance—i.e., cell tendency to migrate along mechanical structures [141, 142].4 The

distribution of the adhesion sites in the ECM determines the course of the migration

(cells can only walk along existing fibres); therefore, the locomotion is less persistent and

more diffusive than the migration of amoeboid cells [144].

2. Integrin-independent, amoeboid migration:

Leukocytes and other amoeboid-like cells move through the tissues in a focal adhesion-

independent manner. Instead of degradation of the surrounding matrix, they push the

ECM and squeeze through the pores between the collagen fibres. In this way, they can

move fast (at the speed of tens of µm/min) directly towards their destination. However,

the movement is limited by the density of the ECM—the meshwork pores have to be

large enough to allow the nucleus to pass through [15]. In comparison to mesenchymal

cells, amoeboid cells are small and rounded. Their locomotion is based on cyclic exten-

sion of pseudopods and retraction, driven by cytoplasmic streaming and constriction of

the actomyosin cortex, controlled by the Rho-ROCK signalling pathway [123, 140, 144].

Interestingly, invasive metastatic cells can gain the ability to switch from mesenchymal to

amoeboid mode of migration if the MMP-mediated ECM degradation is impaired [63].

As the cells move through tissues, they are exposed to a variety of promigratory signals of

biochemical or physical character. Such cues are often applied in a gradual manner, affecting

the direction of cell migration. The next chapter will address the question of how the cells

“sense” the gradient and what mechanisms underlie the directional response.

4Contact guidance affect cell migration in 2D as well; e.g., cells tend to migrate along the edge of
a coverslip, or other topographical irregularities of the surface [143].
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2.2 Chemotaxis: navigating cells through a chemically

heterogeneous environment

A variety of external signals can stimulate cell motility and impose a preferred direction on

the course of migration. Cells are able to respond to physical cues, including light (phototaxis),

or electric and magnetic fields (galvanotaxis, magnetotaxis); mechanical properties of the en-

vironment, such as surface stiffness (durotaxis), or chemicals—either bound to the substrate

(haptotaxis), or soluble (chemotaxis). A directional migratory response to an asymmetrically

applied stimuli—taxis—is distinguished from a non-directional increase in motility, usually

termed kinesis. As a cell moves through the tissues, it is steered by signal molecules, such as

chemokines and growth factors that attract the cell to the site of its physiological function. It is

likely that the cells migrating in vivo are simultaneously exposed to multiple types of cues that

they have to evaluate in order to effectively reach their assigned destination (e.g., mesenchymal

cells closely interacting with the ECM are subject not only to chemotaxis, but also haptotaxis

and durotaxis) [33].

The process of chemotaxis comprises of three procedures: motility, polarity, and gradient

sensing [145]. Cell motility is based on the continuous extension of protrusions driven by actin

polymerisation, as described in Chapter 2.1. Gradient sensing biases the migration in one

favoured direction which is sustained by the polarisation of the cell body. It was mentioned

above that the cell polarisation can appear in reaction to, or independently from a directional

external signal; and that it is maintained by a differential activity of signalling proteins and

actomyosin cytoskeleton at the front and the rear of the cell. The molecular machinery at both

ends of the chemotaxis process—i.e., receptor-mediated detection of the external signal, and

local actin polymerisation leading to protrusion formation—is well understood, but the exact

mechanism of the initial interpretation of the external gradient into the directional response is

still a subject of discussions [146–148].

2.2.1 Molecular basis of the directional response

Gradient sensing in eukaryotic cells is spatial—the cell reacts to the relative difference in the

chemoattractant concentration across its body.5 The decreasing receptor occupancy from the

prospective cell front to the rear is translated in an asymmetric distribution of intracellular sig-

nalling proteins [150]. In amoebas and leukocytes, the internal gradient of signalling molecules

can be amplified relative to the external gradient, which enables the cells to react to shallow

chemoattractant gradients [151, 152]. The signalling-centred approach dominating the field in

5In contrast, bacterial cells, considerably smaller than eukaryotic cells and relatively fast swimming,
can only detect the changes in chemoattractant concentration over time, as they move up or down
the gradient. Bacteria move by alternating series of persistent runs (a period of direct motion along
an almost straight track) and erratic tumbles (a period of fast turns and changes of the course).
Chemoattractants bias the otherwise random migration by prolonging the runs in the gradient di-
rection [102,104,149].
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the last decades expects the existence of an inner chemotaxis compass—a signal molecule that

“recognises” the “correct” direction, and intrinsically steers the cell up (or down) the gradient

by locally affecting actin polymerisation and prompting the outgrowth of new protrusions in

the desired direction [153,154].

The molecular basis of chemotaxis was most thoroughly studied in Dictyostelium and leuko-

cytes; i.e., in fast moving cells. Although the cues that direct the motility of different cell types

are unlike, and are recognised by distinct type of surface receptors, the chemotactic events

trigger the same, conserved core signalling pathways [33,148,152]. The selective activity of the

antagonistic GTPases RhoA and Rac1 at the opposing poles of the cell was already described

(Chapter 2.1.1). The same polar distribution of effectors (or their activity) was observed in

other pathways as well; notably, the signalling pathway of phosphatidylinositol-3,4,5-phosphate

(PIP3) is considered to be the main mediator of gradient sensing [106,155].

Phosphoinositide pathway as the chemotaxis compass

As a guidance mechanism conserved in Dictyostelium, neutrophils, and fibroblasts, the PIP3

signalling cascade was assigned the role of an universal chemotactic compass [150, 155]. The

activation of chemoattractant receptors in all three model systems leads to the relocation of

phosphoinositide 3-kinase (PI3K) towards the cell area facing the highest chemoattractant con-

centration. Here—at the prospective cell front—the PI3K produces the second messenger lipid,

the PIP3. PIP3 then recruits to the membrane a wide range of signalling proteins that contain

PIP3-binding domains, such as the pleckstrin-homology (PH) domain; including regulators of

Rho GTPases [151]. Thus, the local accumulation of PIP3 results in a local induction of actin

polymerisation and formation of a new protrusion at the newly established leading edge. The

extension of protrusions in other directions is prevented by the accumulation of antagonistic

signals at the cell rear and sides. In Dictyostelium, the PIP3-regulating phosphatase PTEN

translocates to the cell rear, actively restricting the PIP3 to the cell front [156]. In neutrophils,

a positive feedback loop involving Rac1 GTPase induce a massive PI3K activation on the cell

front [150], and the Rac1 activity is spatially controlled by RhoA activity at the cell rear and

sides [126] (Fig 2.3).

2.2.2 Gradient sensing in slow moving cells

In contrast to the amoeboid chemotaxis, the chemically induced directed migration of slow

moving cells is still poorly understood [33, 38]. Although the polar distribution of PI3K and

PIP3 has been observed in chemotaxing fibroblasts as well [157, 158], the dynamics and the

upstream signal transduction differ in many aspects from the signalling events described in

amoebas and leukocytes. These differences reflect the specific functions and migration charac-

teristics of the respective cell types, discussed in the previous chapter (2.1.3). In fast moving

cells, the asymmetric lipid distribution is established within several seconds, whereas in fi-
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Figure 2.3: Scheme of the asymmetric activity and localisation of signal molecules in a cell sens-
ing a gradient. Gradient sensing leads to relocation of signalling molecules in the cell—PI3K,
PIP3, and active Rac1 (in green) accumulate at the cell front and induce actin polymerisation
and the extension of a new protrusion. Rac1 also promotes the PI3K activity and a further
production of PIP3. Activity of antagonistic PTEN and RhoA (in red) is localised at the cell
rear where RhoA stimulates the activity of myosin II and the actomyosin contractility.

broblasts it takes 5-10 minutes before a steady state is reached [155]. Also, the range of the

external chemoattractant gradient is not amplified internally in slow moving cells. Compared

to amoebas and leukocytes, the polarisation of fibroblasts is weaker, and the cells often form

multiple competing protrusions [159]. In result, the migration tracks of mesenchymal cells are

more diffusive than the persistent trajectories of amoeboid cells, which tend to proceed almost

directly towards the chemoattractant [33, 37]. Besides, another phenomenon typical for amoe-

boid chemotaxis is lacking in fibroblast: the ability to adapt to a constant external signal. The

adaptation enables fast moving cell to perceive the relative steepness of the gradient along the

cell body (i.e., the percentage difference in the chemoattractant concentration at the cell front

and rear), and thus react to a wide range of absolute chemoattractant concentration [160]. In

contrast, slow moving cells are not sensitive to very shallow gradients, and their chemotactic

response is more dependent on the midpoint chemoattractant concentration (i.e., the average

concentration between the front and rear of the cell) [158].

The divergence in the dynamics of the same central signalling module (PIP3) in fast and slow

moving cells is a result of a distinct processing of the signal upstream of PI3K [33, 155]. The

chemoattractants of Dictyostelium (cAMP) and leukocytes (chemokines released from the in-

flammation sites, and bacterial N-formyl peptides) activate the G-protein coupled receptors

(GPCR); whereas the molecules with a chemoattractant activity towards mesenchymal cells

are typically growth factors (e.g., the platelet-derived growth factor (PDGF) attracts fibrob-
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last into wounded tissues) that are recognised by the receptors of the receptor tyrosine kinase

(RTK) class. GPCR signal transduction is fast, mediated by the dissociation of the intracellular

receptor subunits Gα and Gβ/γ , which directly interact with the downstream targets. Typical

for GPCR signalling is desensitisation and rapid attenuation of the response when continuously

exposed to the signal (i.e., adaptation). RTK-mediated signal transmission is based on phos-

phorylation of many intracellular substrates, translocation of proteins to the membrane, and

formation of signalling protein clusters. Usually, it takes several steps to activate the down-

stream effector [161]. Besides, the downregulation of RTKs, being dependent on endocytosis

and ubiquitin-proteasome pathways, is relatively slow [162].

2.2.3 Problems with the compass: an alternative view on chemotaxis

The thorough research of directed migration in amoeboid cells uncovered numerous players

involved in the chemotaxis-related signalling [148]. The identification of multiple redundant

signalling pathways and complex negative and positive feedback loops that participate in the

process complicated the initially simple and elegant concept of the universal internal chemotaxis

compass. Besides, some experiments of the last decade directly challenged the PIP3 compass

model, showing that neither PI3K, nor Rho GTPases, and not even the Arp2/3 complex are

essential for cells to effectively sense and react to the gradient, even though the motility is

defective in absence of these molecules [163–165]. Other data also show that the temporal

course of the intracellular signalling events contradicts the expected model. It was measured

in mesenchymal cells that the asymmetric localisation of PI3K and Rac1 activity is established

after, not before the formation of the leading edge; thus rather stabilizing than initiating the

protrusion [126,166,167]. The signalling module responsible for the initial interpretation of the

receptor-mediated gradient sensing remains elusive.

Pseudopod-centred chemotaxis model

Since the experimental data do not completely support the signalling-centred model of che-

motaxis driven by an internal compass, alternative concepts of chemotactic behaviour were

proposed [35, 168]. For example, the pseudopod-centred6 model offers an alternative, more

probabilistic conceptual approach to chemotaxis, suggesting that the directional response is

a result of a gradient-introduced bias of the otherwise random outgrowth of cell protrusions

(pseudopods). The chemotactic-compass model expects an internally prompted repolarisation

of the cell, followed by the formation of a new protrusion in the direction of the chemoattractant

signal. The chemotactic-bias model again proposes that the protrusions are formed sponta-

neously all around the cell surface, and the external gradient leads to stabilisation and favoured

outgrowth of the pseudopods pointing towards the chemoattractant [147, 168, 169]. Thus, the

6Pseudopod is a general term for a membrane protrusion; i.e., lamellipodia and filopodia. However, it
is usually used in relation to amoeboid cells.
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Figure 2.4: A. Chemotaxis compass model. Sensing of a chemotactic stimuli leads to repolari-
sation of the migrating cell, and to an internally induced formation of a new protrusion in the
gradient direction. B. Pseudopod-centred model of chemotaxis. Chemoattractant gradient bias
the migration course by differential stabilisation of the randomly formed protrusions. Growth
of protrusions heading toward the increasing chemoattractant concentration results in gradual
turn of the cell. Figure adapted from [147] by permission from Springer Nature.

reaction of the cell to a sudden change in the gradient direction is not immediate; instead,

the cell would change its course gradually in small turns, until finally persisting the migration

in the “correct” direction (Fig 2.4). Such behaviour was indeed observed in amoeboid cells

in reaction to shallow gradients [170], while an immediate cell reorientation in accord to the

compass model is more typical in very steep gradients [171].

Directed migration is a complex process involving multiple well-coordinated cellular proce-

dures. Several decades of intensive research helped to shed light on the central mechanisms

of cell motility, and elucidated the role of many signalling molecules involved in the chemo-

taxis machinery. However, side by side with the increasing understanding of the chemotactic

behaviour, new questions and problems arise that remain to be investigated and answered.

For that purpose, advanced experimental methods are applied, and novel tools and assays for

studying chemotaxis are continuously being developed.
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2.3 The evolution of chemotaxis assays

The increasing understanding of chemotaxis and the recognition of its importance in vital

biological processes fuel the evolution of in vitro chemotaxis assays. Specific experimental re-

quirements that arise along with the research, such as better optical accessibility, increased

stability of the gradient, improved controllability of the assay parameters, or a closer approx-

imation to the physiological conditions constantly generate the need for development of novel

investigation tools and assays.

2.3.1 Gradient generation in chemotaxis assays

Formation of a chemical gradient is in most of the chemotaxis assays based on diffusion be-

tween two reservoirs filled with chemoattractant solutions—the “source” reservoir containing

the maximal chemoattractant concentration, and the “sink” reservoir filled with a solution of

a lower concentration, or with a chemoattractant-free solvent (Fig 2.5).

In an idealised case of infinitely large reservoirs (i.e., never-depleted source, and a perfectly

absorbing sink), a lasting stable gradient would be established after a transient period of gra-

dient formation [172]. The time necessary for the gradient formation is determined by the

diffusion coefficient of the molecule, and the length of the gradient area. In general, the dif-

fusion coefficient correlates with the size, shape and molecular weight of the molecule [173];

therefore, it will take longer for a gradient of larger molecules to reach the stable state. How-

ever, in practice the volumes of the source and the sink are finite; thus, the concentrations in

the reservoirs equilibrate with time. As the difference in concentrations between the reservoirs

decreases, the gradient starts to decay. The duration of the period of the gradient stability and

constant shape is determined by the volume of the reservoirs, as well as by the proportions of

the gradient area [172].

The source and sink are arranged in various ways in the different assays, and the specific geom-

etry and proportions of the chemotaxis chambers define the stability and shape of the gradient.

In one of the simplest experimental set-ups, the source is represented by a pipette containing

chemoattractant solution, submerged in the medium of a cell culture vessel (sink) [174]. On the

other spectrum of chemotaxis assays are elaborate microfluidic devices developed in the last

decade, with miniaturised chamber dimensions, and gradients formed by diffusion between two

continuous flow streams that substitute for the source an sink reservoirs.
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Figure 2.5: Evolution of a diffusion-based gradient. A stable linear gradient is formed in the
region between a reservoir filled with a chemoattractant solution (source, pink), and a reservoir
filled with a chemoattractant-free solvent (sink, blue). Gradient evolution: an initial period
when the gradient is formed between the reservoirs (t0) is followed by a period of a relative
stability (t1), until the source becomes depleted and the concentration of the solute in the sink
raises, and the gradient decays (t2). The red curves represent the concentration profile of the
chemoattractant in the gradient region.

2.3.2 Standard chemotaxis assays

Some of the most widely used migration assays originate in the 1960’s - 1970’s; e.g., the Boyden

chamber [175], the micropipette assay [174], or the under-agarose assay [176]. The initial

chemotaxis assays generated gradients in static conditions, i.e., without flow stream; and in most

cases provided only poorly controllable and unreproducible, short-lived gradients. Therefore,

such assays are mostly used for investigation of migratory response of fast moving cells, such

as protozoa, Dictyostelium, or leukocytes.

Micropipette assay

A micropipette releasing a guidance cue into a free medium in a culture vessel represents

a simple point-source gradient generator (Fig 2.6). The micropipette chemotaxis assay enables

rapid application of chemicals and direct observation of the single-cell response. In the early

experimental designs, the gradient formation relied on simple diffusion of the chemoattractant

from the pipette tip [174]. Later, more elaborate modifications evolved in more precise, thin

micropipettes mounted on micro-manipulators, equipped with pneumatically driven release of

chemoattractant; so that the stimulus could be delivered in a small volume at a defined distance

from the observed cell [151,177,178]. However, the diffusion of the chemoattractant into the free
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medium is during the course of the experiment being disturbed by the convective currents in the

medium vessel and it is difficult to accurately determine the parameters of the gradient [177].

Therefore, the gradients are only short-lived, poorly controllable, and not reproducible. Another

disadvantage of the assay is its low-throughput, since only the cells in the vicinity of the tip of

the pipette are exposed to the gradient. The assay is best suited for an in-depth investigation

of the single-cell migratory behaviour of fast moving cells, typically bacteria or amoebas, which

react promptly to sudden changes in stimulus direction [151,174].

Figure 2.6: Scheme of micropipette chemotaxis assay. Chemoattractant dissolves from a mi-
cropipette tip submerged in the medium in a culture dish. Black arrows indicate the direction
of the migration of the chemotaxing cells.

Hydrogel-based assays

Another group of chemotactic assays is based on the diffusion of a chemoattractant through

biocompatible hydrogels, mostly agarose, but also collagen, or fibrin [172,176,179–182]. Origi-

nally, the cells in the under-agarose assay were seeded in one of two wells cut out of an agarose

layer in a culture dish. The other well was filled with chemoattractant solution, and as the

substance started diffusing through the gel, cells became exposed to the evolving gradient and

started to migrate over the surface of the culture dish, under the agarose [176]. The migra-

tion and the chemotactic response could be directly observed. In later modifications of the

assay, the cells could be mixed directly into the gel matrix (using collagen or other matrices

that enable cell migration), and the chemoattractant is applied in a more defined manner; e.g.,

by printing of small volume drops of varying chemoattractant concentration on the top of the

gel [172, 180, 183]. The preparation and evaluation of the assay is usually very simple; the cell

displacement from the seeding well toward the chemoattractant can be evaluated even by naked

eye.

In contrast to the micropipette assay, the hydrogel assays are mostly suited for observation

of collective cell behaviour, since the 3D system complicates detailed cell visualisation and cell

tracking. The main advantage of the assay is the possibility to expose the cells to combinatorial

gradients of multiple factors at once (i.e., by introduction of multiple source wells), which is
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closely relevant to the in vivo conditions. However, the diffusion in the gel and the nature

of the gradients is defined by the gel micro-architecture, thus the reproducibility of the assay

is poor. Besides, the gradients is unstable and not controllable. Another disadvantage is the

low-throughput of the experiment.

Figure 2.7: Scheme of the under-agarose chemotaxis assay. Two wells are cut in a layer of
agarose in a culture dish. The cells are seeded in one well, and the other is filled with the
chemoattractant solution. As the chemoattractant diffuses into the gel, cells sense the gradient
and migrate along the 2D dish surface towards the stimulus (direction of the chemotactic
response is indicated by the arrow). The cell migration can be directly observed with an
inverted microscope.

Boyden chamber assay

In contrast to the previously described methods, experiments in the Boyden chamber assay

can be easily paralellised; and the assay became widely adopted by the research community for

its ease of use and fast and simple evaluation. Together with the related transwell assay, the

Boyden chamber remains until present days one of the most used migration assays and is often

used for investigation of chemotaxis. The Boyden chamber was designed as a population-based

migration assay in 1962 [175]. Its design is based on a two well system—the lower well is filled

with a chemoattractant solution and the upper well, whose bottom is formed by a permeable

membrane, contains the cell suspension (Fig 2.8). The diameter of the pores of the membrane is

in scale of several µm (typically 3-12 µm, depending on the cell type under study), i.e., smaller

than the cell bodies; thus, in order to cross from one well to another, the cells have to actively

squeeze through the pores. As the chemoattractant diffuses through the membrane, a short-

term gradient is formed, and the cells migrate through the pores into the lower well. At the

end-point of the experiment, the cells that migrated through the membrane are fixed, stained

and counted [175]. However, the gradient formed between the wells is steep and undefined, and

varies over time and space. Besides, the cell behaviour cannot be optically controlled during

the course of the experiment; therefore, the mechanisms of cell migration cannot be further

characterised. Comparative studies showed that relative to direct-viewing migration assays,
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the sensitivity and precision of the Boyden chamber assay is limited [42]. Furthermore, it is not

possible to discern, whether the increased migration through the membrane resulted from an

overall stimulation of the cell motility; i.e., chemokinesis, or from the actual directed migration

towards the chemical agent. Several modifications were presented to optimise the system for

chemotaxis studies; e.g., the “checkerboard assay”, that relies on comparison of the cell response

to a gradient and to an uniform concentration of the chemokinetic agent [36]. However, such

approach is also not completely reliable [184]. The Boyden chamber/transwell assay is a helpful

tool to evaluate the migratory response of cells in multiple parallel chemical conditions; however,

the observed effect cannot be correlated with the gradient characteristics [182]. Moreover, the

steep and short-lived gradients make the assay unsuitable for studying chemotaxis of slow

moving cells [33, 38,39].

Figure 2.8: Scheme of Boyden chamber/transwell assay. The cells in the Boyden cham-
ber/transwell are placed on a porous membrane between two wells. To cross the membrane,
cells have to actively migrate through the pores. The lower well is filled with the chemoattrac-
tant solution and a short-term gradient is formed at the membrane. In response to sensing the
chemoattractant, cells migrate to the lower reservoir.

Bridge assays

The necessity of an in-depth characterisation of the chemotactic response on cellular and sub-

cellular level led to the development of chemotaxis assays that enable direct observation and

real-time tracking of cell migration and at the same time provide a well-defined, controllable

chemical gradient. First of such assays was the Zigmond chemotaxis chamber [40]. The assay

consists of a glass slide, in which two parallel channels are etched, representing the source and

sink reservoirs. The channels are filled with chemoattractant solutions of different concentra-

tions, and overlaid with a coverslip, on which the studied cells are seeded. The glass slide and

the coverslip are assembled so that a 3-10 µm high and 1 mm wide gap is formed between

the coverslip and the ridge that separates the reservoirs (Fig 2.9). The cells migrating in this

“bridge” area are exposed to a linear and relatively stable gradient that is formed between the

reservoirs, as described in Chapter 2.3.1. The cell behaviour can be visualised in real time

and the chemotactic response is evaluated based on the analysis of cell trajectories [40]. The

gradient generated over the bridge is predictable and well-defined. However, the assay was
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developed for leukocytes, and the short life span of the gradient (approximately 1 h) limits the

use to fast moving cells.

The stability of the gradient in the Zigmond chamber suffers from high evaporation in the

system [182]. This problem is addressed by the Dunn assay [185] that also exploits the bridge

design to generate the gradient, but the reservoirs are arranged as two concentric circular wells

(Fig 2.9B). Therefore, the cell-bearing coverslip that overlays the chamber completely seals the

reservoirs, thus reducing the evaporation and improving the stability of the gradient. Yet, the

stable state of the gradient is maintained only over several hours. Also, the radically symmetric

design complicates the evaluation of the experiment, since the cells need to be tracked using

the polar instead of cartesian coordinates [182].

Figure 2.9: Scheme of bridge assays. In the Zigmond chamber (A), and its derivatives, the
Dunn chamber (B), and the Insall chamber (C), cells seeded on a glass coverslip are exposed to
a linear gradient that is formed across a “bridge” that connects two wells filled with differential
concentrations of the chemoattractant. The arrow indicates the direction of chemotaxing cells.

Yet another modification of the Zigmond and Dunn chambers is the Insall chamber, intro-

ducing further improvements, mainly by maintaining the gradient stable for longer time periods

(up to 24 hours) [186]. Besides, two parallel gradients of different steepness are generated in one

chamber, and the imaging quality is improved by optimising the design so that a normal thin

coverslips can be used to overlay the chamber. In the Zigmond and Dunn assay, thicker glass

coverslips have to be employed in order to prevent its bending in the bridge area. Nevertheless,

a common disadvantage of these assays is the low throughput, resulting from the rather labour-

intensive experimental procedure and the challenging handling with the chambers. Another

chemotaxis assay based on the “bridge” design is the commercially available, disposable µ-Slide

Chemotaxis (ibidi, Gräfelfing, Germany), which will be described in detail in the Chapter 2.3.4.

2.3.3 Microfluidics-based assays

A novel and fast evolving chapter in the field of chemotaxis research represent the micro-

fluidic gradient generators. The development of advanced biocompatible materials, micro-
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fabrication techniques, and microfluidic technologies in the last decades enabled an expansion

of microfluidic-based migration assays with elaborate designs that can closely mimic complex

in vivo environments and provide problem-specific experimental platforms [187]. Microfluidics

operates with low-volume chambers on the scale of micro- and nanoliters. Miniaturisation of

the experiments has many advantages; for example, smaller amount of cells and chemical agents

are needed, which leads to cost optimisation and facilitates examination of cells that are diffi-

cult to isolate, or cells of patient samples [188]. The invention of micro-fabrication techniques

such as soft-litography enabled uncomplicated fabrication of chambers and precisely defined

micro-environments of various geometries by molding a biocompatible silicone-based elastomer,

the polydimethylsiloxane (PDMS), against a master wafer [189,190].

In relation to chemotaxis research, microfluidic devices can generate well-defined, combi-

natorial gradients that can be precisely controlled in time and space. Methods of gradient

generation and microfluidic chemotaxis assays were summarised in several review articles in

the recent years [182, 187, 188, 190–194]. Typically, the gradient in microfluidic platforms is

formed by diffusion between two flow streams of chemoattractant solutions of differential con-

centrations. The streams and cells can flow side-by-side in one channel, or be directed in

channels separated by a hydrogel [195,196], or by an array of perpendicularly arranged micro-

channels, through which the cells migrate towards the chemoattractant (ladder-shaped devices;

Fig 2.10) [197–202]. Characteristic for fluids at the micrometer scale is laminar flow (given

the low Reynolds number). Therefore, the streams in the flow-based gradient generators flow

side-by-side without turbulent mixing; the gradient forming between them relies on diffusion

of the attractant molecules [191]. The diffusive mixing is (as compared to the macro scale)

fast [172] and the resulting gradient is well defined [187]. The absence of stochastic mixing and

the well-predictable diffusion kinetic in microfluidics allows a precise control and fine tuning of

the gradient profile in the chemotaxis devices [187,190].

Figure 2.10: Scheme of a possible design of a microfluidic chemotaxis assay. The gradient is
formed across microchannels that connect two flow streams with different concentration of
chemoattractant. Cells migrate through the microchannels in the gradient area.

However, the presence of flow imposes a considerable shear stress on the cells that also

affects their migration paths [203]. Studying cell chemotaxis under constant laminar flow is

physiologically relevant only in the case of leukocyte transmigration from blood vessels [188].
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Besides, specialised equipment such as a pump system and tubing is required to maintain the

flow, and the application of microfluidic devices can be challenging for non-specialist users [187].

A less numerous group of microfluidic chemotaxis assays is based on designs independent of

flow, generating the gradient in a stationary medium, in a similar principle to the standard

assays described in Chapter 2.3.2 [39, 204–207]. Except for several microfluidic devices that

were specifically designed for high-throughput studies [205, 207–209], most of the microfluidic

platforms are oriented on an in-depth analysis of single-cell response. Furthermore, the set-up

of the assays and manipulation with the microfluidic devices is in most cases rather difficult,

yielding only low experimental throughput.

Another reason that prevents the general adoption of microfluidics in chemotaxis research

is a lack of versatile, ready-to-use tools. As mentioned above, most of the microfluidic devices

are designed in respect to a study-specific problem, and suited for the peculiar cell type under

study. The variable conditions under which the cell migration is examined in the different

microfluidic assays make it difficult to compare the results between individual studies. The

several commercially available microfluidic-based chemotaxis assays are typically tailored for

a specific biomedical application addressing fast moving cells [207, 210]. Exceptions from the

rule are the flow-based CellDirector by Gradientech (Uppsala, Sweden) [41], and the µ-Slide

Chemotaxis (ibidi, Gräfelfing, Germany) [39], suitable for studying various cell types under

static conditions.

2.3.4 µ-Slide Chemotaxis

The µ-Slide Chemotaxis from the company ibidi is a disposable chemotaxis tool that conve-

niently combines the advantages of static and microfluidic assays. The design is based on the

Zigmond chamber; i.e., bridge assays, and it operates with low volumes of chemoattractant and

cell solutions. The bridge area is represented by a narrow, 70 µm high channel that separates

two symmetrical reservoirs of 65 µl apiece (Fig 2.11A). The volume of the bridge channel at

the cross-section with the reservoirs is 140 nl. Each reservoir and the middle channel have

individual filling ports that are closed with specially designed plugs, so that every department

can be filled independently. The cells are seeded in the middle channel, either to attach directly

on the 2D surface, or embedded in a 3D matrix (e.g., collagen gel). After the cells adhere,

or the matrix gelifies, respectively, the reservoirs are filled with chemoattractant solutions of

different concentration and the chamber is sealed with the plugs in order to prevent convection

that would disturb the gradient. A well-defined linear gradient forms across the channel within

several hours and remains stable for over 48 hours [39,211]. The longevity of the gradient makes

the assay optimal also for studying chemotaxis of slow moving cells.

The cell migration in the gradient area can be visualised directly by an inverted microscope.

The chemotaxis effect is assessed based on reconstruction of individual cell migration tracks

(Fig 2.11B). Such analysis provides a detailed in-depth information on single-cell chemotactic

behaviour. The µ-Slide Chemotaxis assay has the form of a typical glass microscopic slide, and
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Figure 2.11: µ-Slide Chemotaxis. A. The µ-Slide Chemotaxis is a tool in the size of an micro-
scopic slide and carries three independent chemotaxis chambers. The gradient is formed across
the low volume, cell-containing middle channel at its cross-section with the reservoirs, which
are filled with a medium (blue), and a chemoattractant solution (pink), respectively. The cells
in the gradient area can be directly observed with an inverted microscope. B. Representative
image of the observation area shows MDA-MB-231 cells embedded in a collagen gel with an
overlay of the manually tracked cell trajectories at time point 24 h. Scale bar = 500 µm. Figure
adapted from [211] under the terms of the Creative Commons Attribution 4.0 License.

each µ-Slide carries three autonomous chemotaxis chambers (Fig 2.11A). With a microscope

equipped with a motorised stage, cell migration in up to four µ-Slides can be recorded in parallel.

Thus, the experimental throughput is substantially increased in comparison to the standard

bridge chambers, or similar microfluidic-based assays. However, high-throughput experiments

cannot be handled by the assay, especially the analysis of the cell trajectories, which is a time-

consuming and labour-intensive procedure. Automated computer cell tracking could shorten

the time required for the analysis, but the accuracy of the available tracking algorithms at the

current state is suboptimal [43], especially at the rather high cell densities (> 104 cells/cm2)

typical for the µ-Slide assay. Therefore, the lengthy and tedious manual tracking is usually the

method of choice for retrieving the cell paths.

2.3.5 Evaluation of the chemotactic effect with the µ-Slide Chemotaxis assay

Time-lapse imaging followed by the analysis of complete cell trajectories is essential for a re-

liable identification of a preferred direction of cell migration. Since the cells are distributed

homogeneously in the bridge area and they can migrate freely in and out to the reservoirs, it

is not possible to detect a chemotactic effect solely from the distribution of the cells at the

end-time of the experiment. The migration of slow moving cells is typically recorded for a time
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period over 12 hours, with 5–10 min time-lapse interval [38, 39, 211]. For statistically relevant

results, 30–40 cells in the gradient arena are manually tracked; i.e., the cell coordinates are

determined in every frame of the time-lapse sequence. Several parameters that can be com-

puted from the trajectories were identified for a reproducible quantification of migration and

chemotaxis; e.g., forward migration indices (FMI), centre of mass (COM), cell velocity, and

directness, as described in [39].

Figure 2.12: Parameters for analysing chemotaxis in the µ-Slide Chemotaxis. The different
parameters are defined in the trajectory plot. All cell trajectories are transformed by setting
their starting point to (xi,start, yi,start) = (0,0) at time t = 0. Figure reproduced from [39]
under the terms of the Creative Commons Attribution 4.0 License.

Forward Migration Indices

The directionality of cell migration is evaluated by the forward migration indices parallel, and

perpendicular to the gradient, FMI‖, and FMI⊥, respectively. The FMI represents the efficiency

of a cell to migrate forward in the given direction. With the coordinate system chosen so that

the y-axis is parallel to the gradient, and the cell trajectories extrapolated to (x, y) = 0 at time

0 h, the FMI of n analyzed cells is:

∑
yi,start = 0;

∑
xi,start = 0

FMI‖ =
1

n

n∑
i=1

yi,end
di,accum
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FMI⊥ =
1

n

n∑
i=1

xi,end
di,accum

,

where xi,end, yi,end are the coordinates of the cell end point position; and di,accum, the accumu-

lated distance, is the length of the cell path; i.e., the sum of all incremental movements of the

cell between all frames.

FMI‖ significantly higher than FMI⊥ indicates chemotaxis—the cells are moving in a pre-

ferred direction, which is imposed by the gradient of the guidance cue.

Displacement of centre of mass (COM)

The centre of mass represents the spatial average of positions of all n cells. The displacement of

the centre of mass (COM) is the difference between the initial centre of mass at the beginning

of the experiment (Mstart), and at its end point (Mend):

~Mstart =
1

n

n∑
i=1

(xi,start, yi,start) = (0, 0); ~Mend =
1

n

n∑
i=1

(xi,end, yi,end)

COM = |Mend −Mstart|

Cell velocity and directness

The velocity and the directness are parameters that reflect changes in overall cell migration;

i.e., chemokinesis. The directness expresses how straight the cell path is, irrespective to the

gradient direction; and is calculated as the ratio of the Euclidian and accumulated distance

travelled by the cell. The Euclidian distance (di,euclid) is the direct length of a straight line

connecting the initial and end-point cell position:

deuclid =
√

(xi,end − xi,start)2 + (yi,end − yi,start)2

D =
1

n

n∑
i=1

di,euclid
di,accum

Increased cell velocity and directness indicates chemokinesis; i.e., an increase in random, per-

sistent cell migration.

The µ-Slide Chemotaxis has been successfully applied during the last years for the cha-

racterisation of chemotactic behaviour of multiple cell types, both fast moving; e.g., neu-

trophils [212,213], or macrophages [16,214]; and slow moving cells, such as fibroblasts [215,216];

neurons [217]; endothelial cells [38]; and cancer cells, including fibrosarcoma cells HT1080 [39],

or human breast cancer cells MDA-MB-231 [211,218].
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During the long era of the chemotaxis research, numerous tools for the investigation of the

directed cell migration were invented. The choice of a chemotaxis assay depends on the specific

research problem that is being addressed. Indirect assays such as the Boyden chamber are

optimal for a high-throughput estimation of the migratory response to multiple cues in parallel

experiments. For an accurate analysis of the chemotactic behaviour, assays enabling direct

cell observation have to be employed. Furthermore, the stability of the gradient generated

by the device should suit the migratory characteristics of the studied cell type. Among other

criteria that could be required for an optimal chemotaxis assay is the possibility to study

chemotaxis in physiological-like conditions (e.g., in 3D gels), or under multiple gradients. The

advantages and the limitations of the most prevalent chemotaxis tools were described in this

chapter. With respect to the research of chemotaxis of slow moving cells, only several tools

can sustain the long-term stable gradient that is necessary for a reliable evaluation of the

chemotactic response of these cells. Furthermore, such assays suffer from a low experimental

throughput, which limits the use in studies with a high number of samples (e.g., screening

for chemoattractans, testing of perturbations on the molecular level, examinations of clinical

samples, or similar). The investigation and understanding of the chemotactic behaviour of

slow moving cells is hindered by the lack of a suitable chemotaxis platform that would provide

a stable and controlled gradient and, at the same time, enable a reliable, high-throughput

evaluation of the chemotactic response. The recent advances in microfabrication techniques

and the development of novel stimuli-responsive biomaterials could make it possible to address

the limitations of chemotaxis tools in innovative ways in the future.

2.4 Micro-patterning and micro-structuring - methods of surface

functionalisation for cell-based experiments

In many applications of the cell research it is desirable to control the geometry and area of cell

adhesion and spreading. In vivo, after all, a constant confinement is imposed on cells by the

topography of the environment, which greatly affects the cell behaviour [14]. In contrast, cells

in standard in vitro culture vessels are free to spread and move indefinitely in all directions.

Therefore, to mimic more physiologically relevant conditions, several techniques that enable

spatially selective functionalisation of cell culture surfaces have been developed. The ability of

cells to adhere to a substrate depends strongly on the hydrophobicity and the surface charge.

With micro-patterning methods, the protein-adsorbing capacity of surfaces can be altered by

introducing defined patterns of areas that promote, or prevent cell adhesion, respectively.

It has been shown that not only cell adhesion, but subsequently also other processes in-

cluding the morphology, proliferation, migration, and respective signalling mechanisms in cells

are affected by the composition, concentration and conformation of the proteins that are ad-

sorbed to the surface from cell medium [219]. Therefore, micro-patterning methods, providing
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a control over the chemical properties of the surface, are widely applied to study various as-

pects of cell behaviour [219, 220]. As discussed above, adhesion to the substrate is essential

for effective locomotion of mesenchymal cells. Thus, by micro-patterning, cell migration can

be restricted to predefined parts of the substrate. This way, the degrees of freedom of the

cell motion are reduced, which makes it possible to break down the complex process and iso-

late particular features of the migratory behaviour, in respect to the chosen geometry of the

micro-pattern. For example, triangular or tear-shape patterns enable investigation of polari-

sation and cytoskeletal architecture in immobilised cells [221, 222]; while thin micro-patterned

adhesive stripes were produced to analyse the formation of protrusions in cancer cells respond-

ing to chemotactic stimuli [223]; or to study cell movement in a 1D-like environment that

closely reproduces the conditions of migration along collagen fibres in a 3D ECM [224, 225].

Besides, micro-patterning—or micro-structuring of 3D hydrogels—can be used to generate ar-

rays of standardised micro-environments that can be readily accessed for the analysis of cell

behaviour, hence simplifying the evaluation of multiple experiments in parallel [226–230].

In the next chapters, the most prevalent methods used for functionalisation of 2D surfaces

and engineered 3D substrates will be presented.

2.4.1 Micro-patterning of flat 2D micro-environments

In order to restrict cell adhesion to specific parts of the surface, the surface material is patterned

with molecules that enhance cell adhesion; mostly ECM proteins such as fibronectin, collagen

or laminin; or synthetic polypeptides derived from cell binding motifs (e.g., the Arginin-Glycin-

Aspartate (RGD)-peptide7, or poly-L-lysine) [231, 232]. To ensure a specific adhesion of cells

only to the patterned areas, the surrounding surface is usually passivated with polymers that

suppress non-specific adsorption of proteins or other adhesion-supporting molecules from the

cell culture media. Typically, copolymers of polyethylene glycol (PEG) are used as the cell-

repellent moiety. The conformation of PEG chains deposited as a layer on the surface sterically

blocks the adsorption of proteins and the cell adhesion [233, 234]. The PEG chains are often

linked to a residue that mediates the linkage with the surface material [235]. To the most

frequently used passivation agents belong the PEG block copolymers poly(propylene-oxide)-

PEG (PEG-PPO-PEG, also known as Pluronics), and poly-L-lysine (PLL)-PEG [236]. The

choice of the passivation molecule depends on the chemical properties of the surface material.

Soft lithography

The most widely used methods that provide the spatial control over the surface functionalisation

with adhesive and cell-repellent molecules are based on soft lithography. In soft lithography,

elastomeric (“soft”) polymers, such as polydimethylsiloxan (PDMS), are used to transfer the

7The tripeptide motive Arginin-Glycin-Aspartate (RGD) is derived from ECM proteins, including fibro-
nectin. The binding sequence is recognised by integrin receptors and mediates cell attachment [231].

38



desired chemical pattern onto the substrate [237]. The elastomer is moulded into a “stamp”

by curing the liquid pre-polymer against a structured silicon or glass master that carries the

desired micro-pattern. The stamps are then “inked” with a solution of the adhesive molecule,

and brought into contact with the substrate. This way, the pattern of the adhesive agent is

transferred—printed—to the surface (Fig 2.13). Finally, the surrounding area is passivated to

prevent unspecific cell adhesion. This approach is called micro-contact printing (µCP) [238,239].

Alternatively, an array of open micro-channels is moulded into the elastomer, and after placing

the structured elastomer onto the surface, the channels are filled with the adhesive agent. This

technique is known as microfluidic patterning (µFLP) [240].

These methods enable relatively uncomplicated and cost-effective patterning; however, the

resulting pattern is not always homogeneous, and the density of the printed molecules cannot be

controlled [236]. Also, the resolution and geometry of the pattern is limited by the mechanical

properties of the stamp material. Besides, since a tight contact of the stamp with the surface

is required for successful transfer of the adhesive protein, patterning on soft substrates can be

complicated.

Stencil-assisted patterning

Another approach is to micro-pattern specific regions of the surface with the help of a stencil,

typically in form of a thin elastomer membrane that is structured with holes of the desired

pattern geometry. The stencil is sealed to the substrate to protect the parts surrounding the

patterned area from deposition of the adhesive molecules [228, 241–243]. After the adhesion-

activating treatment, the stencil can be peeled off and the parts around the patterns backfilled

with a passivation agent. Alternatively, cells can also adhere directly into the holes of a stencil

deposited on a cell culture substrate, without employing any chemical surface modification [241].

Subsequent to the removal of the stencil, another cell-type can be seeded onto the area that was

initially protected from cell adhesion by the stencil to generate patterned co-cultures [244,245].

The advantage of patterning with elastomeric stencils is that no specialised tools or chemistry

is required, and the method can be applied on any kind of substrate material. However, the

handling of the membranes can be difficult, and the mechanical properties of the stencil material

can pose a limit to the pattern geometry.

Photolithography

In photolithography, the pattern is created by UV illumination through a photomask, or by

a laser writing device. Here, the substrate is pre-coated with protein-resistant, photosensitive

molecules, and the patterned illumination then selectively alters the surface chemistry and ac-

tivates the adsorption capacity of the selected (illuminated) regions [246]. This can be achieved

for example via photocleavage of the cell-repellent polymer (e.g., PLL-PEG) [247, 248]; or by

inducing the formation of binding sites for the adhesive agent [249–251]. Photolithographic
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methods can yield very homogeneous micro-patterns of any geometry, even in closed systems,

such as microfluidic channels or chambers [252]. Furthermore, photolithographic methods pro-

vide a better control over the ligand density in the pattern, so that even gradients of the

bound proteins can be formed [250]. The disadvantage of photolithographic micro-patterning

approaches is the need for relatively complicated photochemistry and specific equipment, such

as a deep UV light source, or laser writing devices.

Figure 2.13: Schematic of micro-patterning methods. 1. Soft lithography utilises a structured
elastomer, often PDMS (blue), to transfer a pattern of adhesive molecules (e.g., fibronectin,
green) to the selected surface (grey). In micro-contact printing (µCP), a PDMS stamp is inked
in a solution of the adhesive agent, which is then printed onto the surface. In microfluidic
patterning (µFLP), the adhesive agent is loaded into channels formed between the surface and
a PDMS mould. In stencil-assisted patterning, a membrane with holes is sealed to the surface,
so that only the areas of the holes are exposed to the adhesive agent. After removal of the PDMS
stamp/mould/stencil, the surface regions that surrounds the resulting adhesive pattern can be
backfilled with a cell-repellent polymer (e.g., PEG block copolymers) to prevent unspecific cell
adhesion. 2. In photolithographic methods, the desired pattern is transferred to the surface
by patterned illumination through a photomask. The light exposure induces binding of the
adhesive molecules to a passivated surface, specifically in the illuminated areas.

Switchable surfaces

Some micro-patterning protocols utilise advanced stimuli-responsive surfaces, whose adhesive-

ness can be switched on or off in response to external stimuli, such as light, temperature, or

chemical agents [253–255]. The dynamic surfaces allow to alter the geometry of the initial

patterns in time, and thus to study cell responses to a changing confinement in their micro-

environment [256]. Thermally controlled surfaces are also used to detach cultured cell sheets

without the need of exposing the cells to an enzymatic treatment [257]. Besides, switchable

substrates are useful for multi-patterning of several proteins, or for establishing co-cultures of
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multiple cell types [258].

2.4.2 Micro-engineered 3D environments

In addition to 2D patterned surfaces, engineering of defined 3D micro-environments also finds

a wide application in cell research. 3D micro-structuring can confine migrating cells from multi-

ple dimensions, and introduce defined topographic constrains that mimic the physiological ECM

structure of the cell micro-environment. Protocols based on soft lithography and photolitho-

graphy can be applied to prepare 3D micro-structures or micro-environments from biological or

synthetic hydrogels; e.g., collagen, or PEG-based polymers [259]. For example, PDMS stamps

were used to generate arrays of cells embedded in 3D collagen [230]. Photo-polymerised hy-

drogels such as PEG-diacrylate (PEG-DA) can be structured with a PDMS mould, similarly

as in µFLP, by loading the pre-polymer solution in the space between the mould and the sur-

face prior to the light-induced gelation [228]. Alternatively, UV-responsive hydrogels can be

micro-structured by inducing the photo-polymerisation with a patterned illumination, using

a photomask, or a laser writing device [260,261].

Micro-structures of specific geometries from gels of varying rigidity and/or pore size can be

fabricated in order to study the cellular responses to the mechanical properties of the ECM;

e.g., the contact guidance [262–264]. To impose a 3D confinement, cells can be placed in micro-

structured wells [228], grooves [262], or channels [263]; or encapsulated in photo-polymerised

gels [265]. Furthermore, not only mechanical confinement, but also other specific cues can be

introduced to the cells in the 3D matrix, for example by decorating networks of synthetic gels

with peptides that are derived from ECM proteins, mimicking adhesion or cleavage sites [265].

Photolithographic methods also enable generation of biochemical or biomechanical 3D patterns

and gradients inside of pre-existing transparent gel structures [261,266].

Photo-polymerization of 3D hydrogel micro-structures

In this thesis, a PEG-based hydrogel was photolithographically micro-structured to confine mi-

grating cells within a selected part of a chemotaxis chamber (migration arena, Chapter 4.2).

The UV-responsive hydrogel polymerises in presence of a suitable photo-initiator upon an expo-

sure to UV light of a specific wavelength. The photo-initiation of the reaction enables a precise

spatial control of the hydrogel polymerisation [265]; e.g., with help of a photomask. The hy-

drogel backbone of the migration arenas established in this work was formed by norbornene

functionalised, 4-arm polyethylene glycol (PEG4norb, 20 kDa), cross-linked by PEG-dithiol

(PEG-DT; Fig 2.14). This hydrogel system was chosen because the step-wise mechanism of

the thiol-norbornene photo-polymerisation ensures a rapid formation of highly homogeneous

networks. The radical polymerisation reaction is triggered by a UV-induced activation of the

photoinitiator, which abstracts a hydrogen from the thiol-group of the cross-linker. The result-
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ing thiyl-radical propagates across the alkene group of the PEG4norb. Subsequently, a hydrogen

from another thiol is abstracted, a thioether linkage is formed, and the thiyl-radical is regen-

erated. Finally, coupling of the radicals terminates the reaction [267,268]. Finally, coupling of

the radicals terminates the reaction [267,268].

Figure 2.14: Scheme of the PEG4norb/PEG-DT photo-polymerisation and the hydrogel net-
work. The backbone of the hydrogel network is formed by 4-armed PEG-norbonene, cross-
linked with PEG-dithiol. The radical polymerisation reaction is induced by UV-illumination in
presence of the photo-initiator LAP (lithium phenyl-2,4,6-trimethylbenzoylphosphinate).

Another PEG-based hydrogel used in this work was the polyethylene glycol dimethacry-

late (PEG-DMA). PEG-DMA is a bio-compatible, non-degradable, cell-repellent polymer that

can be used to prepare precise, micro-scaled environments for controlling cell adhesion and

migration. For example, PEG-DMA micro-channels were produced for studying collective cell

migration [263], and PEG-DMA micro-structuring was also used for arraying cell cultures [228].

Again, UV light in presence of a photoinitiator induces a radical polymerisation of the hydrogel.

The hydrophilic methylacrylate groups of the PEG-DMA monomers then form covalent bonds

that cross-link the polymer network [260,269].

In the recent years micro-patterning and micro-structuring methods became widely adopted

in the field of cell biology and many techniques were developed that are readily available to any

standardly equipped biological laboratory. Micro-engineering is used in diverse applications,

addressing various aspects of cell behaviour. In this thesis profit was taken from the possibility

to restrict cell migration to specific controlled micro-patterns when establishing the end-point

chemotaxis assay (see Chapters 1.1.1, and 4).
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3 Materials and Methods

All materials and instrumentation used in this work and the suppliers are detailed in the

Appendix B (List of materials, page 144).

3.1 Micro-structuring and micro-patterning

Several methods of micro-structuring and micro-patterning were used in this thesis in order to

control the spatial area of cell migration in the chemotaxis chambers of the µ-Slide Chemotaxis.

This was done to enable a subsequent analysis of the chemotactic behaviour based on the end-

point distribution of the cells, in the manner explained in Chapter 1.1.1. The experimental

details of the employed methods are described in this chapter. The resulting structures (or

patterns) in regard to their application in the chemotaxis assay as well as the suitability of the

respective methods for establishing the intended assay will be discussed in detail in Chapter 4.

3.1.1 Fabrication of PEG-DMA micro-wells

For a 2D end-point chemotaxis assay, low micro-wells were fabricated from the cell-repellent

polymer polyethyleneglycol-dimethacrylate (PEG-DMA, Mn 550, purchased from Sigma-Aldrich)

and placed in the gradient area of the chemotaxis chambers to spatially restrict the migration

of the chemotaxing cells. The micro-structures were prepared photolithographically, using glass

coverslips in the size of the chemotaxis slide (75x25 mm) as a substrate. To maintain a uni-

form height of the structures, special glass coverslips with elevated edges (LifterSlips) were

also employed for the fabrication. The coverslips were cleaned in ultrasonic bath for 2x 5 min

in ultra-pure water, and another 5 min in 96% ethanol. The coverslips were then dried with

a flow of compressed air, and silanised by an overnight exposure to 3-aminopropyl triethoxysi-

lane vapours in a desiccator. A silanised coverslip was positioned on a quartz photomask, and

a smaller LifterSlip (22x25 mm, with 0.03 mm high rims) was placed on top (Fig 3.1). 13 µl of

PEG-DMA solution with 4 mM lithium phenyl-2,4,6-trimethylbenzoylphosphinate (LAP) was

loaded between the coverslips. The polymerisation was initiated by 12 s illumination by 365 nm

UV light (10 mW/cm2), placing the photomask with the coverslip on a rack fixed 11 cm above

a LED lamp KSL70/365 (RappOpto Electronic GmbH). Immediately after the illumination,

the LifterSlip was removed and any non-polymerised solution was washed away with PBS.

The structures were further washed in a Petri dish with PBS for 10 min. The quality of the
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resulting structures was verified optically with a phase-contrast microscope. While doing so,

special attention was paid to the integrity of the walls, and to possible unspecific polymerization

of the PEG-DMA in the area of the micro-wells. Finally, the coverslip was sprayed with 70 %

ethanol, dried by a flow of compressed air, and mounted to the sticky-Slide Chemotaxis (i.e.,

a bottomless variant of the µ-Slide Chemotaxis with a self-adhesive underside) for chemotaxis

experiments. The channels of the chemotaxis chambers were then washed with cell culture

medium and filled with cell suspension (2Ö106 cells/ml). The cells were allowed to adhere in

the micro-wells for 1 h in standard cell culture conditions (37 °C, 5% CO2, humified atmo-

sphere). Then, the channels were washed twice with serum-free medium, and the reservoirs

of the chemotaxis chamber were filled with medium containing 0%, or 10% FBS, respectively.

Cell migration in the micro-wells was monitored by videomicroscopy, as will be detailed in

Section 3.2.6.

Figure 3.1: A. Fabrication of PEG-DMA micro-wells. 3D structures bearing three 0.8Ö0.4 mm
wells were fabricated photolithographically on top of a glass coverslip. The pre-polymer solution
containing PEG-DMA monomers and the photoinitiator LAP was loaded in the 30 µm high
space between the silanised glass coverslip and a LifterSlip. The polymerisation was induced by
12 s illumination with UV light through a suitable photomask. The coverslip was aligned with
the photomask in such manner that the three resulting hydrogel structures (1Ö2 mm apiece)
were positioned in place of the gradient areas of the µ-Slide Chemotaxis, each structure holding
three micro-wells (lower right corner). After washing and drying the coverslip, it was assembled
with the sticky-Slide Chemotaxis.

3.1.2 Fabrication of fibronectin-patterned surfaces with a silicon stencil

Another method used in this thesis to confine the migrating cells in the chemotaxis chamber was

stencil-assisted micro-patterning. Parts of the chemotaxis chamber were selectively patterned

with fibronectin (i.e., a molecule that promotes cell adhesion), and the surrounding surface

was consecutively passivated with Pluronic F-127. Here, a COP polymer foil (commercially

available Coverslips for sticky-Slides, uncoated, ibidi) in the size of the µ-Slide Chemotaxis

was used as a substrate. Commercially available silicon micro-wells (Culture Insert FulTrack,
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ibidi) were used to dispose the fibronectin solution on the selected parts of the substrate. The

Culture Insert FulTrack, which contains four round wells of 400 µm in diameter, was cut in

four pieces so that the individual wells could be used separately. The wells were then placed on

the substrate in positions aligned with the middle of the chemotaxis chambers of the µ-Slide

Chemotaxis (Fig 3.2). Following the instructions provided by the manufacturer, the wells were

filled with PBS and degassed by placing them in a desiccator, from which the air was pumped

out, and incubating them in the reduced air pressure atmosphere for 30 min. Afterwards, the

PBS was replaced by 5 µl of 1 mg/ml fibronectin solution in PBS. The protein was allowed

to physisorb to the surface for 1 h at 37 °C. To prevent evaporation, the substrates were

placed in a wet chamber for the incubation period. Then, the solution was aspirated from the

wells, and the remaining protein was washed several times with PBS. After removing the wells,

the substrate was carefully mounted to the self-adhesive sticky-Slide Chemotaxis, aligning the

fibronectin-coated spots with the middle of the chemotaxis chambers.

Figure 3.2: Scheme of micro-patterning the adhesive patterns with removable silicon wells.
A. Culture Insert FulTrack is a removable silicon well-insert for cell culture. One insert bears
four micro-wells of 400 µm diameter. B. Cross-section of one micro-well placed on a coverslip.
One well can hold 10 µl of cell suspension or protein solution (e.g., fibronectin). C. For the
end-point chemotaxis assay, a polymer foil was patterned with fibronectin (green) and mounted
to the sticky-Slide Chemotaxis.

The middle channel of each chamber was then filled with 10 µl Pluronic F-127 (1 mg/ml

in PBS), and the slide was incubated for 1 h at room temperature. Before cell experiments,

the channels were rinsed several times with PBS and with cell culture medium. HT1080 cells

were seeded in the channels at the seeding concentration of 2Ö106 cells/ml. The cells were

allowed to adhere to the pattern for at least 1 h in standard cell culture conditions (37 °C, 5%

CO2, humified atmosphere), and their adhesion to the patterned area was monitored by phase-

contrast microscopy, using EVOS fl inverted microscope (AMG) with a 4x objective. Before

a chemotaxis experiment, the unattached cells were washed away with serum-free medium, and

the reservoirs of the chemotaxis chamber were filled with medium containing 0%, or 10% FBS,

respectively.
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3.1.3 In-channel micro-patterning

Micro-patterning methods based on photolithography were employed to prepare the cell confin-

ing adhesive areas directly inside of an assembled µ-Slide Chemotaxis. Two previously published

methods based on different chemistries were tested for their applicability in the microfluidic

slide. The basic principle is the same for both methods: the patterned substrate is coated be-

forehand with a thin layer of a hydrophobic polymer that prevents cell adhesion. Then, selected

areas of the surface are photolithographically activated—i.e., turned reactive—with the help

of a photo-inducible radical initiator, and cell adhesive molecules are grafted to the activated

areas of the surface (Fig 3.3).

Figure 3.3: Scheme of the photo-induced activation of a passivated surface inside of a chemotaxis
channel. Cell adhesion was prevented by a layer of a hydrophobic polymer (depicted in blue)
that was grafted on the bottom surface of the chemotaxis chamber. A part of the substrate,
defined by patterned illumination through a photomask, was then activated for cell attachment
with an adhesion-mediating molecule (green). Note that the scheme is not to scale; the height
of the patterned layer depends on the length of the respective polymer chains, but remains on
the scale of several nanometres; i.e., below the topographic differences that can be recognised
by cells [252].

Protein Adsorption by Photobleaching

With the approach introduced by Belisle et al. in 2009 [250], fluorescein molecules function-

alised with an alkyne-group were immobilised on the selected areas of an inert substrate, and

subsequently, cyclic RGD was covalently bound on these pattern with standard click chemistry.

For this method, chemotaxis chambers were used that were mounted on polymer coverslips

coated with a thin layer of an inert polymer (BioInert substrates, ibidi). The channels of the

chemotaxis chambers were filled with 10 µl of 6-fluorescein-alkyne solution (FAM-6; 1 mg/ml,

diluted in PBS). The stuctured illumination was performed on a microscope system (Zeiss Ax-

iovert 100) with a 20x objective and GFP filter set (both Zeiss). A projector with a built-in

metal halide lamp (280 W) was coupled into the light path via the illuminator port at the

back of the microscope stand. This set-up enabled projection of a digital photomask with the

desired pattern on the substrate, as described in [250]. The focus was set on the bottom of
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the slide and the substrate was illuminated for 100–200 s. Afterwards, the channel was washed

3x with 30 µl ultra-pure water. The immobilised FAM-6 was visualised by fluorescence mi-

croscopy to verify the quality of the pattern. A commercially available click-chemistry reaction

kit (Click-iT cell reaction buffer kit, invitrogen) was used to bind azide-functionalised cyclic

RGD to the linker (FAM-6). The reaction mix was prepared according to the instructions pro-

vided by the manufacturer, containing 5 µM of the cyclic RGD-azide (cyclo[RGDFK(azide)],

purchased from Peptides International). The channels of the chemotaxis chamber were filled

with the reaction mix and incubated for 1 h in dark at room temperature. The channels were

then washed for 10 min with PBS, replacing the washing buffer 3x. In a control experiment,

the cyclic RGD-azide was substituted by azide-functionalized fluorescent dye, sulfo-Cyanine-3-

azide (5 µM in H2O), to enable an optical control of the resulting pattern. Before cell seeding,

the channels were washed with cell culture medium. Then, the channels were filled with cell

suspension (2Ö106 cells/ml), by rinsing them slowly with 2Ö10 µl of the suspension. The slides

with the cells were incubated in cell culture incubator, and the cell adhesion to the patterns

was monitored by phase-contrast microscopy.

Immobilisation of adhesive peptides on photografted PEG-polymers

In 2014, Larsen et al. presented a method for protein and cell patterning in closed microfluidic

channels [252]. The low volume of the channels poses specific challenges on the patterning re-

action, similar to those encountered in the low-volume chemotaxis chambers. In this approach,

a cell-repellent, PEG-based polymer, functionalised with reactive groups, is photografted on

the polymer surface of the channels [251]. In this thesis, 8-arm polyethylene glycol norbornene

(PEG8norb, Fig 3.4) was chosen as the cell-repellent polymer, since it provides more reactive

groups compared to other commonly used PEG-based polymers (such as PEG-diacetate, or

PEG4norb), thus the adhesive molecules in the activated areas could bind at a relatively high

density, possibly resulting in a better attachment of the cells. PEG8norb (purchased from

JenKem Technology USA) was grafted on the surface of the µ-Slide Chemotaxis by a 30 min

exposure to UV light (302 nm UV bench lamp, VWR; 18 mW/cm2) in presence of the photo-

initiator 4-benzoyl benzylamide hydrochloride. The whole chemotaxis chamber (i.e., including

the reservoirs) was filled with 140 µl of coating solution containing 7.5 µM PEG8norb, and

4 mM photoinitiator in PBS and the UV lamp was placed 5 cm above the slide, the bottom

of the slide facing the lamp. The bottom of the µ-Slide Chemotaxis is a cell culture treated

polymer foil (’ibiTreat’; i.e., hydrophilic substrate), and the reactive groups of the surface upon

illumination in presence of the photoinitiator enable binding of the PEG8norb. After graft-

ing the polymer on the surface of the slide, the chambers were washed with PBS, and the

substrate was patterned with RGD peptide. In this step, the binding of the peptide to the

reactive norbornene groups of the substrate was induced by the 365 nm UV light, using LAP

as the photoreactive agent. The adhesive pattern was applied only in the gradient area of the

chemotaxis chambers, therefore only the middle channels were filled with 6 µl of PBS solution
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containing 2 mM CRGDS peptide (purchased from Iris Biotech), and 2 mM LAP. The slide was

illuminated for 20 s through a quartz photomask with rectangular structures, using the LED

lamp KSL70/365, as described in section 3.1.1. Afterwards, the channels were washed with PBS

and the functionalised surfaces were kept in PBS until further use. Before cell experiments, the

channels were washed by cell culture medium. HT1080 cells were seeded on the patterns by

rinsing 2Ö10 µl of cell suspension containing 2Ö106 cells/ml through the channels. The cells

were allowed to adhere in cell culture incubator, and their spreading on the patterned surface

was monitored by phase-contrast microscopy.

Figure 3.4: Structure of 8-arm PEG-norbornene.

3.1.4 Photopolymerisation of PEG-norbornene hydrogel

3D structures—migration arenas—from a porous, cell-repellent PEG-based hydrogel which con-

fined the cells in the gradient area of the chemotaxis chambers were fabricated directly inside

of the µ-Slide Chemotaxis. A quartz photomask bearing doublets of rectangular structures

of varying width (300-500 µm) was purchased from Compugraphics Jena (Jena, Germany).

The structures were set out on the mask with a precise spacing, so that the rectangles border

the gradient areas of each chamber of the slide when the µ-Slide Chemotaxis is aligned with

the mask (Fig 3.5). The middle channel of the chemotaxis chamber was filled with a phos-

phate buffered saline (PBS)-based pre-polymer solution containing PEG monomers (2–3 mM

Figure 3.5: Quartz photo-mask for fabrication of 3D hydrogel structures. The photomask holds
pairs of rectangular structures that frame the gradient area of the chemotaxis chambers when
a µ-Slide Chemotaxis is placed on the mask and aligned. The slide dimensions (25x75 mm) are
outlined on the mask to help achieve a precise alignment. The photomask enables fabrication
of structures of varying width and spacing (0.3–0.5 mm/0.1–0.6 mm), resulting in migration
arenas of various size. For the chemotaxis assay, the 300 µm wide structures proved to be most
suitable, enclosing a 400 µm wide arena between the hydrogel barriers.
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PEG4norb, Mw 20000, purchased from JenKem Technology USA), the cross-linker (2–6 mM

PEG-DT, Sigma-Aldrich), and a photoinitiator (3 mM LAP). The pre-polymer solution was

always kept on ice and protected from direct light. The slide was placed on the photomask

and the polymerisation was initiated by a 10 s exposure to UV light (365 nm; 10 mW/cm2

intensity); as described in section 3.1.1. Each of the three chambers of the chemotaxis slide was

illuminated separately. Immediately after the illumination of all chambers, the non-polymerised

material was removed by washing each of the middle channels 3x with 30 µl PBS. After the

last washing step, the PBS remained in the channels, and the large reservoirs of the chemotaxis

chambers were filled with 65 µl PBS each. The quality of the resulting hydrogel structures

was assessed optically by phase-contrast microscopy. It was verified that no unspecific poly-

merization appeared in the vicinity of the illuminated areas, and that the structures have the

expected width (responding to the chosen photomask, and the ratio of the cross-linker and the

PEG monomers in the pre-polymer solution1). The chemotaxis slides with the hydrogel arenas

were stored filled with PBS at 4 °C. To prevent evaporation, the slides were closed with the lids

provided by the manufacturer, or with a PCR-foil for long-term storage.

3.2 Cell-based experiments

Three cell types were used in the experiments presented in this thesis. The human fibrosarcoma

cell line HT1080 was employed as a model adherent cell line in the first part of the thesis; i.e.,

for the development of the end-point chemotaxis assay, and for verification of its functionality

(Chapter 4), as its migration and chemotactic behaviour are well characterised. For light-

sheet fluorescence microscopy (LSFM) experiments, HT1080 cells transiently labelled with the

fluorescent protein LifeAct-GFP2 were used. In another part of this thesis, the chemotaxis assay

was applied to study the behaviour of primary epithelial cells—the normal human epithelial

keratinocytes, nHEK (Chapter 5).

3.2.1 Cell culture

Routine cell culture was performed according to the standard operation procedures implemented

in the laboratory. The HT1080 cells (DSMZ, Braunschweig, Germany) were cultured in high

glucose Dulbecco’s Modified Eagle’s Medium (DMEM) supplemented with 10% fetal bovine

serum (FBS). The cells were subcultured when reaching 80–90% confluency (3x weekly).

Trypsin/EDTA solution was used to detach the cells from the culture surface: the cells were

washed with PBS and treated with trypsin/EDTA for 2 min. The reaction was terminated by

addition of FBS-supplemented DMEM, and the cell suspension was centrifuged for 5 min at

1It was shown previously that the swelling rate of similar rectangular hydrogel structures in microfluidic
channels correlates with the cross-linker ratio of the hydrogel [270]. Less cross-linked hydrogels swell
more, yielding final structures that are much wider than the responding pattern of the photomask
used for their fabrication.
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200x g. The pellet was resuspended in fresh culture medium at the desired concentration and

used in an experiment, or seeded in a new cell culture flask for further culture. The LifeAct-

GFP2 HT1080 cells (ibidi, Gräfelfing, Germany) were maintained under the same conditions.

The nHEK cells (CellSystems, Troisdorf, Germany) were cultured in DermaLife basal medium

supplemented with DermaLife K LifeFactors kit, and Penicillin/Streptomycin. The final compo-

nent concentrations in the supplemented (complete) DermaLife medium were 5 µg/ml insulin,

6 mM L-glutamine, 1 µM epinephrine, 5 µg/ml apo-transferrin, 100 ng/ml hydrocortisone

hemisuccinate, 0.4% bovine pituitary extract, 100 U/ml Penicillin, and 100 µg/ml Streptomy-

cin. For detachment, the cells were treated with trypsin/EDTA for 5 min, and trypsin neutral-

izing solution was used to terminate the reaction. Only nHEK cells up to passage number 5

were used. All cells were cultured in standard culture flasks (Sarstedt Cell+) in a cell culture

incubator (Heracell 150i, ThermoFisher Scientific) at 37 °C in 5% CO2 humified atmosphere.

Coating substrates with fibronectin

For most cell experiments, the surface of the µ-Slide Chemotaxis was coated with fibronectin

to promote cell adhesion. 1 mg of fibronectin was diluted in 1 ml of sterile, ultra-pure water for

stock solution and stored in aliquots at -20 °C. For coating of the standard µ-Slide Chemotaxis,

the stock solution was further diluted in PBS to 70 µg/ml, and 6 µl of the coating solution was

loaded in the middle channels of the chemotaxis chambers. When coating only the gradient area

of the chemotaxis chambers, the coating area is 0.27 cm2 per chamber. The slide was incubated

for 1 h at 37 °C and the channels were washed 3x with PBS afterwards. After washing, the

remaining PBS was aspirated and the channels were allowed to dry completely before seeding

the cells. The soft elastomeric substrates used for traction force microscopy experiments were

coated with 350 µg/ml fibronectin at the same conditions. For the end-point chemotaxis assay

in the slides with 3D hydrogel migration arenas, the concentration of the coating solution was

increased to 1 mg/ml due to the smaller volume of the arenas.

Preparation of collagen type I 3D matrix

Chemotaxis experiments in 3D environment were performed with cells embedded in 1.5 mg/ml

bovine collagen type I matrix. The neutralised collagen gel mixture was prepared according to

the protocol listed in Table 3.1. If not stated otherwise, the cell suspension contained 12Ö106

cells/ml, which represents 6Ö the desired final concentration of cells in the gel. The reagents

were added in the given order and mixed thoroughly by pipetting the solution several times

up and down. The mixture was prepared at room temperature. The collagen mix was filled

immediately in the chemotaxis chambers and incubated for 30–60 min at 37 °C in a humid

chamber, until gelated.

In control samples in the chemotaxis assays (random, non-directional migration in a uni-

form, 10% FBS environment), 30 µl of 1ÖDMEM was replaced by 100% FBS. For fluorescent
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Table 3.1: Collagen type I 1.5 mg/ml gel fabrication protocol

component volume
10Ö DMEM 20 µl
NaOH 1 M 6 µl
H2O 14 µl
NaHCO3 7.5% 10 µl
1Ö DMEM 50 µl
collagen I, 3 mg/ml 150 µl
cell suspension (6Ö) 50 µl

measurements of gradient formation in the migration arena (Chapter 4.2.2), and in the LSFM

chemotaxis chamber (Chapter 6.2), the cell suspension and 1x DMEM were replaced by either

PBS or a fluorophore solution.

3.2.2 Viability assay

The viability of cells in the migration arenas was determined with a differential live and dead

staining with fluorescein diacetate (FDA) and propidium iodide (PI). 5 mg FDA was dissolved

in 1 ml acetone for a stock solution. The PI stock solution was prepared by dissolving 2 mg of

PI in 1 ml PBS. The FDA and PI stock solutions were stored at -20 °C, and 4 °C, respectively.

The live/dead staining solution was prepared by adding 1.6 µl of FDA stock solution, and 10 µl

PI stock solution in 1 ml serum-free culture medium (DMEM). Cells embedded in 3D collagen

matrix at final concentration 106 cells/ml were loaded either in the migration arenas, or in

the standard µ-Slide Chemotaxis. After gelation of the collagen matrix, the reservoirs of the

chemotaxis chamber were filled with medium containing 0% or 10% FBS and the chambers

were incubated at 37 °C and 5% CO2 in a humid chamber. Three samples were prepared to

monitor cell viability at the beginning of the experiment, after 24 h, and 48 h of cultivation.

To differentiate the living and dead cells, at the given time-points the medium in the reservoirs

was replaced by freshly prepared live/dead staining solution. The chambers were incubated for

5 min at 37 °C, protected from light. Then, fluorescent micrographs of the cells were taken

with Nikon Eclipse Ti inverted microscope (Nikon GmbH, Düsseldorf, Germany) equipped with

TexRed and FITC filter sets (Nikon), CFI Plan Fluor DL 4x objective (Nikon), and a CCD

camera ORCA-Flash 4.0-LT (Hamamatsu Photonics, Hamamatsu City, Japan). The number

of all viable and dead cells (stained green and red, respectively) in the migration arena was

determined using the Cell Counter plugin in the NIH (National Institute of Health) software

ImageJ [271, 272]. Approximately 200 cells were counted per arena. Cell viability was then

quantified as the percentage of the viable cells in the arena.
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3.2.3 µ-Slide Chemotaxis assay

The control chemotaxis experiments in the standard µ-Slide Chemotaxis were performed ac-

cording to the protocol provided by the manufacturer, as described previously [62, 211, 273].

For 2D experiments, 2Ö106 cells/ml HT1080 were seeded in the channels of the chemotaxis

chambers, which were coated with fibronectin beforehand. The slide with the cells was placed

in a wet chamber and the cells were allowed to adhere for 1 h in an incubator. For a 3D expe-

riment, HT1080 cells were seeded in the chambers embedded in bovine collagen type I matrix.

Fabrication of the collagen gel is described above. After cell adhesion (2D)/collagen gelation

(3D), the reservoirs of the chemotaxis chamber were filled with DMEM medium containing 0%

or 10% FBS. A phase-contrast video of cell migration was recorded for 24 hours, with 10 min

time-lapse interval, as described in section 3.2.6. Trajectories of 35–45 cells in the observation

area of each image sequence were tracked manually using the NIH ImageJ Manual Tracking

plugin. The chemotactic effect was evaluated using the Chemotaxis and Migration Tool from

ibidi.

3.2.4 Migration arena chemotaxis assay

The handling of the µ-Slide Chemotaxis equipped with the 3D hydrogel migration arenas (e.g.,

filling the compartments of the microfluidic chambers with reagents, sealing the chambers with

plugs) was performed with several small adjustments according to the manual provided for the

standard µ-Slide Chemotaxis assay [273].

Before chemotaxis experiments, the slides with the arenas and the culture medium used

in the experiment were pre-warmed and degassed by an overnight incubation at 37 °C. The

arenas were stored filled with PBS, which was carefully removed from the whole chamber before

the experiment. The migration arenas were then coated with fibronectin, or with collagen I

(0.3 mg/ml bovine collagen in purified water for 1 h at 37 °C) for 2D or 3D experiments,

respectively. Afterwards, the arena was rinsed with PBS. Cells were trypsinised, re-suspended

in complete culture media or in collagen gel mixture at a concentration of 1–2.5Ö106 cells/ml,

and seeded in the arenas by rinsing 2Ö10 µl of cell suspension through the arena channel. To

avoid trapping air-bubbles, the channel volume was not aspirated between the rinsing steps.

To ensure a homogeneous distribution of the cells in the arena, the cell suspension was not

directly injected into the channels, rather applied on top of one of the filling ports of the

channel, and then pulled slowly through the channel by removing the same amount from the

opposite port with a pipette. After the cell adhesion (2D)/collagen gelation (3D) was completed

(30-60 min), the reservoirs were filled with medium containing the respective concentrations

of chemoattractant. All filling ports of the chemotaxis chambers were sealed with plugs, and

cells in the arena were imaged with phase-contrast microscopy at 4x magnification for 24 h (see

Chapter 3.2.6).

In a control experiment, where nHEK proliferation was inhibited (Chapter 5.2.1), the medium
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in the arena channel was replaced after the cells attached with a complete medium containing

10 µg/ml mitomycin C (MMC). The cells were treated with MMC for 3 h at 37 °C. Then, the

channel was washed two times with MMC-free medium and the reservoirs were filled with the

chemoattractant solutions. In the experiments with EGFR (epithelial growth factor receptor)

inhibitors AG-1478 and EGFR antibody 255, the inhibitors were added in the medium (both in

the channels and the reservoirs) when the gradient was applied; i.e., with the chemoattractant

solutions. The final concentration of AG-1478 and the EGFR antibody in the chemotaxis

experiment was 200 nM, and 50 ng/ml, respectively. The inhibitors were used previously at

these concentrations to inhibit the chemotactic signalling of EGFR [211].

3.2.5 End-point evaluation of chemotaxis in the migration arena assay

The end-point evaluation of chemotaxis was based on comparing cell distribution in the migra-

tion arena in the initial state and at a further time-point of the experiment. The chemotactic

effect was quantified by the centre of mass displacement in the gradient direction—COMD,

where the centre of mass is defined as the spatial average of all cell positions. Only the com-

ponent along the gradient was considered, here arbitrarily assigned the y-direction, placing the

origin of the y-axis on the lower edge of the migration arena (i.e., at the barrier further from

the source reservoir). The COMD represents the change in the average position on the y-axis of

all cells in the migration arena, and was computed as the difference of the average cell ordinate

at the start (COMDstart) and the end (COMDend) of the experiment:

COMD = COMDend − COMDstart =

[
1

n

n∑
i=1

(yi,end)

]
−

[
1

n

n∑
i=1

(yi,start)

]

Figure 3.6: End-point evaluation of the chemotactic effect by quantification of the centre of
mass displacement. Details of the migration arena with nHEK cells at the start of a chemo-
taxis experiment (left), and at the end-point; i.e., after 20 hours migration in the gradient of
a chemoattractant (right). Spatial positions of all cells in the arena are determined. For com-
putation of the COMD, only the component along the gradient (here assigned the y-direction)
is considered. COMD then represents the difference between the average spatial position in the
gradient direction of cells at the start and at the end of the experiment.

53



In case of random migration in all directions, COMDend remains close to COMDstart, and

COMD ≈ 0. Directed migration leading to accumulation of cells at one side of the arena results

in COMD 6= 0, indicating a chemotactic effect.

The end-point analysis of the migration arena chemotaxis assay was carried out as follows:

two or more micrographs of the cell distribution in the migration arena were taken with a phase-

contrast microscope, one at the beginning, other at given time-points of the experiment. The

images were cropped to the inner size of the migration arena (area between the hydrogel barri-

ers), and, in the gradient samples, the y-axis origin was set to the chemoattractant-distal side

of the arena. The cells ordinates in the experiments with HT1080 cells (Chapter 4) were deter-

mined with the help of NIH software ImageJ [271,272] by manual selection of cell positions with

the Cell Counter plugin, whitch lists the coordinates of the selected points in the micrographs.

For the analysis of the 2D chemotaxis experiments with nHEK cells (Chapter 5), an automated

routine was developed for retrieving the cell ordinates with the help of the ImageJ plugin Ana-

lyze Particles. The micrographs were opened in ImageJ as a stack, cropped to the size of the

migration arena, and, if needed, rotated so that the chemoattractant-proximal side of the arena

was on the top of the image. Then, the background of the image was subtracted, using the

command Process > Subtract Background, which is based on the “rolling ball” algorithm [274].

The rolling ball radius was set to 20 pixels (approximately, the radius of a cell body), and the

option “light background” was chosen, because the cells appear as dark objects on bright back-

ground. Then, the images of the stack were binarised with the Threshold plugin, choosing the

“Minimum” method [275], setting the threshold to (0, 162), and the option “BlackBackground”

to “false”. In next step, the Process > Binary > Fill Holes algorithm was applied. The pro-

cessed images were then analysed with the Analyze > Analyze Particle command, which scans

the binary images until the edge of an object is found, which is then outlined, and measured.

The parameter particle size was set to > 100 pixels, and the circularity to 0.01-1.00. The plugin

then rendered a list of cell coordinates, which were used to compute the COMD.

3.2.6 Time-lapse microscopy

The cell migration in the chemotaxis assays was recorded by phase-contrast time-lapse mi-

croscopy for 24 h with 10 min time interval between frames, if not indicated otherwise. The

imaging was performed on an Olympus CKX41 inverted microscope (Olympus Scientific Solu-

tions, Waltham, MA, USA) equipped with a motoric stage (MW Tango, Märzhäuser Wetzlar

GmbH, Wetzlar, Germany), a 4x UPlan FLN objective (Olympus), and a CCD camera uEye

U3-3480ML-M-GL (IDS, Obersulm, Germany); or on a Nikon Eclipse Ti inverted microscope

(Nikon GmbH, Düsseldorf, Germany) with a motorised stage (TI-SH-W), CFI Plan Fluor DL

4x objective (Nikon), and CCD camera ORCA-Flash 4.0-LT (Hamamatsu Photonics, Hama-

matsu City, Japan). Both microscopes were equipped with an on-stage incubation system

(ibidi GmbH, Munich, Germany) to maintain the cells at 37 °C in a stable 5% CO2 humified

atmosphere for the whole duration of the experiment. The microscopes were controlled by the
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Micro-Manager software [276].

Visualisation of gradient in the migration arena

In order to visualise the development of the chemical gradient in the migration arena, flu-

orophores of varying molecular size were used to represent the chemoattractants, and their

diffusion was monitored over time by fluorescent microscopy. The arena was filled with colla-

gen type I matrix without cells (1.5 mg/ml; see Chapter 3.2.1). To establish the gradient, one

of the reservoirs was filled with PBS and the other with the fluorophore solution; i.e., either

1 µM Alexa Fluor488 (643 Da) or 0.1 mg/ml FITC-tagged dextran, 40 kDa (both diluted in

PBS). The fluorescent signal in the gradient region of the migration arena was observed over

time with the Nikon Eclipse Ti microscope equipped with a mercury light source (Intensilight

C-HGFIE, Nikon), FITC filter set (Nikon), and a 60x oil-objective (CFI PLAN Apochromat,

Nikon). Two rows of nine images across the middle part of the chemotaxis chamber were taken

every 30 min, covering the 400 µm wide arena, with a step of 50 µm between the positions.

The centre of the rows was aligned with the centre of the arena. The Z-plane was focused

in the middle of the collagen layer, approximately 35 µm above the slide surface. Additional

micrographs were taken in the fluorophore-containing reservoir, at the extension of each row.

Fluorescence intensity was measured in a 10 µm2 area in the centre of each frame using the

NIH ImageJ software [271,272]. The measured signal was normalised to the maximal signal of

the fluorophore taken in the reservoir at each time point. For control, the background signal

was measured in the same chamber before the fluorophore was added to the reservoirs, and

in a chamber containing 1 µM Alexa Fluor488, or 0.1 mg/ml FITC-tagged dextran in both

reservoirs, as well as in the 3D collagen matrix in the arena.

3.2.7 Traction Force Microscopy of chemotaxing cells

The traction forces applied by nHEK cells during their migration in chemical gradients were

analysed with traction force microscopy. To enable visualisation and measuring of cell forces, the

chemotaxis chambers were assembled with a soft, elastomeric substrate with covalently coupled

fluorescent beads. The protocol for covalent coupling of beads to a soft elastomer for TFM

substrates was based on EDC/NHS (ethyl-dimethyl- aminopropylcarbodiimide and N-hydroxy-

succinimide) coupling chemistry and was developed at the Institute of Complex Systems-7,

Forschungszentrum Jülich. The elastomeric substrates were fabricated of Sylgard 184 Silicone

Elastomere Kit, as described previously [277,278]. The base and cross-linker components were

mixed at 60:1 (w/w) ratio to yield substrates of 10 kPa stiffness. The elastomere was degassed,

spin-coated (2700 rpm, 7 s) on thin glass coverslips (75x25 mm, thickness 0.08 mm), and cured

for 16 h at 60 °C. Then, the elastomeric substrates were silanised. 5% 3-aminopropyl triethoxysi-

lane was hydrolysed in 5% H2O in ethanol (pH 4.5–5.5) for 90 min at room temperature before

use. Then, it was applied in a thin layer on top of the elastomere (1.5 ml per coverslip), and
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incubated for 3 min. Afterwards, the substrates were washed thoroughly with 96% ethanol,

and dried in vacuum for 30 min. In the meantime, the nanobeads (FluoSpheres Carboxylate,

0.2 µm, crimson) were activated for the coupling reaction. NHS and EDC were dissolved in

PBS (pH 6.0) to 200 mg/ml stock solutions. 10 µl of sonicated bead suspension was added

to 1 ml reaction mix containing 10 µl SDS (sodium dodecyl sulfate, 10%), 100 µl NHS stock

solution, 100 µl EDC stock solution, and PBS. The reaction mix was incubated for 15 min at

room temperature. Afterwards, the activated beads were applied on the silanised elastomeric

substrates and incubated for 10 min at room temperature. The uncoupled beads were then re-

moved by 3x washing with ultra-pure water. The substrates were dried and carefully assembled

with the sticky-Slide Chemotaxis. Before cell experiments, the slides were pre-heated overnight

at 37 °C.

The nHEK cells were seeded into the fibronectin-coated TFM/chemotaxis chambers at a low

density (5x105 cells/ml in complete culture medium) to enable monitoring of individual cells.

After the cells adhered (1–2 h), unattached and dead cells were removed by washing the chan-

nels 2x with basal medium. Then, the reservoirs were filled with basal culture medium with or

without 10 ng/ml TGFα. For the control samples with an uniform concentration of the che-

moattractant, the whole chemotaxis chamber was filled with 10 ng/ml TGFα in basal medium.

The gradients were established one day before recording the cell migration, and the slides were

maintained at the standard cell culture conditions. Imaging of the cells and the fluorescent

nanobeads was performed on the Nikon Eclipse Ti microscope with a 60x oil-objective (CFI

PLAN Apochromat, Nikon), and TexRed filter set (Nikon) for 60 min, with 1 min interval

between frames. The intensity of the excitation light (Intensilight C-HGFIE, Nikon) was reg-

ulated with a ND8 density filter in order to prevent a phototoxic damage of the cells. At each

time-point, a phase-contrast image of the cell, and a fluorescent image of the respective part of

the bead-decorated substrate beneath the cell were taken. At the end of the experiment, the

cells were removed by trypsinisation, and a reference image of the beads on the relaxed sub-

strate was taken. The bead displacement was measured and the traction forces computed with

a TFM-software developed at the Institute of Complex Systems-7, Forschungszentrum Jülich,

as described in [279,280].

3.2.8 Light-sheet Fluorescence Microscopy

Light-sheet fluorescence microscopy was used to visualise the migration of chemotaxing HT1080

cells, stably transfected with the green fluorescent protein LifeAct-TagGFP2. The fluorescent

tag labels the F-actin of the cells, allowing a long-time visualisation of the dynamic changes

of the cytoskeleton during cell migration. The cell samples were prepared in FEP (fluorinated

ethylene propylene) tubes (Bola S1815-04, with the refractive index of 1.338, inner diameter

0.8 mm, and outer diameter 1.6 mm). The tube was cut in 1.5-2 cm long pieces, which were

sterilised with 70% ethanol and filled with cells embedded in collagen type I gel mixture.

The collagen matrix was prepared according to the protocol listed in Table 3.1. Serum was
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not added in the chemotaxis samples. The matrix gelated for 30–60 min at 37 °C in a humid

chamber. Afterwards, 1-2 mm were cut off on both ends of the FEP tube with the cell sample,

to prevent trapping bubbles between the gel matrix and the medium. Alternatively, short rings

(3–5 mm) cut from a glass capillary with 2 mm in diameter were placed at both ends of the FEP

tube, before loading the collagen mixture. Finally, the FEP tube filled with the polymerised

matrix was fixed with parafilm to a 1 ml syringe filled with cell culture medium (DMEM)

containing 10% FBS. The other end of the FEP tube was submerged in serum-free medium in

a 15 ml falcon tube. The samples were then incubated in an upright position at cell culture

conditions overnight to allow the generation of a stable gradient across the whole sample. On the

following day, the syringe with the mounted sample was taken out of the falcon tube and placed

in the sample holder of a Zeiss Lightsheet Z.1 microscope (ZEISS, Oberkochen, Germany). The

sample chamber was filled with sterile, serum-free medium. To visualise the gradient across

the sample, the FEP tubes were filled with collagen matrix without cells. The syringe was

loaded with 10 µl of AlexaFluor 488 in PBS, and the other end of the sample was submerged in

PBS. The fluorescence signal in the collagen matrix was measured 20 hours after mounting the

sample to the syringe. A sequence of fluorescent images was taken from the top to the bottom

of the FEP tube with a 300 µm step inside of the collagen gel, in ten parallel Z-planes (in 2 µm

step). The grey value of each frame was measured with the NIH software ImageJ [271,272].

The LSFM experiments were performed at the Institute of Molecular and Cellular Anatomy,

RWTH Aachen, with help from Prof. Dr. Reinhard Windoffer, Dr. Volker Buck, and Dr. Se-

bastian Kant.

3.3 Statistical analysis

If not indicated otherwise, the experiments were performed in three or more independent repli-

cates, and data are presented as mean ± standard error (SEM). To test for statistical differences,

one-way, or two-way ANOVA followed by Dunnett’s multiple comparison test was performed,

considering p=0.05 as the level of significance. Graphs and statistical analysis were made

in the GraphPad Prism 7 software (GraphPad Software, San Diego, CA, USA). Significantly

different results are indicated in the graphs with stars (* p<0.05; ** p<0.01; *** p<0.001;

**** p<0.0001). Hairplots representing the path of migrating cells in the chemotactic experi-

ments were generated with the Chemotaxis and Migration Tool (ibidi). The software was also

used to compute the parameters describing the migration of single cells (FMI, COM, velocity,

directness). The force maps and statistics for the TFM experiments were generated by the

TFM-software developed at the Institute of Complex Systems-7, Forschungszentrum Jülich,

with help of Dr. Ronald Springer and Georg Dreissen. The micrographs shown in the thesis

were processed with the NIH ImageJ software [271,272].
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4 Establishment of a direct end-point

chemotaxis assay: Results and Discussion

One focus of this thesis was the development of an end-point method by adapting the chamber

of a bridge type chemotaxis assay, as implemented in the µ-Slide Chemotaxis, in a way that

enables confinement of cell migration to defined patterns in the gradient area. The underlying

motivation was to fasten and simplify the evaluation of the chemotactic response of slow moving

cells. In the standard µ-Slide Chemotaxis it is not possible to evaluate the chemotactic cell

behaviour solely from the end-point state of the experiment, as shown in Fig 4.1. This is

due to the fact that the cells—initially homogeneously distributed in the gradient area of the

chemotaxis chamber—are free to migrate back and forth from the middle channel into the

adjacent medium reservoirs. As described in Chapter 2.1, slow moving cells migrate along

diffusive trajectories, and the directionality of the movement is demonstrated rather as an overall

tendency to follow a preferred direction in a long-term perspective; in contrast to the persistent

migration straight towards the chemoattractant source, which is typical for fast moving cells.

Besides, it is difficult to prevent cells from escaping into the reservoirs while filling the channel

with the cell solution, which results in a number of cells adhering in the proximal area of the

reservoirs. These cells then migrate into the channel during the experiment, further biasing the

overall end-point distribution in the standard assay. Therefore, the most straightforward way

how to enable the end-point evaluation of chemotaxis in such gradient generator is to restrict

cell migration to the gradient area; i.e., to the middle channel of the chemotaxis chamber.

Confining the cell migration should allow to evaluate the chemotactic response from the end-

point of the experiment, based on the change in cell distribution in the restricted adhesive areas

resulting from chemically induced directed migration (Fig 1.2).

One option how to restrict the cell adhesion and motility to selected areas of the chemotaxis

chamber is to enclose the cells in micro-structured wells or migration arenas from bio-compatible

cell-repellent polymers (Chapters 4.1.1, 4.2). Another approach is to selectively functionalise

the surface of the chamber with adhesive molecules by 2D micro-patterning techniques (Chap-

ter 4.1.2). There is a multitude of available micro-patterning techniques; the basic principles

of the method were described in Chapter 2.4. Several established methods were tested in this

thesis to fabricate the intended confinement patterns, either directly inside a closed chemotaxis

channel, or in an open system on a substrate that was fixed to the chamber subsequently.

59



Figure 4.1: Cell distribution in the µ-Slide Chemotaxis at the beginning and at the end of
an chemotaxis experiment. The experiment was performed following the protocol form the
manufacturer, as described in Section 3.2.3. The micrographs show the HT1080 cells after
seeding in the middle channel of the standard, unmodified µ-Slide Chemotaxis (left). A small
portion of the cells adhered also in the adjacent reservoirs (white arrows). The micrograph on
the right shows the cell distribution in the same slide after 20 hours of cell migration in a FBS
gradient (0% - 10%, from left to right). Scale bar = 100 µm. The coloured lines in the overlay
depict the migration paths of 35 randomly selected cells reconstructed by manual tracking. The
hairplot shows the migration paths from the experiment, with their starting points set to (0,0).
34 of the tracked cells migrated in direction of the gradient (indicated), towards the 10% FBS.
However, this chemotactic effect could not be recognised from the end-point distribution of the
cells in the gradient area of the chemotaxis chamber.

The disposable, commercially available chemotaxis chamber µ-Slide Chemotaxis was cho-

sen as a suitable tool to generate the long-term stable gradient that is necessary for studying

chemotaxis of slow moving cells. The geometry and properties of the chemotaxis assay were

described in detail in Chapter 2.3.4. The slide is provided either as a closed chamber with

a plasma-treated plastic foil bottom (ibiTreat), or as a open chamber (sticky-Slide Chemota-

xis) with a self-adhesive underside that can be assembled with a pre-patterned surface, e.g.,

a glass microscopic slide. The closed system was used for in-channel micro-patterning and for

preparing micro-structures from 3D UV-responsive hydrogel, and the sticky-Slide for 2D assays

based on pre-patterned surfaces. However, the low volume and specific geometry of the µ-Slide

Chemotaxis limited the possibilities of in-channel micro-patterning, and also complicated the

positioning of pre-fabricated patterns.

As will be shown in the next chapters, in regard to the labour-intensiveness and success-rate

of the fabrication procedure, micro-structuring of spatial barriers from a PEGnorb-based 3D

hydrogel inside of the chemotaxis chambers was the most effective and versatile approach to

enclose cell migration in the gradient area. The resulting migration arena chemotaxis assay is

presented in Chapter 4.2). Other, less successful approaches are briefly described in Chapter 4.1

in order to illustrate the limitations of surface functionalisation in microfludic chambers.

60



4.1 Establishment of a 2D end-point chemotaxis assay:

micro-wells and micro-patterns

One approach to fabricate the 2D end-point chemotaxis assay investigated in this thesis was the

functionalisation of the surface of the gradient area of the chemotaxis chamber with rectangular

or circular adhesion patterns. Three different micro-patterning techniques were tested: selective

passivation of a glass surface with the non-adhesive polymer polyethylene glycol dimethylacry-

late (PEG-DMA; experimental details described in Section 3.1.1); micro-patterning of fibronec-

tin with the help of removable silicon wells (stencil-assisted patterning; 3.1.2), and in-channel,

photo-induced activation of a passivated surface (3.1.3).

4.1.1 PEG-DMA micro-wells for 2D chemotaxis assay

Three 30 µm high PEG-DMA structures, each enclosing three micro-wells with the dimensions

of 400 µm ×800 µm apiece, were fabricated by photolithography as described in Section 3.1.1.

The structures were prepared on top of a silanised glass coverslip the size of a microscopic slide,

in such a way that each structure was placed in the gradient area of one of the chemotaxis

chambers after mounting the coverslip to the sticky-Slide Chemotaxis. The long side of the

rectangular micro-wells in the chemotaxis chamber was aligned with the gradient direction.

After mounting the patterned surface to the chemotaxis chambers, the bottom of the micro-

Figure 4.2: PEG-DMA micro-wells. Left: Phase-contrast micrographs of the PEG-DMA struc-
ture on a glass coverslip before and after seeding HT1080 cells. Right: PI/FDA staining of
HT1080 cells cultivated in presence of the PEG-DMA structure confirmed the bio-compatibility
of the polymer. Living cells are stained green, dead cells red. HT1080 cells did not attach to
the PEG-DMA passivated surface. Scale bar = 500 µm.

wells was coated with fibronectin to promote cell adhesion. Subsequently, cells loaded into the

middle channel of the chemotaxis chamber adhered specifically to the protein patterns; i.e., in

the PEG-DMA enclosed micro-wells (Fig 4.2). The application of a chemoattractant gradient

then biased the direction of cell migration and the cell mass in the micro-wells accumulated on

the side proximal to the source reservoir (Fig 4.3). Thus, the chemotactic response in a micro-

well could be identified from the end-point of the experiment and quantified by evaluation of

the COMD, as introduced in Chapter 3.2.5.
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Figure 4.3: The time-lapse sequence of micrographs shows the distribution of HT1080 cells
migrating in a gradient of 10% FBS in one of the PEG-DMA micro-wells at the start of the
experiment, and after 12 h, 24 h and 36 h. Over time, the centre of mass of the cells shifts
in the direction of the increasing concentration of the chemoattractant (downwards). The
chemotactic effect was quantified by evaluation of the COMD (3.2.5); aligning the origin of the
y axis with the upper rim of the micro-well. Note that the initial cell distribution in the well is
not homogeneous (left), because the elevated structure of the PEG-DMA in the bridge area of
the chemotaxis chamber complicates the seeding of cells. Scale bar = 200 µm.

This approach has several advantages; for example, the PEG-DMA structures are rigid and

mechanically stable and it is possible to store them dry. Besides, the three independent micro-

wells situated in each chemotaxis chamber provide for a robust statistical analysis of COMD.

However, multiple complications were encountered during the fabrication and experimental

procedure. First of all, the fabrication procedure itself is comparatively time-demanding and

labour-intensive, as each structure was fabricated independently. Quick handling and extensive

washing steps were crucial during the procedure in order to prevent unspecific polymerization

of PEG-DMA in areas adjacent to the illuminated surface. Also, mounting of the patterned

surface to the sticky-Slide Chemotaxis and aligning the structures precisely to the gradient

area of the chemotaxis chambers is complicated. Furthemore, the height of the PEG-DMA

structures is about 30 µm due to the fabrication procedure, thus creating a barrier that prevents

homogeneous flow of the cell suspension during seeding of the cells in the narrow channel of

the chemotaxis chamber (which is 150 µm high in the sticky-Slide Chemotaxis). As result, the

initial cell distribution in the arenas was uneven (see Fig 4.3, left micrograph), which could bias

the evaluation of the chemotactic response.

4.1.2 Surface functionalisation in the chemotaxis chamber by 2D

micro-patterning methods

In order to improve the homogeneity of the initial cell distribution in the 2D end-point chemo-

taxis assay, flat, adhesive 2D micro-patterns were prepared in the chemotaxis chamber, instead

of the elevated micro-wells from PEG-DMA.
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Stencil-assisted patterning

Probably the most straightforward way of preparing adhesive 2D micro-patterns is by defining

the pattern with a removable stencil that protects the surface surrounding the pattern. The

exposed area of the pattern is incubated with an adhesive molecule (e.g., fibronectin), and sub-

sequently, after removal of the stencil, the surrounding surface is passivated with a hydrophobic

agent to prevent unspecific cell adhesion. A removable silicon well, the Culture Insert FulTrack

from ibidi (disposable silicone well of 400 µm diameter, Fig 3.2A,B), was used here to yield such

selective coating with fibronectin. The removable wells were placed on the substrate and filled

with fibronectin solution, as described in Chapter 3.1.2. The wells were positioned on the foil

in such way that, after assembly with the sticky-Slide Chemotaxis, each fibronectin pattern was

in the centre of one chemotaxis chamber. In a second step, the area surrounding the adhesive

spots was passivated with pluronic to prevent unspecific cell adhesion outside the pattern. How-

ever, since the removable wells were positioned on the substrate manually, achieving a precise

alignment of the pattern and the chemotaxis chambers was problematic (Fig 4.4A), and the

success rate of the fabrication procedure was low (< 30%).

Figure 4.4: Cell adhesion and chemotaxis on round fibronectin patterns. A. The micrograph of
the patterned chemotaxis chamber shows HT1080 cells adhering to the fibronectin coated area,
which was defined by the silicon micro-well (400 µm diameter; the adhered cells appear as dark
and prolonged, spindle-shaped). The area surrounding the round pattern was passivated with
pluronic, which prevented unspecific cell adhesion. The unattached cells (small, rounded bright
dots) were washed away before the chemotaxis experiment. As demonstrated, an alignment of
the pattern with the centre of the chemotaxis chamber was difficult to achieve. B. The detail of
the chemotaxis chamber shows the cell distribution on the fibronectin pattern at the beginning
and at the end of an chemotaxis experiment. The suspension of HT1080 cells was loaded in
the patterned chemotaxis chamber and after cell adhesion to the pattern and removal of the
unattached cells, the reservoirs of the chemotaxis chamber were filled with cell culture medium
containing 0%, or 10% FBS, respectively. The direction of the gradient is indicated. Over
the duration of the experiment (24 h), the cells accumulated in the part of the patterned area
proximal to the chemoattractant source. Scale bars = 100 µm.
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Photolithographic in-channel micro-patterning on passivated surfaces

Photolithography is a powerful means to prepare precisely defined micro-patterns. To prevent

problems with aligning the adhesive patterns with the chemotaxis chambers, micro-patterning

methods were applied that enable light-induced activation of passivated, non-adhesive sub-

strates directly inside of a closed microfluidic channel. In this process, the bottom surface of

the chemotaxis chamber was first chemically modified with a hydrophilic, cell-repellent poly-

mer. Then, the passivated substrate was selectively activated by light-induced functionalisation

with reactive groups, using a suitable photomask to transfer the micro-pattern on the substrate.

Subsequently, the substrate was incubated with an adhesive molecule that selectively binds to

the activated pattern (as described in Chapter 3.1.3, Fig 3.3).

Two methods based on this principle were tested, each employing a different chemistry.

The experimental details are described in Chapter 3.1.3. The first method was based on photo-

immobilisation of adhesive proteins on a polymer photografted on the bottom of the chemotaxis

channel [251]. This method uses grafting of a cell-repellent polymer functionalised with reac-

tive groups to a plasma treated surface inside a closed channel [252]. Exposure to UV light

in presence of a photoinitiator induced formation of free radicals both on the plasma-treated

surface and also on the polymer, which created a non-adhesive polymer layer by covalent links.

In the same way, adhesive molecules—e.g., the adhesion-mediating peptide RGD—were subse-

quently bound to the remaining reactive groups on the polymer, using patterned UV exposure

to restrict the coupling to defined areas.

Another tested method was protein adsorption by photobleaching [250]. For this method,

chemotaxis chambers were assembled with a cell-repellent surface (BioInert substrate, ibidi)

that prevented cell adhesion. Then, a defined micro-pattern of reactive groups was created on

the surface by light-induced adsorption of alkyne-functionalised fluorescein (FAM-6). Subse-

quently, a commercial click chemistry reaction kit was used to bind a cyclic form of the adhesive

peptide RGD functionalised with an azide group to the pattern, as described in Materials and

Methods, Section 3.1.3.

However, both of the tested methods generated only faint patterns of adhesive molecules in

the bridge area that did not support cell adhesion sufficiently. The morphology and motility of

cells that were able to adhere to the patterned surface was clearly affected by a too low density

of adhesion sites (Fig 4.5).

This only occurred while micro-patterning inside the closed chemotaxis chamber. In open

systems, such as a culture dish, or in microfluidic channels with larger volumes, it was possible

to prepare micro-patterns that were recognised by cells. They adhered and showed normal mor-

phology and motility. Therefore, it seems that the specific geometry of the µ-Slide Chemotaxis

(the chamber sections adjacent to the middle channels are divided by rims that could cause

light scattering during photolithography) and low volume of the gradient area (140 nl in the

closed variant of the slide, and 300 nl in the self-adhesive variant) thwarted the fabrication of

cell migration confining micro-patterns inside of the bridge channel.
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Figure 4.5: A micrograph of the gradient area of a chemotaxis chamber show HT1080 cells
attached to a micro-pattern of RGD peptide on a PEG8norb passivated surface. The patterned
area is outlined in red. The abnormal morphology and uneven distribution of the cells indicates
poor adhesion on the pattern. Scale bar = 100 µm.

4.2 2D/3D migration arena enclosed by a cell repellent 3D

hydrogel
1

The aim of the work presented in this chapter was to produce hydrogel barriers that would

function as a membrane that prevents the cells in the gradient area of a chemotaxis chamber

from migrating into the medium reservoirs, but, at the same time, does not hinder the diffusion

of the chemoattractant and the formation of the gradient across the bridge area. A PEG-based

hydrogel was employed, which could be micro-structured by photolithography directly inside of

the chemotaxis chamber, to fabricate the 3D barriers that separated the middle channel from

the reservoirs, as depicted in Figure 4.6.

Figure 4.6: Scheme of the hydrogel-enclosed migration arena in the µ-Slide Chemotaxis. The
3D hydrogel barriers were placed between the reservoirs and the bridge area of the chemotaxis
chamber. In the resulting middle channel the cells could be seeded either in 2D, or embedded
in a 3D matrix. The figure was adapted from [281] under the terms of the Creative Commons
Attribution License.

The cell-confining migration arena is here represented by the middle channel of the chamber,

enclosed by the hydrogel structures. The 3D barriers span along the whole height of the channel

and thus enable seeding of the cells in the arena both in 2D, or embedded in a 3D matrix. In this

1Part of this chapter and figures are adopted from Tomasova et al., 2019 [281].
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set-up, the cell migration is confined only in the direction parallel to the gradient. The cells are

free to migrate along the length of the migration arena and beyond the gradient area towards

the filling ports of the chemotaxis chamber. However, in order to evaluate the chemotactic

behaviour, it is safe to neglect the migration perpendicular to the gradient.2

The functionality of this set-up was verified in cell experiments presented in Section 4.2.3.

As depicted in the scheme in Fig 4.7, the chemotaxis effect could be detected in the arena as

an accumulation of the cells at one of the barriers. In order to quantify this effect, the COMD

(centre of mass displacement) was introduced, as defined in Chapter 3.2.5.

Figure 4.7: Scheme of cell distribution in the migration arena assay at the beginning and at the
end of a chemotaxis experiment. Initially, cells are distributed homogeneously in the migration
arena. Chemotactic response to a gradient of a chemoattractant leads over time to accumulation
of cells at one side of the arena. The chemotactic effect can be identified from the end-point of
the experiment, based on the displacement of the cell mass. The figure was adapted from [281]
under the terms of the Creative Commons Attribution License.

4.2.1 Fabrication of barriers from a 3D PEG-based hydrogel

The hydrogel barriers framing the migration arena were fabricated by standard photolitho-

graphy directly inside the chemotaxis chambers (Fig 4.8). The experimental procedure is de-

scribed in further detail in Materials and Methods, Section 3.1.4. The rectangular structures—

barriers—were placed along the border of the cross-section of the reservoirs and the middle

channel of the chemotaxis chamber (2 mm), filling the whole height of the channel (i.e., 70 µm).

The width of each barrier was 300 µm, enclosing a 400 µm wide arena. Migration arena of this

width could accommodate a sufficient number of cells for a statistically relevant analysis of

chemotaxis (typically, when the cells are seeded in an optimal density, the arena holds 100-200

cells). Fabrication of a wider arena was not possible, since barriers thinner than 300 µm were

unstable, prone to bending or rupture.

The composition of the pre-polymer solution was optimised to yield stable 3D hydrogel micro-

structures. The mechanical stability of the barriers depended on the stiffness of the hydrogel,

which is related to the concentration of the PEG4norb monomers in the pre-polymer solution,

2Previous detailed analysis of cell migration in the standard µ-Slide Chemotaxis assay showed that
cell motility and displacement of the cell mass in the direction perpendicular to the gradient is not
affected by the chemoattractant [38,39,211].
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Figure 4.8: Schematic of fabrication of the migration arena. The hydrogel barriers that form the
migration arena were micro-structured photolithographically directly inside of the chemotaxis
chamber, as described in Chapter 3.1.4. The pre-polymer solution of the hydrogel was loaded
into the middle channels of the µ-Slide Chemotaxis chambers. The slide was then placed on
a quartz photomask and aligned with the rectangular pattern of the barriers. Hydrogel poly-
merisation was induced by short illumination with UV light (365 nm) through the photomask.
Non-polymerised hydrogel was washed away and the arena could be filled with cell solution for
a 2D chemotaxis experiment, or with a 3D matrix containing cells (e.g., collagen gel).

and to the ratio of the monomers and the cross-linker [270]. Barriers fabricated from too soft

hydrogel (i.e., <3 mM PEGnorb, cross-linker ratio<1) tended to swell and bend, or split. With

increasing polymer concentration and cross-linking, the gel rigidity grows; however, too high

PEG4norb concentration (>3 mM) led to an unspecific polymerisation between the barriers

in the chemotaxis chamber, which blocked the migration arena channel. Pre-polymer solution

containing 3 mM PEG4norb in 1:1 ratio with the cross-linker was optimal for fabrication of

spatially defined and stable micro-structures inside of the chamber. The densely cross-linked

network (the pore size on the scale of several nanometres [66]) and non-adhesive character of the

resulting hydrogel prevented cells from migrating into the gel, confining them in the migration

arena. The slides with the hydrogel-framed migration arenas filled with PBS could be stored

for several months at 4° C.

4.2.2 Visualisation of gradient formation in the migration arena

To verify that a stable and linear gradient was formed and sustained across the migration arena,

the concentration profile of a substance diffusing from the source reservoir was visualised over

a long-term time period in arenas filled with 3D collagen matrix, using fluorescent dyes to

simulate the chemoattractant. Two fluorophores of a different size were used, AlexaFluor 488

(643 Da), and FITC-labelled 40 kDa dextran (FITC-dextran) to represent the diffusion of

small and larger molecules, respectively. Cells in their physiological environment are exposed

to chemical agents of varying size; most of the motogenic growth factors are typically small

polypeptides with a molecular weight below 30 kDa [30,282]. The fluorescent dye was loaded in

one of the reservoirs of the chemotaxis chamber, and the fluorescence intensity was measured
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Figure 4.9: Visualisation of the gradient in the 3D migration arena assay. A. The concentration
profiles of Alexa Fluor 488 (643 Da; left) and FITC-dextran (40 kDa; right) are represented
by the fluorescence intensity, which was measured at nine positions across the migration arena
(indicated in green in the scheme in B), 30 µm above the bottom of the chamber; i.e., inside
of the 3D collagen gel that fills the migration arena. The graphs show that a long-term stable,
linear gradient was formed, and sustained up to 72 hours. Control measurements ctrl0 and
ctrl100 were performed in absence of the fluorophore, or in a chamber uniformly filled with the
maximal fluorophore concentration, respectively. Graphs show representative results of three
experiments. Due to the fluctuations in the intensity of the illumination source (mercury lamp)
between experiments, the absolute values of the measured fluorescence signal vary between the
replicates. However, the data show a stable trend that is demonstrated in the shown graphs.
Origin of the x-axis represents the centre of the migration arena. Part of the figure was adapted
from [281] under the terms of the Creative Commons Attribution License.

at several points across the migration arena (Fig 4.9B) over a 72 hours time-period with a flu-

orescence microscope (see Section 3.2.6 for experimental details). The results shown in Fig 4.9

indicate that a linear gradient was formed within several hours across the arena and remained

stable over the whole duration of the experiment. The initial phase of gradient formation of

FITC-dextran was slower when compared to AlexaFluor 488, but the gradient of the larger

molecule also reached a linear state by 4 h after the start of the experiment. The linearity of

the detected fluorescence intensity signal was verified in a separate experiment.

4.2.3 Validation of the migration arena chemotaxis assay on the example of

HT1080 chemotaxis in a FBS gradient

In order to validate the functionality of the end-point chemotaxis assay, the migration arena

assay was employed to examine the chemotaxis of HT1080 cells towards FBS. Chemotaxis

experiments were performed either in 3D (with cells embedded in a collagen I matrix), or in

2D (on a fibronectin-coated surface), as described in Chapter 3.2.4. The chemotactic effect was

evaluated from the end-point state of the experiment and quantified as COMD (introduced in
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Chapter 3.2.5). The results obtained with the end-point analysis were compared with that of

the manual tracking, and with results obtained in the standard µ-Slide Chemotaxis assay. As

control, non-directional cell migration in uniform concentrations of 10% or 0% FBS was also

studied.

The previously described chemotactic behaviour of the model cell line was first confirmed

by performing the standard µ-Slide Chemotaxis assay, following the protocol provided by the

manufacturer (see Chapter 3.2.3 for experimental details). The cell migration in the gradient

of FBS was analysed both in 2D on fibronectin coated substrate, and in 3D in a collagen type I

matrix. The coating parameters and preparation of the 3D matrix are detailed in Chapter 3.2.1.

The results of the control experiment are presented in the Fig 4.10.

Figure 4.10: Chemotaxis of HT1080 cell in a gradient of fetal bovine serum in the standard µ-
Slide Chemotaxis assay. The micrograph and the hairplots in the upper row represent HT1080
migration in a 3D collagen I matrix. The lower row of images represents the locomotion of
HT1080 in 2D, on a fibronectin-coated surface. Scale bars = 100 µm. The hairplots show
trajectories of cells that migrated in 0-10% gradients of fetal bovine serum (FBS) for 24 hours,
or in homogeneous concentrations of 10% FBS and 0% FBS, from left to right. While cells
exposed to a gradient of FBS migrate predominantly in the direction of the increasing FBS
concentration, the directions of the cell paths in the uniform conditions are random. The longer
migration paths of HT1080 in 10% FBS respective to 0% FBS indicate the chemokinetic effect
of FBS. The cell migration was monitored in the µ-Slide Chemotaxis assay via videomicroscopy
with a 10 min time-lapse interval for 24 hours, and the trajectories were reconstructed by
manual tracking of 30-40 cells per sample throughout the entire time-lapse recording. The dots
in the hairplots represent the end-point of each cell, and the red cross the centre of the cell
mass at the end of the experiment. The figure show representative results of at least three
independent experiments.

69



Verification of the bio-compatibility of the 3D hydrogel by live and dead cell staining

Before analysing the HT1080 chemotaxis in the migration arena assay, the effect of the hydrogel

barriers on cell survival was investigated. The bio-compatibility of the 3D hydrogel was verified

by examining cell viability in 3D migration arenas by differential live and dead staining with

fluorescein diacetate (FDA) and propidium iodide (PI), as described in Chapter 3.2.2. The

method is based on metabolisation of FDA into a green fluorescent metabolite—fluorescein—

by living cells. Thus, living cells could be identified by the green fluorescent signal. In contrast,

the red fluorophore PI is a DNA-binding molecule that cannot pass the intact membranes of

living cells and enters only into dead cells. Figure 4.11 shows merged fluorescent micrographs

of the live (green), and dead (red) cells in the migration arenas at the the beginning of the

experiment, and after 24 and 48 hours of cell migration. The results of the viability analysis

presented in the graph in Figure 4.11 confirm that the 3D hydrogel does not affect survival of

HT1080 cells in the arenas when compared to cells migrating in a 3D collagen matrix within

a standard µ-Slide Chemotaxis (ctrl).

Figure 4.11: Cell viability in the 3D migration arena assay. A. Viability of HT1080 cells em-
bedded in a 3D collagen matrix in the migration arena (black bars), and in standard µ-Slide
Chemotaxis (ctrl; grey bars), in gradual or uniform concentration of FBS was evaluated with
the FDA/PI live and dead staining. The bars represent the mean rate of viable cells + SD
(n=3). In average, 200 cells per arena were analyzed. B. Merged fluorescent images show an
example of live (green) and dead (red) staining of the HT1080 cells in the migration arena in
a gradient of FBS. The direction of the gradient is indicated. Scale bar = 100 µm. The figure
was reprinted from [281] under the terms of the Creative Commons Attribution License.

The viability was examined in a gradient of 10% FBS, and in uniform concentrations of

10% or 0% FBS. The viability in the serum-free conditions (0% FBS) decreases after 48 hours

incubation, but there is no significant difference between the survival in the migration arenas

and the control, unmodified µ-Slide Chemotaxis.
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Stabilisation of the 3D matrix in the migration arena by collagen coating

Studying migration and chemotaxis of the fibroblast-like HT1080 cells is most relevant in a 3D

environment, as these cells move through 3D tissues in vivo, secreting matrix metalloproteases

(MMPs) to degrade the surrounding matrix. Therefore, the cells were embedded in a 3D matrix

of bovine collagen I and their chemotactic response to a gradient of fetal bovine serum (FBS)

was evaluated by the end-point analysis in the migration arena chemotaxis assay. As the cells

moved through the 3D matrix along the collagen fibres, they exerted traction forces on the

fibres that resulted in a detachment of the matrix from the hydrogel barriers (Fig 4.12, left

panel).

This complication occurred due to the non-adhesive properties of the hydrogel barriers that

do not provide any attachment spots for stabilizing the collagen matrix in the arena. In order

to steady the collagen matrix in the migration arena, the channel was pre-coated with soluble

collagen I before the experiment. The treatment improved the stability of the 3D collagen and

prevented the matrix from shrinking and detaching from the channel surface and the barriers

(Fig 4.12, right panel).

Figure 4.12: Stabilisation of 3D collagen matrix in the migration arena. Due to the non-adhesive
properties of the 3D hydrogel, the collagen matrix shrinks in result of the forces applied on the
collagen fibres by the migrating cells (left panel). Pre-coating of the arena with soluble collagen
stabilised the matrix in the channel (right panel). Tend = 24 h; scale bar = 100 µm.

HT1080 chemotaxis in 3D collagen matrix

The chemotactic effect was investigated with cells embedded in a 3D collagen matrix that was

exposed to a gradient of 0-10% FBS, and in uniform concentrations of 10% an 0% FBS, by eval-

uation of the changes of cell distribution after 24 hours of cell migration. Micrographs presented

in Figure 4.13 show the cell distribution in the arenas at the end-point of the experiment.

As shown in the left micrograph, the cells accumulated at the upper barrier in response to the

gradient of FBS. In contrast, cells in chemically uniform environment remained homogeneously
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Figure 4.13: Chemotaxis of HT1080 in a 3D migration arena assay. The micrographs show the
cell distribution in the 3D migration arena at the end-point of the experiment; i.e., after 24
hours of migration in a gradient of 10% FBS (left), or in a uniform environment of 10% FBS
(middle), or 0% FBS (right). The chemotactic effect of the FBS gradient leads to an non-
homogeneous cell distribution at the end-point of the experiment. Scale bar = 200 µm. The
figure was adapted from [281] under the terms of the Creative Commons Attribution License.

distributed in the arenas. The migration of cells in the migration arena was recorded for the

whole time of the experiment (24 hours), with a 10 min time-lapse interval, and the first and

last frame of the sequence were employed to compute the COMD, as described in Section 3.2.5.

The end-point analysis of the COMD correctly identified the expected chemotactic response to

the FBS gradient (Fig 4.14): the COMD in the gradient (51 µm) was significantly higher than

the COMD in uniform environment (< 2 µm).

Figure 4.14: Analysis of chemotaxis in a 3D migration arena assay with a gradient of 10% FBS,
and in uniform concentrations of 10% and 0% FBS. The chemotactic effect represented by
the COMD was evaluated in the migration arena from the end-point cell distribution, and by
manual tracking of 30-40 cells in each arena (left graph). All cells in the arena (100-200) were
included in the end-point analysis. The graph in the right side of the figure shows the results
of a control experiment that was performed under the same conditions in the standard µ-Slide
Chemotaxis assay. The bars show the mean COMD ± SEM (n=3). ∗ indicates significantly
different means (ANOVA analysis followed by Dunnett test; p<0.05). The figure was adapted
from [281] under the terms of the Creative Commons Attribution License.
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To verify the results of the end-point analysis, migration trajectories of 30-40 cells in each

arena were tracked manually, and the centre of mass displacement was evaluated with the

Chemotaxis and Migration Tool software (ibidi) that is standardly used for analysis of the

cell trajectories in the µ-Slide Chemotaxis assay. For a further control, the experiment was

repeated under the same conditions in the standard µ-Slide Chemotaxis assay. The results

are shown in the right graph in Figure 4.14. Due to the different width of the cell migration

area in the migration arena assay and the standard µ-Slide Chemotaxis assay, the absolute

values of the COMD differ, but the trend show the same result; i.e., that the gradient of FBS

induces chemotaxis of HT1080 cells in 3D environment; and that such chemotactic effect is not

present in the control samples with uniform concentrations of FBS. For the manual tracking,

only viable, motile cells were selected.

In the samples with the FBS gradient three scenarios of cell behaviour were observed in the

migration arena when the cells reached the hydrogel barrier: 1) attempt to persist in forward

migration, that resulted in sliding motion along the barrier; 2) arrest of migration; the cells

stalling at the barrier; 3) change of the direction—in such case, the cell migrated back from

the densely inhabited area at the barrier towards the centre of the migration arena, until the

chemotactic stimuli prevailed again, and the cell turned back towards the barrier. 3

HT1080 chemotaxis in 2D on a fibronectin coated surface

Further, chemotaxis of HT1080 in 2D conditions was investigated. This was done in order to

verify that the end-point assay is suitable for examining cell migration in 2D as well, and could

be therefore employed for studying chemotactic behaviour of basal keratinocytes, which is the

next objective of this thesis.

For 2D experiments, the migration arenas were coated with fibronectin in order to improve

the attachment and migration of HT1080 cells. The experiments were performed under the

same conditions as in 3D. Again, the chemotactic effect of 0-10% FBS was compared with

random cell migration in an uniform environment of 10% and 0% FBS (Fig 4.15).

The end-point analysis of the COMD was verified by the analytical method employing the

manual tracking and the results were compared with results of an analogous experiment carried

out with the standard µ-Slide Chemotaxis assay. The graphs in Figure 4.15 demonstrate similar

trends as observed in the 3D chemotaxis experiment, clearly showing the chemotactic response

of cells exposed to the gradient, and random migration of cells in a chemically homogeneous

environment. As to the control experiments in the uniform conditions, the 10% FBS induced

random cell motility (chemokinesis), which resulted in a larger scatter of the COMD values,

compared to 0% FBS samples. The higher results of manual tracking (when compared to

the end-point analysis) could be explained by an observer bias: for the manual tracking only

3The latter observation demonstrates that micro-structuring of the 3D hydrogel inside of the chemotaxis
chamber could provide an interesting tool for studying the relation of cell migratory response to
chemical and mechanical stimuli.
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motile cells are selected, whereas the end-point analysis reflects all cells in the arena, including

immobile or dead cells.

Figure 4.15: Chemotaxis of HT1080 in the 2D migration arena assay. Micrographs show the
cell distribution in 2D migration arenas after 24 hours of migration in a 0-10% gradient of
FBS (left), or in an uniform environment of 10% FBS (middle), or 0% FBS (right). The
chemotactic effect of the FBS gradient leads to an uneven cell distribution at the end-point of
the experiment. Scale bar = 200 µm. The left graph shows the COMD of HT1080 cell migrating
for 24 hours in a gradient (black bars), or in uniform concentrations of FBS (grey bars) in 2D
migration arenas. The chemotactic effect was evaluated from the end-point cell distribution in
the arena. All cells in the arena (100-200) were included in the end-point analysis. Besides,
30-40 cells in each arena were tracked manually and the COMD was evaluated based on the
trajectories (left graph). Results of a control experiment carried out in the standard µ-Slide
Chemotaxis assay, are shown in the graph on the right. The bars represent the mean COMD
± SEM (n=3). ∗ indicates significantly different means (ANOVA analysis followed by Dunnett
test; p<0.05). The figure was adopted from [281] under the terms of the Creative Commons
Attribution License.
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Analysis of single cell migration trajectories in the arena assay

In the 2D and 3D HT1080 chemotaxis experiments, the trajectories of individual cells moving in

the migration arena were reconstructed in order to verify the results of the end-point analysis by

another, standardly used analytical method. The migration trajectories were further analysed

to characterise the motility of cells confined in the arenas on a single-cell level. The hairplots

in Figure 4.16 demonstrate the trajectories of HT1080 cell migrating in the 3D or 2D migration

arenas. Besides, parameters describing cell migration, such as forward migration indices (FMI),

directness, and velocity were computed from the trajectories with the Chemotaxis and Migration

Tool (the parameters are described in detail in Chapter 2.3.5). The cell trajectories were

deformed along the x-axis, as a result of the confinement of the migration in y-direction in the

arenas. The FMI, representing the tendency of cells to migrate in the direction of the gradient

(i.e., the chemotactic effect), showed the same result as the analysis of COMD. The directness

represents the persistence of cell movement along a straight path, regardless of the gradient

direction. Exposure to the gradient slightly increased the tendency to pursue the locomotion

in one set direction. In contrast, randomly migrating cells in the uniform 10% concentration

of FBS changed the direction more frequently. They also moved faster than cells in serum-free

conditions. The velocity that increased with the overall concentration of FBS in the system

corresponds with the chemokinetic activity of FBS, that was observed previously in the standard

µ-Slide Chemotaxis assay as well (Fig 4.10; and [39]).
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Figure 4.16: Analysis of cell trajectories in the 3D and 2D migration arena assay. Individual
trajectories were retrieved by manual tracking of HT1080 cells migrating for 24 hours in a gra-
dient or uniform concentrations of FBS in the migration arena assay, either in a 3D collagen
matrix, or in 2D on a fibronectin coated surface. The hairplots show representative results of
three independent replicates. The red crosses indicate the centre of mass of the end-points of
the tracked cells. Numbers of analysed cells are indicated. Based on the trajectories, further
parameters describing cell migration, FMI, directness, and velocity (as defined in Chapter 2.3.5)
were evaluated with the Chemotaxis and Migration Tool. The bar graphs show the mean of
three independent experiments ± SEM; ∗ indicates significantly different results (ANOVA ana-
lysis followed by Dunnett test; p<0.05). The figure was adopted from [281] under the terms of
the Creative Commons Attribution License.
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4.3 Discussion

The first objective of this work addressed in this chapter was the development of an end-point

method for analysing chemotaxis of slow-moving cells based on the µ-Slide Chemotaxis assay.

First, the options of modifying the gradient area of the µ-Slide Chemotaxis with advan-

ced UV-responsive materials and methods of chemical surface modifications were investigated.

Based on the results of these investigations, the migration arena assay from PEGnorb hydrogel

was established. It proved to be a suitable platform for studying chemotaxis both in a 2D and

3D environment, and a fast and simple method for quantifying the chemotactic effect was intro-

duced. Finally, the functionality of the modified chemotaxis assay and the analytical method

based on the end-point of the migratory response was verified on the model example of HT1080

chemotaxis.

4.3.1 Limitations regarding chemical functionalisations in the gradient area

of the µ-Slide Chemotaxis

The methods that were employed to modify the gradient area with a pattern restricting the

cell migration can be categorised from two different perspectives:

1. in respect to the principle of cell confinement; the area of cell migration being defined by:

− spatial barriers from a non-adhesive polymer that were micro-structured on a cell-

adhesive substrate, enclosing cell migration arenas or micro-wells

− patches of adhesive molecules micro-patterned on a passivated, cell-repellent sub-

strate;

2. in respect to the fabrication procedure; the patterns were prepared:

− directly inside of a closed chemotaxis channel, by photolithographic methods

− in an open system, on a substrate that was subsequently mounted to the sticky-Slide

Chemotaxis;

To the first point: confining cell migration between three-dimensional non-adhesive micro-

structures allowed for a specific cell attachment and yielded better results than the 2D micro-

patterning. It was not possible to manufacture adhesive patterns providing adhesion sites of

a satisfactory density to efficiently support cell attachment with the tested micro-patterning

methods; especially not when the patterns were prepared directly inside the closed channel. The

specific geometry and particularly the low volume of the bridge area of the chemotaxis channel

(140 nl) thwarted the efficiency of in-channel micro-patterning, resulting in blurred patterns

and, if any, only a weak attachment of cells that did not permit efficient locomotion. Optimizing

the chemistries of the micro-patterning methods such as varying the passivation agents or the

adhesive molecules (e.g., substituting the linear RGD with fibronectin, or a cyclic form of
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the peptide that has a higher affinity to integrin receptors [283]), or increasing the reaction

volume by refilling the chemotaxis chamber during the reaction time in order to improve the

material exchange did not sufficiently improve cell attachment. Besides, it is possible that light

is reflected from the top surface of the channel or the rims of the adjacent reservoirs during

photolithography, and disturbs the in-channel micro-patterning. In contrast to the 2D micro-

patterns, cell attachment inside of the areas defined by the 3D micro-structures (i.e., migration

arenas enclosed by the 3D PEG4norb hydrogel, and PEG-DMA micro-wells) was not affected.

The morphology and migration of the cells was normal, comparable to cells in culture or in the

standard µ-Slide Chemotaxis assay.

In respect to the second point; i.e., fabrication of the confinement patterns directly inside

of the chemotaxis chamber, or assembly of the chamber with a pre-patterned substrate: the

latter approach turned out to be inapt due to the need of a precise positioning of the pattern

inside the gradient area of the chemotaxis chamber. Because the patterned substrates were

fixed manually to the sticky-Slide Chemotaxis, achieving a perfect alignment was challenging,

and the success rate unsatisfactory (< 30%).

As stated above, in-channel micro-patterning also did not yield the desired results. Thus, the

remaining and most effective approach was the in-channel micro-structuring of 3D barriers from

PEG4norb-based hydrogel. Besides, the resulting migration arena has the notable advantage

that it can accommodate both cells seeded directly on the surface (in 2D), or embedded in

a 3D matrix; thus providing for a more versatile end-point chemotaxis assay. The light-induced

polymerisation and micro-structuring of the thiol-ene cross-linked PEG4norb hydrogel is a well

established method [265, 284, 285]. The hydrogel, cross-linked with a cell-degradable peptides

and decorated with the adhesion peptide RGD, was previously used as a synthetic ECM for

studying the migration of cells encapsulated in a precisely defined 3D environments [19,66,270,

286]. Such set-up; i.e., utilizing a peptide-decorated PEG4norb hydrogel as a cell-degradable

synthetic matrix, in combination with the possibility of micro-structuring the hydrogel inside of

the chemotaxis chamber offers for an intriguing tool for studying further aspects of chemically

directed cell migration in defined 3D micro-environments.

4.3.2 Migration arena chemotaxis assay

Modification of the µ-Slide Chemotaxis with the hydrogel barriers enabled the end-point eval-

uation of chemotaxis, and at the same time, the characteristic qualities of the standard assay

were not corrupted by the micro-structures. Most importantly, it was verified that the barriers

did not hinder the formation of the gradient. Comparable to the standard chemotaxis cham-

ber [211], a linear gradient was formed in the migration arenas within few hours, and remained

stable over more than 48 hours (Fig 4.9). This makes the assay optimal for investigating the

chemotactic behaviour of slow moving cells.

Another important feature of the assay is the accessibility of cells for an optical control

during the whole time of the experiment. The lack of the optical control is one of the most
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reproached drawbacks of other end-point migration assays; e.g., the Boyden chamber type of

assays [40, 187]. The geometry of the µ-Slide Chemotaxis chamber enables visualisation of the

cells in the low (70 µm) bridge area with a high imaging quality, even in case of cells embedded

in a 3D matrix. This also made it possible to verify that the confinement between the hydrogel

barriers does not affect cell viability by fluorescent labelling of living and dead cells directly

inside of the migration arena (Fig 4.11).

End-point based approach for evaluation of the chemotactic response

By confining the cells in the arenas, evaluation and quantification of the chemotactic effect from

the end-point state of the experiment was made possible. The end-point analysis substantially

accelerated the evaluation of the assay, in comparison to the usually employed manual recon-

struction of the complete cell migration trajectories that is required by the standard µ-Slide

Chemotaxis assay; thus providing for an increased experimental throughput.

For illustration, the end-point analysis of one migration arena requires evaluation of the

cell distribution at the start and at the end of the experiment (i.e., two micrographs). If the

image quality allows to automatise the recognition of cell bodies, the analysis can be carried

out virtually within few seconds. If the cell coordinates have to be determined manually,

positions of approximately 100-200 cells (the typical number of cells in one migration arena)

have to be marked in the two micrographs, resulting in 400 “mouse-clicks”. This can be done

in several minutes. In the standard µ-Slide Chemotaxis assay, cell migration of slow moving

cells is recorded for several hours, with a time-lapse interval of 5-10 minutes. A typical video-

sequence of HT1080 chemotaxis is recorded for 24 hours with a 10 min time-lapse interval,

resulting in 145 frames. In order to reconstruct the complete migration trajectories and to

obtain a statistically relevant result, 30-40 cells per sample are tracked through the whole

time-lapse sequence, representing more than 5000 “mouse-clicks”; the analysis of one sample

typically taking 30-45 min.

To analyse the chemotaxis of HT1080 cells in 2D and 3D, a data set that consisted of 18 in-

dependent samples was generated (Figs 4.14, 4.15).4 With the end-point analysis, such data-set

can be processed within several hours. In contrast, reconstruction of all cell trajectories needed

to evaluate the whole data-set with manual tracking would take several days. Therefore, the

end-point analysis could considerably facilitate chemotaxis studies that cover a larger number of

samples, such as clinical testing, or screening for chemoattractants or inhibitors of chemotaxis.

Moreover, the end-point analysis can be further simplified by fluorescent labelling of cell

nuclei for more stable automatic detection of cells. Also, if the cells after seeding are homoge-

neously distributed around the centre of the arena in a reproducible way, the COMDstart can

be considered constant. The chemotactic effect can then be evaluated solely from the end-point

state of the experiment, assuming COMDend = COMD. The homogeneity of the cell seeding

4In each experiment, three 2D samples and three 3D samples were evaluated (0-10% FBS, 0% FBS,
and 10% FBS), and all experiments were repeated three times.
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depends on multiple factors including cell density, quality of surface coating, or cell type; how-

ever, in our experiments, the centre of the total cell mass was usually superimposed with the

centre of the arena (± 3% of the arena width). Actually, the hydrogel barriers, representing

a mechanical barrier between the bridge channel and the reservoirs of the chemotaxis cham-

ber, facilitated a regular flow of the cell suspension during seeding, resulting in more stable

uniformity of the cell distribution relative to the standard chemotaxis chamber, where the cell

suspension often spill into the reservoirs (Fig 4.1).

The results of the HT1080 chemotaxis analysis showed that in order to correctly identify

the chemotactic effect, the time-saving end-point evaluation can be safely used to replace the

challenging analysis of single cell migration paths. The results were verified by manual tracking

of the cells in the migration arena, and by comparing them with results obtained in the standard

µ-Slide Chemotaxis assay. Overall, the outcome of the compared methods corresponded with

the results of previous studies of HT1080 chemotaxis [39].

Nevertheless, it should be noted that the end-point evaluation is based on the whole popu-

lation of cells in the migration arena. Comparison of the two analytical methods (end-point,

and manual tracking) in the 2D HT1080 chemotaxis experiment (Fig 4.15, left graph) showed

higher statistical significance of the manual tracking of cells in the migration arena, although

the number of analysed cells is higher in the end-point approach (n=100-200; while n=40 for

manual tracking). This could be caused by the observer bias that is implemented in the manual

tracking analysis, selecting only complete tracks of cells for evaluation (i.e., cells that migrate

throughout the whole duration of the experiment), whereas immobile cells, or cells that died

during the experiment were not tracked. Yet, such cells are still included in the end-point

analysis that evaluates the migratory behaviour of the entire population as a whole. In the

experiments presented in this chapter, the bias caused by this effect was only notable in the

analysis of HT1080 migration in 2D in the serum-free environment (0% FBS); i.e., conditions

under which the subpopulation of immobile and dead cells represented a larger fraction of the

population compared to the other analysed samples. In the experiments under different con-

ditions, the share of non-motile cells on the overall migratory behaviour of the population did

not significantly affect the result. A study of Friedl et al. [42] from 1993 comparing several

analytical methods of leukocyte migration showed that under certain conditions, the analysis

of manually reconstructed migration paths was more sensitive than evaluation of the end-point

COMD of the whole population. As noted above, the advantage of the migration arena che-

motaxis assay is that the cells are accessible for real-time monitoring, providing for a control

of the viability and overall behaviour of the cells in the population; and, if needed, the indi-

vidual cell trajectories can be reconstructed in order to analyse the migration of single cells in

the arena in detail (Fig 4.16). Yet again, in such case, it has to be accounted for the effect

of the confinement imposed by the hydrogel barriers that limits the distance travelled in the

gradient direction, and leads to a deformation of the migration paths along the x-axis (i.e., in
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the direction perpendicular to the gradient).

Therefore, the choice of the experimental tool and the analytical method should be suited

to the scientific question of each particular study. For analysing the parameters of single cell

migration, the standard µ-Slide Chemotaxis assay, permitting unconfined locomotion in all di-

rections, is an optimal tool. However, taken together, the experiments presented in Section 4.2.3

verified that the migration arena chemotaxis assay, employing the time-saving end-point ana-

lysis, is a suitable approach for identification of a chemotactic effect in cell populations; thus

providing an optimal platform for studying chemotaxis of slow moving cells with an increased

experimental throughput.
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5 Chemotaxis of primary keratinocytes:

Results and Discussion
1

In order to identify a chemoattractant and the optimal gradient parameters to stimulate directed

migration of KCs, the migration arena chemotaxis assay described in Chapter 4.2 was employed

to investigate the chemoattractant capacity of several growth factors (GFs) toward normal

human epidermal keratinocytes (nHEK). For these experiments, five agents were selected that

were previously described as potent motogens of keratinocytes: EGF, TGFβ-1, TGFα, insulin,

and BPE (bovine pituitary extract) [69,71,75–79].

In vivo, keratinocytes migrate into the wound bed along the basal membrane; thus, in 2D-

like conditions. Therefore, the chemotaxis of nHEK cells was examined in 2D; in migration

arenas pre-coated with fibronectin. nHEK cells were cultivated in a medium for epithelial

cells, supplied with additives improving the cell growth; including insulin, BPE, and other

GFs (the exact composition of the complete medium is described in Chapter 3.2). The nHEK

chemotactic response was investigated on the background of either complete medium (CM), or

basal medium without additives (BM). Each of the five examined agents was applied in three

different maximal gradient concentrations. The gradients started from zero concentration; i.e.,

one of the reservoirs of the chemotaxis chamber was filled with the agent solution of given

concentration; while the other reservoir and the cell containing arena were filled with the

background medium (Fig 5.1). Exceptions were the gradients of insulin and BPE in CM, since

Figure 5.1: GF-induced nHEK chemotaxis: scheme of the experimental set-up. To establish the
gradient, one reservoir of the chemotaxis chamber was filled with medium (basal or complete,
BM or CM), and the other reservoir with GF solution in the respective medium. GFs were
applied in the concentrations listed in the table. In control samples (ctrl), both reservoirs were
filled with BM or CM, respectively.

1Part of this chapter and figures are adopted from Tomasova et al., 2019 [281].
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these factors are already present in low concentration in the background medium.

The experimental procedures and materials are described in detail in Section 3.2.

5.1 Effect of growth factors on nHEK migration—time

development of the chemotactic response

First, it was necessary to determine the optimal duration of the experiment for the end-point

analysis. For that purpose, migration of nHEKs exposed to the GF gradients in the migration

arena was recorded by time-lapse microscopy for 24 h with 1 h interval (see Sections 3.2.4 - 3.2.6

for experimental details), and COMD was computed for each frame of the sequence (Fig 5.4).

The nHEK cells showed a relatively stable circular shape with easy detectable integral edges,

which made it possible to automatise the determination of their coordinates in the migration

arena with the help of the ImageJ plug-in Analyse Particles. An automated image processing

routine was established for this purpose, as described in Chapter 3.2.5. The required image

processing steps are illustrated in Fig 5.2A. The accuracy of the automated approach was

verified by comparison with COMD computed from values of cell ordinates that were retrieved

manually (Fig 5.2B). This approach enabled rapid processing of the voluminous sample set

(28 samples ×24 frames ×3 replicates resulted in more than 2000 analysed micrographs (see

Fig 5.1)).

The obtained data show that in the samples where a positive chemotactic response was

detected, the COMD increased gradually in the first several hours and after reaching the max-

imum, it remained stable for the remaining time of the experiment. The duration of the initial

period depended on the agent, and the slope of the gradient (Fig. 5.4). For example, EGF

induced chemotaxis most potently in BM at the concentration of 10 ng/ml, and the respective

COMD reached the maximal values faster, when compared to the other tested gradients of EGF.

In contrast, there is no significant difference in the time course of the chemotactic response in

TGFα gradients. In all positive samples the COMD value reached its plateau by 10–15 h after

the beginning of the experiment. Therefore, 20 h was chosen as a suitable and reliable end-point

for the nHEK chemotaxis experiments. The distribution of cells in the migration arenas at this

time-point is depicted in Fig 5.3.
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Figure 5.2: Automated end-point analysis of the migration arena assay. A. Work-flow of the
image processing. The automatic end-point analysis with the ImageJ Particle Analyser requires
processing of the raw phase-contrast data in order to provide a binary image. The micrographs
represent a detail of a migration arena with nHEK cells at the start of a chemotaxis experiment
(upper row), and after 20 hours of migration in a chemoattractant gradient (lower row). The
phase contrast micrographs were transformed with the ImageJ software by subtracting the
background and tresholding (binarisation). The last images in the row show the cell bodies
that were automatically recognised by the Analyse Particles command (blue). B. Comparison
of the automatic and manual end-point analysis of COMD of nHEK cells. Time-development of
the average cell position in the gradient direction (COMDend) is shown in the graph. Migration
of nHEK cells in a gradient of a chemoattractant was recorded for 20 hours with 1 hour time-
lapse interval, and the COMDend was determined for each frame of the video-sequence by the
automatic analysis using the ImageJ Analyse Particles command (dots connected by a full
line), or by manual detection of cells (asterisks connected by a dotted line). The automatic
particle recognition yielded the same results as the manual detection of cell bodies in the end-
point micrograph of a migration arena. At very high cell densities that can occur due to the
accumulation of cells at the hydrogel barrier, the particle recognition is less accurate, since
multiple cell bodies could merge in bigger clusters that are recognised as a single particle (this
effect can be observed in the graph as the COMDend peaks at 12-14 hours). However, the
deviation from the results retrieved by manual cell selection is minimal. The decrease of the
COMDend towards the end of the experiment (t>12 h) that was measured both with manual,
and automated analysis results from proliferation of the accumulated cells (as the cell mass
grows, it spreads back towards the centre of the channel).
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Figure 5.3: EGF, TGFα, and BPE, but not insulin, or TGFβ induce chemotaxis of nHEK.
Micrographs show the nHEK distribution in the migration arena at the end-point of the expe-
riment; i.e., after 20 h after cell migration in the gradient. Chemoattractant is placed in the
upper reservoir. Cell accumulation at the upper side of the arena indicate chemotactic effect of
the respective GF. The maximal concentration of GFs is indicated. The presented micrographs
are representative examples of four biological replicates. Scale bars represent 100 µm and apply
to all micrographs.
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Figure 5.4: Time-lapse analysis of nHEK chemotaxis: EGF and TGFα . Cell migration in
fibronectin coated arenas in gradients of several GF on the background of basal (BM; black
bars) or complete medium (CM; grey bars) was recorded for 24 h with 1 h time-lapse interval.
To identify the time of the best chemotactic response, the COMD was determined by end-point
analysis of every time-lapse frame. The bar graphs show mean COMD ± SEM (n=3); all graphs
are scaled identically. Maximal concentrations of gradients are indicated in the graphs. Data
were analysed with ANOVA test followed by Dunnett’s multiple comparisons test (t0 vs. tn);
stars indicate means significantly different from t0. The figure was adapted from [281] under
the terms of the Creative Commons Attribution License.

87



Figure 5.5: Time-lapse analysis of nHEK chemotaxis in gradients of TGFβ, insulin, and BPE.
Mean COMD ± SEM (n=3); all graphs are scaled identically. ANOVA test was followed by
Dunnett’s multiple comparisons test (t0 vs. tn); stars indicate means significantly different from
t0. The figure was adapted from [281] under the terms of the Creative Commons Attribution
License.

88



5.2 TGFα, EGF, and BPE induce chemotaxis of nHEKs

The chemotactic behaviour of nHEK cells migrating in the presence of GF gradients was eval-

uated from the cell distribution in the migration arena from the micrographs taken 20 h after

addition of the GFs (Fig 5.3). The accumulation of cells on the chemoattractant side of the

arena in the gradient of the chemotactically active agents was easily detectable by eye. In con-

trast, cells of the control sample (ctrl) migrating in absence of GFs gradient were distributed

uniformly in the arenas, as were also the cells exposed to gradients of chemotactically inactive

GFs. The measured chemotactic effect represented by COMD is presented in Fig 5.6. Positive

chemotaxis of nHEK cells was induced by EGF, TGFα, and BPE. The EGF-induced chemotac-

tic response was concentration-dependent; steeper EGF gradients stimulated chemotaxis more

effectively. Besides, the chemotactic effect was weaker in CM. TGFα stimulated chemotaxis in

Figure 5.6: GF-induced chemotaxis of nHEK cells. Chemotactic response of nHEK cells to
gradients of EGF, TGFα, TGFβ, insulin and BPE was evaluated in the migration arena assay
from the end-point cell distribution after 20 hours of migration. The maximal concentration
of each gradient is indicated in the graph. All gradients start from zero, with the exception
of insulin and BPE, which were contained already at low concentrations in complete medium
(0.4% BPE, 5 µg/ml insulin). In the basal medium, the gradients of these factors also started
from zero. The bar graph show the mean COMD ± SEM (n=4); ∗ indicate means significantly
different from control (ANOVA followed by Dunnett’s test; p<0.05). Mean COMD ± SEM
is also listed in a table. The figure was adapted from [281] under the terms of the Creative
Commons Attribution License.
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a comparable manner in all tested concentrations, both on the background of BM and CM.

The GFs mixture BPE showed chemotactic activity in CM at 20% concentration; however, no

cell response was observed at lower BPE concentrations or in BM. No chemotactic activity

of insulin of TGFβ was detected, apart from a surprising negative chemotactic effect of the

steepest gradient of TGFβ in CM.

5.2.1 Cell proliferation does not bias the measured chemotaxis effect

Common problem of end-point migration assays is how to distinguish the effect of cell motility

from cell proliferation. These processes are tightly interconnected in cells and many growth

factors responsible for activation of cell migration also stimulate cell growth [51,287]. Therefore,

an increased proliferation of cells exposed to the chemical agent has to be taken in account.

Furthermore, cell proliferation could bias the chemotactic effect; or, in fact, the accumulation

of cells on the chemoattractant side of the migration arena at the end-point of the experiment

could be solely a result of the GF-induced proliferation. For that reason, a control chemotaxis

experiment was performed in the presence of the cell growth inhibitor mitomycin C (MMC).

Mitomycin C, also used in anti-tumour therapy, is a DNA cross-linker, and it is cytotoxic in

higher concentrations [288]. However, in an optimal concentration it prevents cell doubling

independently from cell motility and is therefore often applied as the anti-proliferative drug of

choice in migration assays (e.g., wound healing assay), in order to separate the proliferation

effect from migration [289–292].

To optimise the MMC treatment for nHEK cells, a 24 hours time-lapse video of cells migrating

on a fibronectin-coated surface was recorded, and the proliferation and viability of cells treated

with either 10 µg/ml, or 50 µg/ml MMC for the whole time of the experiment, or pre-treated

with the drug for 3 hours before the experiment was compared optically. Samples treated for

longer than three hours or with the higher drug concentration showed increased mortality and

impaired motility (Fig 5.7). Cells pre-treated for 3 hour with 10 µg/ml MMC behaved com-

parably to control cells migrating in hunger (basal) medium (BM), and proliferated less than

the cells of another control sample, growing in the complete medium (CM). Therefore, for the

chemotaxis experiments, the cells were seeded in the fibronectin-coated migration arenas and

after cell attachment the samples were incubated for three hours with 10 µg/ml MMC. Then,

the channel of the migration arena was washed with MMC-free medium and the reservoirs of

the chamber were filled with the respective chemoattractant solutions to induce chemotaxis.
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Figure 5.7: Inhibition of cell proliferation—optimisation of MMC treatment. nHEK cells were
seeded in fibronectin coated channels and treated with mitomycin C, either 3 h prior to the
experiment, or exposed to the drug for the whole time of the experiment; i.e., for 24 hours.
Micrographs show the cell morphology and density at the end-point of the experiment. Adhered
cells with normal morphology appear on the micrographs as dark with bright edges, whereas
dead or improperly adhered cells can be distinguished as bright, small, round dots. In the right
panel are shown the control cells growing in MMC-free, complete or basal (hunger) media. Scale
bar = 100 µm applies to all micrographs.

No significant difference between the chemotaxis of normally proliferating and MMC-treated

cells was observed (Fig 5.8). Therefore, it can be assumed that the accumulation observed in the

previous experiment indeed resulted from GF-induced directed locomotion. MMC treatment

was also applied on samples that showed different chemotactic response in basal and complete

medium; i.e., EGF and BPE (see Fig 5.6). The motivation for these experiments was the

hypothesis that the cell growth is differentially stimulated in BM and CM, and such unlike

growth could result in the observed discrepancy in the chemotactic behaviour. However, the

inhibition of cell growth did not significantly affect the COMD in either medium in respect

to normally proliferating cells (Fig 5.8). For example, if the response of MMC-treated cells

(grey bars) is compared to the gradient of 100 ng/ml EGF, it shows that directed migration is

induced only in the basal medium.
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Figure 5.8: Chemotaxis of MMC-treated cells. Proliferation does not affect directed migration
of nHEKs in the migration arena. Cell were pre-treated for 3 h with 10 µg/ml MMC before
applying the gradients that induced chemotaxis in the previous experiments. Besides, effect of
cell proliferation was investigated in those samples where differential response to a GF gradient
was observed in basal, and complete medium. The bars represent the mean COMD ± SEM
(n=3). No significant differences were between COMD of normally proliferating (black bars),
and MMC-treated cells (grey bars). The figure was adopted from [281] under the terms of the
Creative Commons Attribution License.

5.2.2 Interplay of signals: chemotactic response to gradients of mixed GFs

In vivo, cells are exposed to multiple signals at once. Chemotactic activity of GFs in vitro

can be affected by the presence of another substance—combination of two and more GFs can

lead to amplification, or attenuation of the chemotactic response [293]. Therefore, chemotaxis

was investigated in nHEK cells that were exposed to gradients of combined growth factors.

Gradients of pairs of GFs, and of all factors mixed together (“all”) were applied in BM, and the

COMD was compared with the previously measured chemotactic effect of single GFs (Fig 5.9).

The results showed that insulin significantly reduced the EGF-stimulated chemotaxis; similar

effect had also TGFβ. The chemotactic activity of TGFα was not significantly affected by

addition of other GFs. Surprisingly, although none of these factors showed any chemotactic

activity in BM on itself, combination of TGFβ and insulin induced a negative chemotaxis effect,

similar to the effect of TGFβ in CM described above.
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Figure 5.9: Effect of gradients of combined GFs on nHEK chemotaxis. COMD of nHEK cells
exposed to gradients of two and more combined GFs was measured in the migration arena
assay and compared with chemotactic response to gradient of single GFs. Bar graphs show
COMD ± SEM, n=4. Statistical analysis was performed by ANOVA followed by Dunnett’s
test; p<0,05. The first bar in each graph represents the COMD of randomly migrating nHEKs
in BM (ctrl), the second bar the COMD of cells exposed to a single gradient of the indicated
GF. The maximal concentrations of the gradients were 10 ng/ml for EGF, TGFβ, and TGFα,
5 µg/ml insulin, and 20 % BPE. The figure was adopted from [281] under the terms of the
Creative Commons Attribution License.

5.2.3 Specificity of the EGF- and TGFα-induced chemotactic response -

inhibitor test

The experiments described above identified TGFα and EGF as potent chemoattractants of pri-

mary keratinocytes. These structurally similar polypeptides are members of the EGF family

of growth factors, and are ligands of the EGFR (epithelial growth factor receptor). EGFR is

a receptor tyrosine kinase (RTK) that dimerises upon binding its ligand, and tranduces the

signal into the cell by triggering a cascade of phosphorylation of diverse factors. EGFR sig-

nal transduction pathway is involved in the coordination of several vital processes in epithelial

cells, including cell motility [294]. In order to verify the specificity of the observed chemotac-

tic response, it was further investigated how inhibition of EGFR signalling affects the EGF-
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and TGFα-induced chemotaxis. The EGFR inhibitor tyrphostin (AG-1478) or EGFR-specific

antibody 255 were added into the medium in the chemotaxis experiment, as described in Chap-

ter 3.2.4. The chemotactic response of nHEK cells in presence of the inhibitors and EGF or

TGFα gradients in BM was measured in the migration arena chemotaxis assay. Tyrphostin is

an inhibitor of the intracellular tyrosine-kinase activity of the receptor, while the EGFR anti-

body blocks the extracellular part of EGFR and prevents its interaction with the ligand. The

results of the experiment are shown in Figure 5.10. TGFα-induced chemotaxis was impaired

by both inhibitors. Tyrphostin also reduced the EGF-induced chemotactic effect, although the

result was not statistically significant. The EGFR antibody at the employed concentration did

not affect EGF-induced chemotaxis. In previous experiments, a chemotactic effect of BPE in

CM was also detected. Since BPE is an undefined mixture of GFs, presumably also containing

EGFR ligands, it was also tested if the BPE-induced chemotaxis is—at least partially—EGFR

dependent. Indeed, a similar trend could be observed in the result as for EGF, however, the

difference in COMD of tyrphostin-treated and control cells were not statistically significant.

Figure 5.10: EGF- and TGFα - induced chemotaxis is EGFR dependent. Signals from both
EGF and TGFα are transferred into the cell by EGFR. Cell chemotaxing in gradients of EGF,
TGFα , and BPE were treated by EGFR inhibitors (EGFR antibody, EGFR AB; and tyrosine
kinase inhibitor tyrphostin AG-1478, TKI), and the COMD was evaluated after 20 h. Mean
COMD ± SEM (n=4); * indicate means significantly different from control (ANOVA followed
by Dunnett’s test; p<0.05). The figure was adopted from [281] under the terms of the Creative
Commons Attribution License.
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5.3 Discussion

Migration of epithelial cells plays a crucial role in wound healing and related pathologies. There-

fore, its activation and mechanisms of its guidance were thoroughly studied in the past. Many

signals were identified to affect KCs behaviour, involving both mechanical and chemical stimuli,

originating from wound-related cells and ECM components. Signal transduction pathway of

EGFR, a membrane receptor highly expressed by epithelial cells, is one of the best studied

signalling pathways. The chemokinetic effect of several wound-related GFs was described, in-

cluding EGFR ligands EGF and TGFα. Because it is apparent that the KCs are navigated into

the wound bed by GF-induced chemotaxis, multiple studies concentrated on uncovering the che-

moattractants of these cells. However, the choice of experimental methods (mostly, Boyden, or

transwell assay) did not reflect the need of exposing the slow moving cells to a long-term stable

gradient in order to reliably discern between chemokinesis and proper chemotaxis. Therefore,

the results remain inconclusive.

By employing the migration arena assay, it was possible to reliably identify GF-induced

chemotaxis of primary keratinocytes, and the fast end-point analysis approach enabled investi-

gation of the chemotactic behaviour of nHEKs in multiple chemical gradients. The chemotactic

effect of five motogens was analysed: EGF, TGFα, TGFβ, insulin and BPE, applied in gradi-

ents of varying steepness, on the background of basal and complete media. Further experiments

examined whether cell proliferation affects the chemotactic behaviour, and the cell response to

gradients of combined GFs was studied, too.

The results of this work confirmed the potency of EGF family growth factors to induce

directed migration of KCs (Fig 5.6). The motogenic activity of EGF and TGFα on epithelial

cells and its important role in the wound healing process was reported previously by numerous

studies [68, 71, 75–77, 79, 209, 295–297]. The inhibitor assay confirmed the specificity of the

TGFα-induced response, showing that the effect is EGFR-dependent (Fig 5.10). Surprisingly,

similar blocking effect was not detected for the EGF-induced chemotaxis. It is possible that

the chosen concentration of the EGFR antibody was too low to ensure complete blocking of the

EGF signalling. Previously, the inhibitors applied at the same concentrations were shown to

perturb the EGF-mediated chemotaxis of breast cancer cells MDA-MB-231 in 3D collagen [211].

It was also reported that the kinetics and affinity of EGF binding to EGFR varies greatly in

different cell types [298], and various cell lines show distinct sensitivity to inhibitors of EGFR-

dependent cell growth [299]. Thus, it is possible that higher concentrations of the inhibitors

are needed to block the EGF signalling in keratinocytes, than in MDA-MB-231 cells.

EGFR signalling activates several cell processes, including cell proliferation and motility; and

is vital for effective healing of wounds [294]. Furthermore, inhibition of EGFR in vivo leads

to significant delay in wound closure [300, 301]. However, the results presented in this thesis

showed several differences in the way how EGF and TGFα stimulate nHEK chemotaxis. For

example, EGF-induced response was dose-dependent, and significantly reduced on the back-
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ground of CM (Fig 5.6). Besides, the response of the factors to the inhibitor tyrphostin and

the EGFR-antibody was also unlike (Fig 5.10). In spite of the structural similarity of EGF

and TGFα [297, 302, 303], the two factors were described to activate EGFR in distinct ways,

and to trigger different downstream signals [76, 295, 304, 305]. EGFR, also named ErbB-1,2 is

a transmembrane receptor with intracellular tyrosine-kinase activity (RTK). Binding of a ligand

leads to dimerisation of the receptor, and phosphorylation of its intracellular domains. EGFR

can form homodimers or heterodimers (with other related receptors of the ErbB family) that

propagate the downstream signal transduction in distinct ways [306]. The function selectivity

of EGF and TGFα is attributed to their different preference to the receptor dimers; i.e., distinct

EGFR heterodimers are formed upon binding the ligands [307]. Therefore, the differences in the

chemotactic response, and sensitivity to the EGFR inhibition observed here could be another

manifestation of this phenomenon.

Intriguing is also the unlike chemotactic behaviour of nHEKs in basal and complete medium.

Next to EGF, cells in gradients of BPE and TGFβ also reacted differently in BM and CM

(Fig 5.6). The hypothesis that the increased cell proliferation in complete medium could mask or

bias the effect of directed migration was, however, incorrect. The result of a control experiment

in which the cell growth was inhibited with MMC did not show any significant difference

between the chemotactic response of normally proliferating and MMC-treated cells in either

media (Fig 5.8). Therefore, it is likely that some factor present in the background medium

(e.g., insulin, or BPE, which are both contained in the CM) biases the chemotactic effect rather

by affecting the cell migratory behaviour than the cell growth.

Insulin has been previously reported as a potent promoter of keratinocyte migration and pro-

liferation [51, 75, 308]. It is possible that the insulin-induced random migration (chemokinesis)

interferes with the effect of the directed motion in the migration arena assay. Indeed, in the ex-

periment analysing chemotactic behaviour of nHEK cells exposed to the gradients of combined

GFs, insulin decreased the EGF-induced chemotactic response (Fig 5.9). The same effect on

EGF-induced chemotaxis had TGFβ. Furthermore, combination of insulin and TGFβ induced

negative chemotactic response in BM, although none of these factors alone induced directed

migration of nHEKs in BM. However, the gradient of TGFβ in CM (i.e., in the presence of low

concentration of insulin in the background), also resulted in negative chemotaxis. The role of

TGFβ in epithelial cell behaviour still remains rather unexplained; conflicting reports on the

TGFβ effect on keratinocytes span from stimulation of cell migration, to the terminal differen-

tiation of the cells [30,68,78,309–311]. Nevertheless, to my knowledge, no previous studies can

explain the observed negative chemotactic activity of TGFβ in combination with insulin.

All these results taken together demonstrate that GFs affect cell migration in distinct ways,

and that the interplay of signalling of the respective GFs can both mask, or enhance chemo-

2The name is derived from the homologous viral oncogene, the erythroblastic leukaemia viral oncogene.
The ErbB receptor family comprises in humans of four members; EGFR (ErbB-1), and HER2-4
(ErbB2-4) [306].
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tactic response. This has to be acknowledged in in vivo studies. Also, these results suggest

that testing chemotaxis in vitro on the background of basal medium can improve the assay

sensitivity. This conclusion support recent findings of Biswenger et al. [211] that show that the

standard µ-Slide Chemotaxis assay is more sensitive when EGF-induced chemotaxis of cancer

cells MDA-MB-231 is investigated in a defined, serum-free medium.

To conclude, the results of the experiments presented in this chapter show that directed

migration of primary keratinocytes can be induced independently of mechanical stimuli, and

confirm the chemotactic activity of the EGFR ligands EGF and TGFα towards these cells. The

quantitative measurements of the chemotactic response parameters, such as chemoattractant

concentration, and time progression of cell response, provide a basis for establishment of a che-

motaxis model for studying the directed migration of epithelial cells. Further characterisation

of the behaviour of chemotaxing KCs and investigation of their responsiveness to various stim-

uli during a chemically guided migration could contribute to a better understanding of KCs

regulation in wound healing and mechanisms underlying skin reepithelisation.

97





6 Combined assays for studying single cell

behaviour in response to chemical gradients

with advanced microscopy techniques:

Results and Discussion

In this chapter, experimental procedures are outlined that enable an in-depth investigation of

slow moving cells migrating in long-term chemical gradients, using advanced microscopy tech-

niques. The population based analysis of chemotactic response with the end-point chemotaxis

assay that was presented in the previous chapters enables the identification of parameters that

induce a chemotactic response. These findings provided the fundamental information needed

for a follow-up detailed analysis of the migratory behaviour on single cell level. In this part

of the work, the focus was set on the development of chemotaxis tools suited for two advan-

ced imaging methods; the traction force microscopy (TFM), and the light-sheet fluorescence

microscopy (LSFM). Where applicable, preliminary experiments were performed to compare

the behaviour of slow moving cells in chemotactic, and chemokinetic conditions. At the end

of the chapter, the developed experimental procedures and limitations regarding the employed

techniques will be discussed, outlining further aims and possible applications of the chemotaxis

tools.

6.1 Chemotaxis chamber for Traction Force Microscopy

In order to measure the traction forces of slow moving cells responding to a chemical gradient,

a chemotaxis chamber (sticky-Slide Chemotaxis) was equipped with a soft, elastic substrate

decorated with fluorescent nano-beads (Fig 6.1). The beads serve as markers of displacement of

the substrate surface that occurs as a result of the applied cell forces. Based on the displacement

of the beads, the traction forces can be estimated. The goal of this work was to optimise the

fabrication of the TFM-substrates for an assembly with the chemotaxis chamber. The resulting

TFM/chemotaxis tool was then employed for observing the forces of normal human epithelial

keratinocytes (nHEK) in a gradient, or in an uniform concentration of a chemoattractant.
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6.1.1 Fabrication of the TFM/chemotaxis chamber

To prepare the TFM substrate, a glass coverslip was overlaid with a soft polydimethoxysilan

(PDMS) elastomer. By altering the ratio of the cross-linker to the polymer, the stiffness of the

elastomer can be defined. The rigidity of the substrate was chosen in respect to the cell type

under study and the typical amplitude of forces that they impose on the substrate. For the

experiments with the keratinocytes, substrates of 10 kPa were utilised. The chosen stiffness is

close to the Young’s modulus of a basal membrane; i.e., mimics the natural habitat of kerati-

nocytes [312]. An 80 µm high layer of PDMS was grafted by spin-coating on a glass coverslip

of the size of the chemotaxis slide, as described in Chapter 3.2.7. The method parameters were

optimised to generate a perfectly flat surface. This was important in order to ensure a con-

formal contact with the chemotaxis chamber, since a buckled elastomer surface could lead to

leakage of the reservoirs, or blocking of the narrow chemotaxis channel. Besides, for successful

measurement of the beads displacement, it is required that the beads on the substrate surface

are in one focus plane.

After curing the PDMS-coated substrates, fluorescent nanobeads were covalently coupled to

the top of the elastomer, following a protocol based on EDC/NHS (ethyl-dimethyl- aminopro-

pylcarbodiimide and N-hydroxy-succinimide) coupling chemistry. The experimental details are

described in Chapter 3.2.7. Finally, the bead-decorated TFM substrate was carefully assembled

with the sticky-Slide Chemotaxis chamber (Fig 6.1A).

Figure 6.1: A. Scheme of the chemotaxis slide with a TFM-substrate. A layer of a soft PDMS
elastomer was spincoated on a glass coverslip. Subsequently, the substrate was silanised and
crimson fluorescent beads were covalently coupled to the surface, utilising the EDC/NHS chem-
istry. The sticky-Slide Chemotaxis chamber was mounted to the substrate. B. The merged
image shows a phase -contrast micrograph of a nHEK cell in the chemotaxis channel, migrating
over the TFM substrate (fluorescent beads in red). Scale bar = 10 µm.
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6.1.2 Traction forces of keratinocytes during chemotaxis and chemokinesis

nHEK cells were loaded in a fibronectin-coated channel of the TFM/chemotaxis chamber in

a low density to enable observation of individual cell bodies. A chemical gradient was generated

by filling the reservoirs of the chemotaxis chamber with chemoattractant solutions of different

concentration (0 and 10 ng/ml TGFα , respectively). The cell forces were measured after several

hours of cell migration in the established gradient, as described in Chapter 3.2.7. The cells and

the related beads displacement on the stressed surface were recorded by time-lapse fluorescence

microscopy for 60 min. Afterwards, the cells were removed from the substrate by trypsinisation,

and reference images of bead distributions on relaxed substrates were taken.

Cell morphology and spatio-temporal distribution of forces

In a set of preliminary experiments, the traction forces were analysed for 26 cells exposed to

a gradient of TGFα,1 and for 24 cells in an uniform concentration of the chemoattractant.

These conditions represent chemotactic, and chemokinetic environments, respectively. In the

gradient, 70% of the cells polarised in the direction towards the increasing concentration of the

chemoattractant; whereas the cells in the uniform environment migrated randomly in all direc-

tions, or were changing the course over the duration of the experiment. Cells with two distinct

morphologies could be detected: fan-shaped cells (as the cell depicted in Fig 6.1B); or pro-

longed, tear-shaped cells, with a ruffling lamellipodium at the front, and a long uropod. These

are typical shapes of migrating keratinocytes, where the fan-like morphology is characteristic

for cells that move persistently in one set direction, whereas the prolonged shape indicates cells

that are in course of re-polarising and changing the direction of migration [313]. Consistently,

the fraction of the fan-shaped cells was larger in the chemotactic conditions (62%) compared

to the chemically uniform environment (21%; Fig 6.2A).

The distribution of the applied traction forces depended on the cell shape: in the fan-shaped

cells, two focal regions of force generation were observed, one under each flank of the fan, both

directed towards the centre of the cell (Fig 6.2B). In the prolonged cells, the forces appeared

mainly under the front lamellipodium, aiming inward; with a second focal at the rear of the

cell. Similar distribution of cell forces was observed previously in fibroblasts; i.e., cells that also

have a prolonged morphology [85]. Thus, in the fan-shaped cells, the principal traction vector

is orthogonal to the direction of movement; whereas in the tear-shaped cells, it is parallel with

the cell polarisation axis (Fig 6.2B).

1TGFα has a chemotactic activity towards nHEK cells, as showed the results of the analysis of nHEK
chemotaxis presented in Chapter 5.

101



Figure 6.2: Cell morphology and distribution of forces. A. The cells observed in the
TFM/chemotaxis chambers were either fan-shaped and persistently migrating, or prolonged
(tear-shaped) and less motile. In the chemotactic conditions, more cells showed the fan-shaped
morphology, than in the uniform concentration of the chemoattractant (chemokinesis). B. The
heat-maps show the traction forces generated by the fan-shaped cells (left panel), and the pro-
longed cells (right panel), either in a gradient of TGFα (upper row; the direction of the gradient
is indicated by the black triangles), or in uniform conditions (lower row). The black arrows
indicate the direction of cell migration; red arrows represent the traction forces; force dipole as
defined in [277] is depicted in magenta.

However, the analysis of the distribution and magnitude of the forces did not show any

statistically significant differences in gradient and in uniform concentration of TGFα. The

graphs in Figure 6.3 show an expectable larger variance of the forces in the randomly migrating

cells. Also, the magnitude of mean forces generated by the chemotaxing cells remained constant

over the time of the experiment, whereas in the cells undergoing chemokinesis, the mean of the

contractile forces as well as its standard deviation slightly increased over time (Fig 6.3B).
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Figure 6.3: Contractile forces generated by nHEK cells in chemotaxis and chemokinesis. Cells
in a gradient (chemotaxis, magenta), and in a uniform concentration of TGFα (chemokinesis,
blue) migrating in the TFM/chemotaxis chamber were recorded for 60 min with an 1 min
time-lapse interval. Afterwards, the cells were trypsinised and a reference image of the relaxed
TFM substrate was taken. The bead displacement was measured, and the traction forces were
computed as detailed in Section 3.2.7. A. The graph shows mean sum of cell forces over the
whole duration of the experiment, ± SD. The triangles and bullets represent mean sum of
contractile forces of single cells in a gradient or an uniform environment, respectively. B. The
graphs on right show the development of the mean forces of all observed cells over time, ± SD.
The traction forces were analysed for 26 single cells exposed to a chemical gradient (chemotaxis),
and for 24 cells migrating through a chemically uniform environment (chemokinesis).
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6.2 Chemotaxis set-up for Light-sheet Fluorescence Microscopy

Given the decreased illumination stress imposed on the cells under study, and a good optical

sectioning capacity, the Light-sheet Fluorescence Microscopy (LSFM) is a suitable imaging

method for a long-term visualisation of fluorescently labelled slow moving cells within a 3D

environment. Here, a protocol was established to apply a gradient on LSFM samples using

the commercial Zeiss Lightsheet Z.1 microscope. In this platform, the sample holder is located

on the top of the imaging chamber. The specimen is placed vertically in a medium-filled

sample chamber and illuminated from side with the laser light-sheet; i.e., orthogonally from the

direction of signal detection. Typically, the tissue sample is embedded in a cylinder of a soft

transparent 3D gel; e.g., agarose, which is extruded from a glass capillary that hangs from the

sample holder from above the chamber. Alternatively, it is also possible to place a low-volume

syringe in the sample holder.

To enable a detailed investigation of the spatio-temporal chemotactic behaviour of the fibro-

sarcoma cells HT1080 in a 3D collagen matrix, a special sample container— a LSFM chemo-

taxis chamber—was constructed. The intention was to isolate the sample from the immersion

medium, in order to maintain a defined chemical environment (i.e., the chemoattractant gra-

dient) across the sample. For that purpose, tubes from fluorinated ethylene propylene (FEP)

were used. The material was chosen for its refractive index which is similar to the one of water;

thus, the FEP tubes submerged in the medium-filled sample chamber are virtually invisible and

do not disturb the illumination and detection of the enclosed sample.

6.2.1 FEP chamber for generation of a chemical gradient

An experimental procedure was established for generating a long-term stable chemical gradient

across a LSFM sample inside of the FEP container. The sample preparation and experimental

details are described in detail in Chapter 3.2.8. The collagen matrix embedding the studied

cells was loaded in the FEP tubes, and after polymerisation of the matrix, one end of the FEP

tube was fixed to a syringe containing a chemoattractant solution (10 % FBS). Then, the other

end of the tube was submerged in a vessel filled with chemoattractant-free medium (Fig 6.4A).

This way, the FEP tube represented a low volume bridge between two vast reservoirs, in which

a stable, diffusion-based gradient was formed within several hours (see Chapter 2.3.1).

In order to verify the stability of the gradient formed across the samples in the FEP tubes,

the tubes were loaded with collagen matrix, and the source reservoir (i.e., the syringe) was filled

with a fluorophore solution. The fluorophore was allowed to diffuse into the sample for 20 h.

Afterwards, the fluorescence signal was measured at multiple positions across the sample. The

graph in Fig 6.4C shows that a linear gradient was generated across the FEP container.
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Figure 6.4: Visualisation of the gradient formed across a 3D collagen sample in the FEP tube.
A. Schematic of the experimental set-up. The FEP tube with the sample embedded in a 3D
matrix was fixed to a syringe filled with a chemoattractant (source reservoir). The other end
of the sample was submerged in a chemoattractant-free medium (sink reservoir). Due to the
diffusion between the reservoirs, a linear gradient was generated across the FEP tube. B. The
photograph depict the gradient formed across the sample visualised with a blue food colouring.
C. The graph shows the gradient of AlexaFluor 488 visualised by the light-sheet fluorescence
microscopy. The source syringe was filled with 10 µM solution of the fluorophore and the
fluorescence signal in the 3D collagen matrix in the FEP tube was measured 20 hours after
fixing the tube to the syringe. A sequence of fluorescent images was taken from the top of the
FEP tube to the bottom of the sample with a 300 µm interval inside of the collagen gel, in
ten parallel Z-planes (with 2 µm step). The grey value of each frame was measured with the
ImageJ software. The grey values of different Z-planes are depicted as staggered circles; the
green line connects the mean grey values of the Z-stack. The black line represent the linear
regression of the data.

The FEP tubes with cells embedded in collagen I matrix were incubated in the gradient set-

up for 20 hours in a cell culture incubator to ensure that the gradient was established over the

whole sample before starting the LSFM experiment. Then, the syringe with the FEP tube was

mounted into the LSFM sample holder and the tube was submerged into the medium-containing

LSFM chamber, which at that point represented the sink reservoir of the chemotaxis chamber.

For visualising cell behaviour in the FEP containers a HT1080 cell line was used, being tran-

siently labelled with the fluorescent protein LifeAct-GFP2. The fluorescent signal linked to

the actin cytoskeleton was detectable inside of the FEP tube, qualifying FEP to be a suitable

material which does not compromise the imaging quality of the method (Fig 6.5).

However, several complications were experienced when establishing the LSFM chemotaxis

probes. First of all, the 3D collagen matrix within the FEP tubes was unstable and tended to

105



Figure 6.5: LifeAct-GFP2 HT1080 cells in 3D collagen matrix. A. The micrograph shows
a maximal projection of a LifeAct-GFP2 HT1080 cell embedded in collagen matrix in the
FEP chemotaxis chamber, visualised by LSFM. Actin cytoskeleton is depicted in green, scale
bar = 10 µm. B. Time-lapse sequence of a HT1080 cell moving through the matrix by cyclically
contracting the rear end (20 min), and protruding filopodia at the front (60 min). Scale bar =
10 µm.

shrink. FEP is a highly inert, non-adhesive material. Therefore, the cell-containing collagen

pillar could not attach to its surface. Rather, the collagen matrix floated in the tube, as a net

with free ends. Therefore, as a result of the traction forces applied by the the cells on the

collagen fibres, the gel shrank as the fibres were pulled under the cell bodies. Thus, the cells

were unable to effectively migrate; they extracted long branched filopodia along the collagen

fibres, but since the fibres were not stabilised, the traction forces could not be transformed into

propulsion (Fig 6.6A). Instead, the cells eventually pulled the collagen network into a shrunk

bundle that was floating in the middle of the tube (Fig 6.6B).

A possible solution to this problem was providing an anchorage for the collagen pillar by

placing short pieces of a glass capillary at the ends of the FEP tube. The stabilisation of the

collagen network at the ends of the tubes was sufficient to provide a stable matrix for the cell

migration (Fig 6.6C).

Furthermore, the locomotion and viability of the cells enclosed in the FEP tubes was in

general impaired. The decreased cell survival was presumably caused by ineffective oxygen

diffusion in the sample container, resulting in hypoxic stress to the cells. The aeration of

the sample could be improved by penetrating the ends parts of the FEP container with small

“ventilation gaps”. Thereby, the survival of cells was partially recovered. Nevertheless, this

only enabled observation of the migration in a small number of cells in the vicinity of the

gaps. For a more profound analysis of the cell behaviour within the gradient conditions further

optimisations of the experimental procedure would be beneficial.
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Figure 6.6: Stabilisation of the collagen matrix in the FEP container. A. In the seminal ex-
periments the cells protracted long, thin filopodia, mostly aligned with the gradient direction,
but were unable to move through the matrix; as the cell depicted in the time-lapse sequence.
B. The micrograph shows the LifeAct-GFP2 HT1080 that pulled the fibres of the collagen
matrix creating a thin pillar inside of the FEP container. C. The micrograph on left shows the
collagen matrix floating freely in the FEP container. On right, the matrix was stabilised in the
container by placing pieces of glass capillaries at the end of the FEP tube, which provided the
necessary anchorage for the collagen fibres. All scale bars represent 10 µm.

6.3 Discussion

6.3.1 TFM/chemotaxis assay

On the fabrication of the TFM substrates

In this part of this study, the fabrication protocol for TFM substrates was optimised to yield

a substrate suitable for the chemotaxis tool. For that purpose, a glass coverslip was spin-coated

with a soft PDMS elastomer, and subsequently fluorescent beads were covalently coupled to the

surface. The combination of these two methods guaranteed the formation of an elastomeric layer

with a perfectly flat surface that did not bend at the bottom of the chemotaxis chamber, and all

beads below the migrating cell being in one focal plane. Other methods that are routinely used

to decorate the elastomeric substrates for TFM with the fluorescent beads include physisorption

of the beads to the surface, or embedding the beads in the upper layer of the elastomer. They can

be either in a random pattern by simple mixing the beads with the pre-polymerised elastomer,

or in a regular grid, using a structured wafer (i.e., soft lithography). Alternatively, a regular

pattern of micro-structures (e.g., micro-pillars) can be employed to monitor the deformations of

the substrate [87]. In contrast to these methods, coupling the beads covalently to the elastomeric
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substrate has several advantages. First being that all coupled beads are in one microscopic focal

plane on top of the substrate, rather than embedded within the elastomer—which facilitates

the imaging of the beads and subsequent measurement of their displacement fields, and traction

forces. Besides, the fabrication protocol is significantly simpler than protocols based on soft

lithography. In contrast to physisorption, covalently coupled beads are firmly fixed to the

substrate, and thus can not be removed and digested by cells, which is what often happens

with physisorbed beads. The stability of the covalent bonding also simplifies the manipulation

with the substrates during the assembly of the TFM/chemotaxis chamber.

On the analysis of the forces generated by chemotaxing nHEK cells

In this study, the TFM/chemotaxis chambers were applied to examine the traction forces of

nHEK cells in respect to gradual, or homogeneous chemical conditions. The preliminary data

showed that the cells retain morphologies and distribution of forces that are consistent with

previously published results on traction forces exerted by these cells in uniform chemical envi-

ronments [313]. However, no significant changes were observed in the forces of cells that were

exposed to a chemotactic cue.

A previous analysis of traction forces in chemotaxing fast moving cells showed that the

effect of the chemically imposed directionality on force generation depends on the mechani-

cal properties of the substrates [88]. Thus, it would be interesting to investigate in further

TFM/chemotaxis experiments, whether the relation of the forces and the direction of the mi-

gration in slow moving cells is affected in a similar manner by modulating the rigidity of the

substrate. Such experiments that expose the cells to precisely controlled, both chemical and

mechanical cues could contribute to our understanding of the interplay between the properties

of the ECM and cytoskeletal architecture, and the related cell forces. While the complexity

of in vivo environments induces a large variability in the cell behaviour, an assay combining

several precisely tunable parameters would make it possible to determine the effect of each

specific environmental cue on cell behaviour, which is necessary in order to build a complete

picture of the cell-ECM interactions [314].

In the experiments presented in this thesis, the exposure of cells to a chemotactic stimuli

led to inducement of a persistent polarisation and migration in a larger fraction of cells, when

compared to samples where TGFα was applied uniformly. Thus, the TFM/chemotaxis chamber

could be used as an in vitro tool to define the chemical parameters of the environment in order

to impose a persistent polarisation in a pre-determined direction, and to unify the course of

migration in the studied cells. Furthermore, the microfluidic chamber could be further combined

with a substrate functionalised with adhesive surface patterns, in order to control the topological

cues, and the density of cell-matrix adhesions (i.e., the loci of mechanotrasduction [84]).
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6.3.2 Light-sheet microscopy

In order to study the long-term dynamics of directional cell migration using the LSFM, a pro-

tocol for sample preparation was developed in this thesis that makes it possible to expose the

studied cells or tissues to a long-term stable chemical gradient. Visualisation of diffusion of

a fluorescent dye through the matrix confirmed that using the presented technique, a linear

gradient was generated over the sample (Fig 6.4). To construct the chemotaxis chambers for

LSFM, FEP tubes were employed as a material that is index matched to the surrounding liquid

and allows observing the sample. In agreement with previously reported studies that utilised

FEP tubes for mounting LSFM samples [95,98,99], FEP proved to be an apposite material for

that purpose, enabling to enclose the sample and isolate it from the surrounding environment,

yet not disturbing the imaging quality of LSFM.

However, two major complications arose in this experimental set-up. First, being a highly

inert and non-adhesive material, the FEP could not provide any anchorage for the collagen

matrix with the cells of interest embedded. Due to the interaction between the cells and the

matrix, and the forces applied by the migrating cells on the collagen fibres, the matrix net-

work needs to be stabilised inside of the chemotaxis chamber, so that an effective cell migration

through the gel is enabled.2 In the other published works on FEP tubes utilised as sample hold-

ers for LSFM, only immobile samples (i.e., plant seedlings [98, 99], or zebrafish embryos [95])

embedded in a stub of solid agarose were studied. For the purpose of examining cell migration

through a matrix that interacts with the cells, the non-adhesive nature of the FEP tube poses

a difficulty. It was possible to overcome this problem by stabilising the matrix with glass ex-

tensions of the FEP chemotaxis chamber that provided the necessary anchorage of the collagen

network; however such solution also substantially complicated the sample preparation proce-

dure. Besides, the low oxygen permeability of the FEP/glass chemotaxis chamber resulted in

an overall low viability of the cells, presumably due to the imposed hypoxic stress. Ovecka et

al. presented an “open sample system” that permits the aeration of the samples of later de-

velopmental stages of plant seedlings [98]. However, in the chemotaxis set-up developed in this

thesis, the attempts of improving the gas exchange in the chamber must not compromise the

integrity of the chemical gradient across the sample. This proved to be a major complication for

this work. In the preliminary tests, commercially available FEP tubes with rather thick walls

(0.8 mm) were used. Using tubes or chambers fabricated from thinner layers of FEP, or other

material with higher oxygen permeability, could improve the gas exchange in the chemotaxis

chamber, not compromising cell viability.

2Similar problem with instability of the collagen matrix was encountered also in the end-point chemo-
taxis assay with the hydrogel migration arena presented in Chapter 4.2; see Figure 4.12.

109





7 Conclusions and outlook

In this thesis, a novel analytical tool for studying chemotaxis of slow-moving cells was estab-

lished. The basic idea of restricting the cell migration to a specific part of a microfluidic gradient

generator has proved suitable to enable a read-out based on the end-point state of the experi-

ment. The presented experiments show that this approach leads to a substantial simplification

of the evaluation process, compared to the existing assays. The evaluation of the chemotaxis

behaviour in the end-point assay is fast and effortless, making the platform well suited for

large-scaled studies, such as drug screening. This was demonstrated in the study of the role of

growth factors in the directed migration of epithelial cells. At the same time, the assay profits

from the features of the chosen gradient generator, which is tailored to provide reliable data

regarding the migration of both fast and slow moving cells, generating a long term stable, well

defined gradient, and allowing a microscopic observation of the cells. In future, the availability

of such an assay could contribute to a faster deciphering of the signalling events related to cell

migration and chemotaxis, with the ultimate goal of developing new therapeutic strategies in

fields such as wound healing or cancer treatment.

When establishing the end-point assay, limitations were encountered posed by the low volume

and specific geometry of the microfluidic chemotaxis chamber, which are crucial characteristics

for the correct function of the tool. At the end, the photolithographical fabrication of hydrogel

barriers, or “membranes”, which enclosed cells in a migration arena inside of the gradient region

of the microfluidic chamber, proved to be an appropriate strategy for achieving the first goal of

this thesis. The remaining drawback of this approach is the necessity to keep the chemotaxis

chambers stored wet to sustain the hydrogel structures intact. However, this is compensated

by the functionality, relative ease of fabrication, and the application versatility that this set-up

provides. Micro-structuring of the PEG4norb hydrogel in the chemotaxis chamber does not

require any specialised equipment than an illumination source and a photomask, and can be

performed in any standard cell biology laboratory. The 3D character of the confining arena

makes the platform suitable for investigation of cells in both 2D or 3D environment. This

provides the user with a highly versatile tool for cell migration studies, which can be prepared

by modification of a commercially available chemotaxis chamber.

In contrast to the standard bridge chemotaxis assays, the modified, end-point assay pro-

vides information on the chemotactic behaviour of the whole cell population, rather than single

cells [39,40,185,186]. One might argue that the analysis of trajectories of individual cells delivers
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a more detailed information on cell locomotion, especially where general migration parameters

are concerned, such as velocity, or directness of cell paths [39, 42]. However, the results of the

presented work show that the end-point assay provides reliable data on the chemotactic be-

haviour. Unlike another widely used end-point migration assay, the Boyden/transwell assay, it

can clearly discern between a chemotactic response (i.e., directed migration), and chemokinesis

(i.e., increase in random motility).

The capacity and relevance of the novel, population-based assay were demonstrated on the

study of the chemotactic behaviour of human keratinocytes in response to gradients of various

growth factors. The end-point approach made it possible to process a large data set, providing

an insight into the signalling events responsible for the directional response of these cells. The

effect of five various motogens was studied, all of them being previously reported to prompt

chemotaxis in epithelial cells [69, 71, 75–79]. The main goal of this work was to determine the

most potent conditions to induce directed migration in the nHEK cells, in order to establish

a chemotaxis model for epithelial cells that could be applied in further migration studies. In

these experiments, where the cells in contrast to the previous studies were exposed to defined

and long lasting gradients, the chemotactic potency of the EGFR ligands EGF and TGFα was

confirmed. The other agents, however, did not induce a directional response in the cells, or even

attenuated the effect of the identified chemoattractants (e.g., insulin; Chapter 5.2.2). These

results suggest a complex interplay of the signals. After identifying the suitable parameters

to actuate chemotaxis in nHEKs, the end-point assay was further employed to investigate the

underlying signalling events more closely in an experiment where the EGFR signalling was per-

turbed by inhibitors (Chapter 5.2.3). The results of this experiment confirmed the involvement

of the RTK receptor EGFR in the nHEK chemotactic response, and insinuated a disparity in

TGFα and EGF signalling.

Along these lines, the end-point assay can be in future applied to identify specific chemo-

attractants of various cell types, and then subsequently for the study of the interplay of the

signalling agents, in the direction of a more complex understanding of the molecular events

that underlay cell migration in general (i.e., not only chemotaxis). As such, given its simple

read-out, the assay could find application as a simple migration (2D) or invasion (3D) assay

for cells whose chemoattractants have already been identified, as was demonstrated in the ex-

periment with the EGFR inhibitors in this study. Here, the gradient only served as a mean

to prompt the directional response leading to the accumulation of the cells on one side of the

migration arena (COMD 6= 0), which is an easily discernible sign of both gradient sensing,

and a non-impaired motility. Perturbation of cell migration by a tested agent (e.g., an anti-

migratory drug) would naturally result in distortion of the observed chemotactic effect, and

could be identified from the distinct cell distribution (COMD ≈ 0). Although it is not pos-

sible to discern from the end-point state of such experiment whether motility in general, or

only gradient sensing (i.e., the directional response) was impaired, this could be determined by
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recording the cell behaviour in the migration arena over time, as the cells in the chemotaxis

chamber are accessible for microscopic observation during the whole duration of the experi-

ment. This was also demonstrated in the experiments evaluating the time-dependence of the

nHEK chemotactic response (Figures 5.4, 5.5). As already mentioned, this is a significant

advantage to the other existing end-point migration assays (e.g., Boyden/transwell). Such mi-

gration assay could find a wide user base in drug development, especially in the 3D set-up; i.e.,

as an invasion assay. The invasive capacity of cancer cells is the key hallmark of aggressive

metastatic tumours; invasion and metastasis being responsible for more than 90 % of mortality

in solid cancers. For that reason, the underlying migratory machinery came to the focus of

the field in the recent years, aiming towards new complementary anticancer therapies targeting

specifically metastatic and invasive cells (so called “migrastatics”, in contrast to cytotoxic and

anti-proliferative drugs [315–317]). However, this endeavour has been in most cases hampered

by the lack of readily available, robust, end-point invasion assays that would allow a direct

observation of the migrating cells [318,319].

As described above, the population based chemotaxis assay can provide the necessary basis

(i.e., identification of chemotaxis-inducing conditions) for a further, in-depth investigation of

chemotactic behaviour on a single cell level. Once a model of directed migration is established

for the cell type of interest, further questions might arise regarding the guided migration,

like: What is happening on the subcellular level, what are the similarities and discrepancies

in the processes that underlay cell migration in response to a chemically uniform or gradual

environment (e.g., in regard to dynamics of cytoskeleton, traction force generation, distribution

of signalling molecules)? How do cells react to, and interpret the manifold guidance cues; i.e.,

what is the interplay between chemical and mechanical signals that a cell migrating through

any physiological environment is simultaneously exposed to? To provide the means to address

such questions, the next aim of this thesis was to construct tools that could couple investigation

of chemotaxis with other parameters, using advanced imaging methods such as traction force

microscopy, or laser sheet fluorescence microscopy. In this part of the thesis, a chemotaxis

chamber combined with a substrate for traction force microscopy was introduced. With this

tool, a suitable chemoattractant gradient could be applied to actuate the directed migration of

the studied cells, while measuring their traction forces (Chapter 6.1). Although the preliminary

experiments with nHEK cells did not reveal any difference in the force generation in directly

and randomly migrating cells, literature suggests that there are differences in forces generated

by fast moving cells in response to changes in the chemical environment in relation to the

stiffness of the substrate [88]. It would be interesting to further investigate if this phenomenon

is specific for fast migrating cells, or is under some conditions discernible also in slow moving

cells.

Since the substrate stiffness of the TFM/chemotaxis chamber can be tuned, and the method

can be combined with fluorescent labelling of subcellular structures, the tool represents a plat-
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form where the dynamics of tension forces and cytoskeletal architecture during cell migration

can be observed and measured in a precisely, both chemically and mechanically defined envi-

ronment. This makes it possible to determine the cell response to each specific parameter. On

another note, the possibility to impose a unite direction of polarisation in the analysed cells in

the TFM/chemotaxis chamber, potentially by additionally micro-patterning the substrate with

defined adhesive patches, could help to simplify and automatise the analysis of cell behaviour.

To enable studying cellular processes in chemotaxing cells over long time periods in 3D en-

vironments without exposing the cells to a high illumination stress, a possible experimental

set-up for LSFM was outlined. A chemotaxis chamber was constructed that generates a stable

linear gradient, while the sample can be imaged with the commercial LSFM system from Zeiss.

However, a remaining challenge is to find a suitable strategy to improve the oxygenation of

the chamber. Then, a LSFM/chemotaxis chamber would make it possible to study the dynam-

ics of the cytoskeletal compartments of chemotaxing cells, and the ECM-matrix interactions.

Furthermore, the intracellular signalling pathways that participate in the chemotactic stimuli

transduction and the subsequent long-term directional response in living cells could be investi-

gated. Next to studying single cell migration in 3D environments, a set-up exposing a LSFM

sample to a chemical gradient could find its application also in many other fields of biological

research that operate with larger living samples, such as organoids, or even whole organisms,

since gradual chemical cues play an important role in many cellular processes (e.g., embryonic

development).

To conclude, the analytical tool introduced in this work provides a versatile platform for high-

throughput investigation of cell chemotaxis in both fast and slow moving cells; thus, offering

a mean for drug screening and clinical testing of therapeutics targeting the migratory apparatus

of cells, and in general for gathering the knowledge-base towards comprehension of the chemi-

cally stimulated processes underlying cell migration. The performed experiments help to gain

an insight into the chemical guidance of epithelial cells, a crucial player in wound healing and

related pathologies. The results further affirmed the importance of studying cell behaviour in

precisely defined environments, using tools that are tailored to the specific migration strategies

of given cell types.
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M. Keller, R. Förster, D. R. Critchley, R. Fässler, and M. Sixt, “Rapid leukocyte migration
by integrin-independent flowing and squeezing,” Nature, vol. 453, no. 7191, pp. 51–55,
2008.

[13] P. Friedl and K. Wolf, “Proteolytic interstitial cell migration: A five-step process,” Cancer
and Metastasis Reviews, vol. 28, no. 1-2, pp. 129–135, 2009.

[14] P. Friedl and K. Wolf, “Plasticity of cell migration: A multiscale tuning model,” Journal
of Cell Biology, vol. 188, no. 1, pp. 11–19, 2010.

[15] K. Wolf, M. Lindert, M. Krause, S. Alexander, J. te Riet, A. L. Willis, R. M. Hoffman,
C. G. Figdor, S. J. Weiss, and P. Friedl, “Physical limits of cell migration: Control
by ECM space and nuclear deformation and tuning by proteolysis and traction force,”
Journal of Cell Biology, vol. 201, no. 7, pp. 1069–1084, 2013.

115



[16] R. Bzymek, M. Horsthemke, K. Isfort, S. Mohr, K. Tjaden, C. Müller-Tidow,
M. Thomann, T. Schwerdtle, M. Bähler, A. Schwab, and P. J. Hanley, “Real-time two-
and three-dimensional imaging of monocyte motility and navigation on planar surfaces
and in collagen matrices: Roles of Rho,” Scientific Reports, vol. 6, no. 1, p. 25016, 2016.

[17] J. Condeelis and J. E. Segall, “Intravital imaging of cell movement in tumours,” Nature
Reviews Cancer, vol. 3, no. 12, pp. 921–930, 2003.

[18] W. J. Polacheck, I. K. Zervantonakis, and R. D. Kamm, “Tumor cell migration in complex
microenvironments,” Cellular and Molecular Life Sciences, vol. 70, no. 8, pp. 1335–1356,
2013.

[19] S. P. Singh, M. P. Schwartz, E. Y. Tokuda, Y. Luo, R. E. Rogers, M. Fujita, N. G.
Ahn, and K. S. Anseth, “A synthetic modular approach for modeling the role of the 3D
microenvironment in tumor progression,” Scientific Reports, vol. 5, p. 17814, 2015.

[20] K. A. Kyburz and K. S. Anseth, “Three-dimensional hMSC motility within peptide-
functionalized PEG-based hydrogels of varying adhesivity and crosslinking density,” Acta
Biomaterialia, vol. 9, no. 5, pp. 6381–6392, 2013.

[21] C. F. Buchanan, E. E. Voigt, C. S. Szot, J. W. Freeman, P. P. Vlachos, and M. N.
Rylander, “Three-Dimensional Microfluidic Collagen Hydrogels for Investigating Flow-
Mediated Tumor-Endothelial Signaling and Vascular Organization,” Tissue Engineering
Part C: Methods, vol. 20, no. 1, pp. 64–75, 2014.

[22] M. Kyung, M. H. Rich, J. Lee, and H. Kong, “A bio-inspired , microchanneled hydrogel
with controlled spacing of cell adhesion ligands regulates 3D spatial organization of cells
and tissue,” Biomaterials, vol. 58, pp. 26–34, 2015.

[23] M. B. Browning, B. Russell, J. Rivera, M. Höök, and E. M. Cosgriff-Hernandez, “Bioac-
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A. List of Abbreviations

µCP micro-contact printing

µFLP microfluidic patterning

2D two dimensional

3D three dimensional

ADP adenosine diphosphate

AF actin filaments

ATP adenosine triphosphate

BM basal medium

BPE bovine pituitary extract

cAMP cyclic adenosin monophosphate

CM complete medium

COM centre of mass

COMD centre of mass displacement

DNA deoxyribonucleic acid

ECM extracellular matrix

EDC ethyl-dimethyl-aminopropylcarbodiimide

EGF epithelial growth factor

FA, FAs focal adhesion, adhesions

F-actin filamentous actin polymer

FBS fetal bovine serum

FDA fluorescein diacetate

FEP fluorinated ethylene propylene

FITC fluorescein isothiocyanate

FMI forward migration indices

GAPs GTPase activating proteins

GDIs guanine nucleotide dissociation inhibitors

GDP guanosine diphosphate

GEFs guanosine nucleotide exchange factors

GF, GFs growth factor, factors

GPRC G-protein coupled receptor

GTP guanosine triphosphate

h hours

KC, KCs keratinocyte, keratinocytes

LAP lithium phenyl-2,4,6-trimethylbenzoylphosphinate
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LSFM light-sheet fluorescence microscopy

min minutes

MLC myosin light-chain

MMC mitomycin C

MMPs matrix metalloproteinases

nHEK, nHEKs normal human epithelial keratinocyte, keratinocytes

NHS N-hydroxy-succinimide

PDGF platelet-derived growth factor

PDMS polydimethylsiloxane

PEG polyethylene glycol

PEG4norb 4-arm polyethylene glycol norbornene

PEG8norb 8-arm polyethylene glycol norbornene

PEG-DT polyethylene glycol dithiol

PEG-DMA polyethylene glycol dimethylacrylate

PI propidium iodide

PI3K phosphoinositide 3-kinase

PIP3 phosphatidylinositol-3,4,5-phosphate

PLL poly-L-lysine

PTEN PIP3-regulating phosphatase

RGD arginin-glycin-aspartate peptide

RTK receptor tyrosine kinase

s seconds

SD standard deviation

SEM standard error of mean

TFM traction force microscopy

TGFα transforming growth factor alpha

TGFβ transforming growth factor beta

TKI tyrosine kinase inhibitor tyrphostin

UV ultraviolet
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DMEM, low glucose, 10x Sigma-Aldrich, St. Louis, MO, USA
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sodium dodecyl sulfate (SDS) Sigma-Aldrich, St. Louis, MO, USA

sodium hydroxide (NaOH) Carl Roth GmbH, Karlsruhe, Germany

Sulfo-Cyanine-3-azide Lumiprobe, Hannover, Germany

Sylgard 184 Silicone Elastomere Kit Dow Corning, Midland, MI, USA

transforming growth factor alpha part of DermaLife K Life-Factors kit, Lifeline Cell

Technology, Frederick, MD, USA

transforming growth factor beta Peprotech, Cranbury, NJ, USA

Trypsin Neutralizing Solution Lifeline Cell Technology, Frederick, MD, USA

trypsin-EDTA (0.5%, 10x, no phenol red) Gibco, Carlsbad, CA, USA

tyrphostin AG-1478 Sigma-Aldrich, St. Louis, MO, USA

ultra-pure water, ROTIPURANrp.a., ACS grade Carl Roth GmbH, Karlsruhe, Germany
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Cells Supplier

HT1080 (human, fibrosarcoma) DSMZ, Braunschweig, Germany

LifeAct-GFP2 HT1080 ibidi, Gräfelfing, Germany

nHEK (normal human epithelial keratinocytes) CellSystems, Troisdorf, Germany

Consumables Supplier

Cell+ tissue culture flasks Sarstedt, Nümbrecht, Germany

Culture Insert FulTrack ibidi, Gräfelfing, Germany

FEP tubes Bola S1815-04 Bohlender GmbH, Grünsfeld, Germany

glass coverslips 75x25 mm, thickness no. 0 (0.085-0.115 mm) Paul Marienfeld GmbH, Lauda-Königs-

hofen, Germany

LifterSlips, 22x25 mm, volume 13,02 µl Science Services, Munich, Germany

PCR-foil HJ-Bioanalytik GmbH, Erkelenz, Germany

polymer foil, uncoated, ibiTreat or BioInert, Coverslips for sticky-Slides ibidi, Gräfelfing, Germany

sticky-Slide Chemotaxis ibidi, Gräfelfing, Germany

µ-Slide Chemotaxis ibidi, Gräfelfing, Germany

Instruments Supplier

302 nm UV bench lamp, XX-series, 15 W VWR, Radnor, PA, USA

365 nm LED lamp KSL70/365 RappOpto Electronic GmbH, Hamburg,

Germany

quarz photomasks Compugraphics Jena, Jena, Germany

projector Panasonic PT-AH1000E Panasonic, Kadoma, Japan

EVOS fl inverted microscope AMG, Mill Creek, WA, USA

Nikon Eclipse Ti inverted microscope Nikon GmbH, Düsseldorf, Germany

Olympus CKX41 inverted microscope Olympus Scientific Solutions, Waltham,

MA, USA

Zeiss Axiovert 100 microscope ZEISS, Oberkochen, Germany

Zeiss Lightsheet Z.1 microscope ZEISS, Oberkochen, Germany

Stage Top Incubation System, Universal Fit, for 4 µ-Slides ibidi, Gräfelfing, Germany

cell culture CO2 incubator Heracell 150i ThermoFisher Scientific, Waltham, MA,

USA

vacuum pump ME 2 NT, 70 mbar vacuubrand, Wertheim, Germany

spincoater WS-650mz-23NPP Laurell, North Wales, PA, USA
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